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Key Players Involved in Bacterial Disulfide-Bond
Formation
Jacqueline T. Tan and James C. A. Bardwell*[a]


Protein Folding in the Cell


It has long been known that sufficient information for the cor-
rect folding of a protein is encoded in its amino acid se-
quence.[1] Although the information for the final fold of a pro-
tein is encoded in its primary sequence, other proteins have
been implicated in the folding process in vivo.[2] Some of these
proteins catalyze covalent interactions, such as disulfide-bond
formation, required for the proper folding of such substrates.
This review summarizes what is known about the catalysis of
disulfide-bond formation in prokaryotes.


Disulfide-Bond Formation


Disulfide bonds form between the thiol groups of cysteine resi-
dues. Disulfide bonds are widely found in many exported pro-
teins and contribute to the folding and stability of these pro-
teins.[3–5] In contrast, disulfide bonds are very rare in cytosolic
proteins. Occasionally they are formed transiently as part of
the catalytic mechanism or are used to regulate enzymatic ac-
tivity, but with rare exceptions, are not known to be used to
stabilize cytosolic proteins. An overall description of the reac-
tions that create (oxidize) or destroy (reduce) disulfide bonds
can be represented by the following general redox scheme:


R�SH þ R0�SH Ð R�S�S�R0 þ 2 e� þ 2Hþ ð1Þ


The forward direction of Equation (1) is an oxidation reaction
with respect to the thiols, and the reverse is a reduction reac-
tion with respect to the disulfide. The oxidation of thiols re-
quires an appropriate electron acceptor, and the reduction of a
disulfide requires an electron donor. In vivo, the ultimate elec-
tron acceptor for thiol oxidation is usually O2, except under
anaerobic conditions where a suitable anaerobic electron ac-
ceptor such as fumarate is used. The ultimate source of elec-
trons for disulfide reduction is usually NADPH.


In vivo, the oxidation, reduction, and isomerization of disul-
fides also involve multistep thiol–disulfide exchange reactions.
Within these reactions, disulfides are neither created nor de-
stroyed. Rather, they are transferred from one set of thiols to
another [Eq. (2)] .


R�S�S�R0 þ R00�SH Ð R�S�S�R00 þ R0�SH ð2Þ


When R’ and R’’ are on separate protein molecules, this reac-
tion is an intermolecular disulfide exchange reaction. If they
are on the same protein, this reaction is an intramolecular di-
sulfide exchange, also known as disulfide isomerization. Both


types of reactions occur in vivo. Disulfide isomerization reac-
tions are especially important in proteins that contain multiple
cysteine residues.
Mechanistically, the thiol–disulfide exchange occurs through


the nucleophilic attack by a deprotonated incoming thiolate
anion on one of the members of a disulfide; this displaces the
other member as a thiolate anion. Thiols with lower pKa values
will serve as better nucleophiles (will be more reactive) be-
cause they will be deprotonated at physiological pH. Similarly,
thiol–disulfide exchange will be enhanced if the leaving group
can stabilize the negative charge of the thiolate anion. To
occur to an appreciable extent, the exchange reaction should
occur down a redox gradient in which electrons are donated
from a molecule with a more negative to a more positive
redox potential.


Disulfide-Bond Formation in vivo


In eukaryotes, an enzyme known as protein disulfide isomerase
(PDI) is found in the endoplasmic reticulum (ER), and is respon-
sible for catalyzing disulfide-bond formation as well as disul-
fide-bond rearrangements. In prokaryotes like Escherichia coli,
enzymes such as thioredoxins (TrxA, TrxC) and glutaredoxins
(GrxA, GrxB, GrxC) exist that serve as disulfide reductants in
the cytoplasm. Herein, another group of proteins (DsbA, DsbB,
DsbC, DsbD, DsbE, DsbG) involved in disulfide-bond formation
or isomerization in prokaryotes will be reviewed.


DsbA, a Catalyst in Disulfide-Bond Formation


In vitro disulfide-bond formation is slow and susceptible to
mistakes, while the in vivo process is fast and precise.[6, 7] The
search for agents that catalyze disulfide-bond formation has
led to the discovery of DsbA by two separate groups.[8,9]


A genetic selection that made use of fusion of a cytoplasmic
protein b-galactosidase and an inner-membrane protein MalF
led to the identification of DsbA mutants.[8] Bardwell et al.
showed that DsbA mutants have a defect in in vivo disulfide-
bond formation in alkaline phosphatase, outer-membrane pro-
tein OmpA, or b-lactamase, and are resistant to M13 phage
due to a defect in F pilus assembly.[8] They described the non-
essential dsbA gene as coding for a 21 kDa periplasmic protein
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with a C30-P31-H32-C33 motif characteristic of the CXXC active
sites of the thiol–disulfide oxidoreductase family, which in-
cludes protein disulfide isomerase (PDI), thioredoxin, and gluta-
redoxin.[10,11] They found that DsbA is able to reduce the disul-
fide bonds of insulin, an activity characteristic of disulfide oxi-
doreductases. The results of this work show that DsbA is re-
quired for disulfide-bond formation in the cell.


Substrates of DsbA


Although dsbA is nonessential for cell viability, disulfide-bond
formation is crucial for the folding and stability of many secret-
ed proteins. Protein-folding studies with DsbA have shown
that DsbA stimulates disulfide-bond formation in in vitro-trans-
lated alkaline phosphatase as well as in denatured, reduced
alkaline phosphatase and bovine RNaseA.[12,13] Reduced DsbA
converts misfolded insulin-like growth factor I (IGF-I) to the
correctly folded version, and oxidized DsbA stimulates refold-
ing of reduced IGF-I.[14] Although DsbA has some isomerase ac-
tivity, this activity might be physiologically insignificant. Com-
parison studies with bovine pancreatic trypsin inhibitor (BPTI)
and a-lactalbumin as substrates show that its isomerase activi-
ty is much less than that of PDI.[15] Various groups have found
that DsbA forms the disulfide bond in extracellular pullula-
nase,[16] type IV pilus,[17] heat-labile enterotoxin,[18] and heat-
stable enterotoxins.[19,20] DsbA is required for formate-depend-
ant nitrite reduction and cytochrome c synthesis,[21] and the se-
cretion of STB, an extracellular heat-stable enterotoxin,[22] as
well as folding of Cu,Zn superoxide dismutase.[23] Our laborato-
ry has recently found ten substrates (DegP, PhoA, DppA, RNase
I, FlgI, HisJ, LivJ, FliC, YggN, YbeJ) for DsbA by 2D gel analy-
sis.[24] A number of the substrates we recovered coincide with
the potential DsbA substrates found in collaboration with the
Beckwith laboratory (OmpA, YodA, ZnuA, GltI, LivK, LivJ, DppA,
OppA, OstA/Imp, YedD, RcsF, YbjP, YibQ, YcdO).[25]


The detection of these latter substrates involved the use of
a mutation in DsbA that alters cis-Pro151. This mutant has the
unique ability to stabilize disulfides. This process is thought to
occur via formation of mixed disulfide complexes between
DsbA and its substrates. However, these complexes are difficult
to detect, probably because of their short-lived nature. Here
we show that it is possible to detect such covalent intermedi-
ates in vivo by a mutation in DsbA that alters cis-Pro151. Fur-
ther, this mutant allowed us to identify substrates of DsbA.
Alteration of the cis-proline residue, highly conserved among
thioredoxin superfamily members, might be useful for the
detection of substrates and intermediate complexes in other
systems.


DsbA Homologues


The Dsb system is widely distributed in many prokaryotic or-
ganisms. This highlights the importance of such enzymes in
the cell. The organisms in which DsbA orthologs were first
studied include Vibrio cholerae, Haemophilus influenzae, and Er-
winia chrysanthemi. TcpG (toxin coregulated pilus G) is a homo-
logue of DsbA in V. cholerae found to be required for secretion


of cholera toxin.[18,26,27] Por (periplasmic oxidoreductase), a
functional homologue of DsbA in H. influenzae, is required for
the assembly of cell envelope proteins involved in transforma-
tion.[28] DsbA of E. chrysanthemi is needed for full pectate lyase
and cellulase activities,[29] while DsbA of Shigella flexneri facili-
tates release of invasions into the external medium.[30] Bdb, a
secreted protein that can complement E. coli DsbA, is found in
the gram-positive bacterium Bacillus brevis,[31] while another
DsbA homologue is found in Azotobacter vinelandii.[32] Viru-
lence proteins, Yops, in Yersinia pestis, need to be secreted by
a secretion apparatus made of many proteins, one of which is
YscC, and DsbA is required for disulfide-bond formation in
YscC.[33] SrgA, a paralogue of DsbA in Salmonella enterica, is re-
quired for production of plasmid-encoded fimbriae.[34]


Properties of DsbA


To determine the basis for the oxidizing activity of DsbA, Yu et
al. mutagenized the two active site cysteines of DsbA of V.
cholerae and discovered that such mutations abolished assem-
bly of the pentameric complex of enterotoxin, thus concluding
that the cysteines are vital for the activity of DsbA.[35] The prop-
erties of these active site cysteines have been well studied in
E. coli. The apparent pKa of E. coli DsbA Cys30 is 3.5, a value
that is extremely low as compared to approximately 9 for that
of cysteines in unfolded peptides. The pKa of Cys33, in con-
trast, is abnormally high (>10).[36] Because thiolate ions are
active as the attacking species in thiol–disulfide exchange reac-
tions, the pKa of the cysteine is an important parameter for its
reactivity. The pKa of an amino acid characterizes the extent of
ionization at any pH, hence affecting its reactivity. The very
low pKa of Cys30 in the active site of DsbA means that it is
fully ionized over the entire physiological pH range and there-
fore is very reactive. This very low pKa of Cys30 also allows
DsbA to be involved in disulfide exchange reactions at acidic
pH at rates not very different from that at neutral pH. This
allows disulfide-bond formation to occur even when the bacte-
rium is living in an acidic medium.[15,37,38]


Factors Contributing to the Different Redox
Potentials of Members of the Thioredoxin
Family


The active site cysteines in DsbA are separated by two amino
acids, Pro31 and His32. Pro31 enhances the electrostatic inter-
action of the thiolate ion with the helix dipole,[39] while His32
electrostatically stabilizes the thiolate ion.[40,41] These two ef-
fects are important for fostering the low pKa of Cys30, and
making it so reactive. It was found that the fluorescence of the
Trp76 residue of DsbA increases threefold upon reduction of
the enzyme, and this characteristic was used to measure the
redox potential of DsbA.[42,43] What contributes to the different
redox potentials of members of the thioredoxin family? Why
does DsbA have a redox potential of �122 mV,[38, 42] which is so
much more oxidizing than that of thioredoxin (�270 mV)[44] or
PDI (�180 mV)?[45] It has been shown that changing the two
residues between the active site cysteines in the active site
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CXXC motif of thioredoxin-like proteins alters their redox po-
tentials accordingly. DsbA has a CPHC, thioredoxin has a CGPC,
and PDI has a CGHC active site. Substituting the two residues
between the cysteines for each other moves the redox poten-
tial in the direction from which the residues are from, making
a molecule more oxidizing when it has residues from a more
oxidizing protein and vice versa.[46–51] The replacements do not,
however, generate mutants with the exact same redox poten-
tials as the wildtype proteins. The redox potentials are there-
fore not entirely determined by the amino acid residues in the
active site. The two residues between the active site cysteines
were mutated, and it was found that the pKa of Cys30 increas-
es with increased severity of mutation affecting the activity of
DsbA, and that it varies in proportion to the oxidizing potential
of the mutants. The oxidizing power of wildtype DsbA and its
active-site mutants can be predicted just from considering the
pKas of the thiol groups involved.[52] In silico computation per-
formed by Warwicker and Gane showing matches between the
calculated pKas for the DsbA mutants and the actual measured
values, is added proof that researchers in this field understand
the molecular dynamics determining the pKa as well as the oxi-
dizing power of DsbA.[41] The abnormally low pKa of the active-
site Cys30 residue in DsbA thus is a major determinant of its
unusually oxidizing redox potential.
The highly oxidizing nature of DsbA can also be understood


by considering the unstable nature of its disulfide bond. It was
found that DsbA is destabilized by its disulfide bond, and that
reactivity with reduced glutathione (GSH) is 1000 times greater
than what is expected for a normal disulfide bond; this indi-
cates that DsbA is a strong oxidant with a highly reactive disul-
fide bond well suited for driving the formation of disulfides.[38]


The free energy of stabilization of oxidized and reduced DsbA
for the chloride-induced folding/unfolding transition was calcu-
lated, and it was found that the reduced form is more
stable.[53] However, rather than considering the oxidized form
to be specifically destabilized, it is easier to think of it in terms
of the reduced form as being stabilized. It has been shown
that His32 stabilizes reduced Cys30; the negative charge on
Cys30 could possibly be involved in stabilizing interactions
with His32 and the partial positive charges of the helix
dipole.[54] A study of mutant proteins in which His32 is altered
has shown that such substitutions increase the stability of oxi-
dized DsbA and that the increase in stability is probably due
to electrostatic effects.[52,55] The negatively charged tyrosine
substitution of His32 could, for example, interact with the par-
tial positive charge of the helix dipole, or tyrosine could form
stabilizing hydrophobic interactions with Phe36, a residue im-
plicated in substrate binding, forming part of the proposed
substrate binding groove.[55] It was suggested that the low pKa
of Cys30 that is dependent on the residues between the cys-
teines makes DsbA such an oxidizing catalyst.[52] Thus, the oxi-
dizing power of DsbA can be understood in simple electrostat-
ic terms.


Structure of DsbA


The structure of DsbA was solved to 2 M resolution,[56] later re-
fined to 1.7 M resolution.[40] The structure of DsbA resembles
that of thioredoxin even though the overall sequence homolo-
gy between the two proteins is low.[56] One additional differ-
ence is that there are 76 extra residues in DsbA that comprise
a helical domain inserted into the thioredoxin-like fold at posi-
tion 63. This causes the active site of DsbA to be flanked by
the thioredoxin (residues 1–62, 139–189) and helical domains
(residues 63–138; Figure 1). Cys30 is exposed and on the sur-
face of the molecule. Chemical modification of DsbA confirms
that only one of the two cysteine residues (Cys30) is exposed
and reactive, as only Cys30 can be modified in the absence of
denaturants.[38] The buried Cys33 can only react with Cys30
and affect its reactivity.[36] Replacement of Cys30 and/or Cys33
with alanines indicates that Cys30 alone is sufficient to allow
for a low level of catalysis of disulfide interchange reactions.[57]


It therefore appears that a strongly nucleophilic thiol group,
Cys30, and high reactivity of mixed disulfides between Cys30
and the substrate, are sufficient for disulfide interchange to
occur.
In comparison to the detailed knowledge available about


the structure and active site of DsbA, relatively little is known
about how transcription of dsbA is controlled. A study by


Figure 1. DsbA has two domains flanking the active site.[60] The thioredoxin
domain has a five-stranded b sheet and three a helices. The helical domain is
made up of four a helices and is inserted into the thioredoxin domain. The
active site, C30PHC33, is flanked by both domains. The active site cysteines,
Cys30 and Cys33, are modeled in sticks (sulfur : orange, nitrogen: blue). The
cysteine residues are located on the a1 helix.
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primer extension analysis indicated that the transcription of
dsbA originates either from the P1 promoter, located in the
distal portion of yihE, the gene preceding dsbA, or the P2 pro-
moter, located upstream of yihE.[58] The Cpx signal transduction
system, consisting of a sensor (CpxA) and a response regulator
(CpxR),[59] controls dsbA transcription.[60,61] Stimulation of dsbA
transcription by the Cpx system occurs at the P2 promoter,
which is upstream of yihE, and not the P1 promoter, located in
the distal portion of yihE.


DsbB, a Recycler of Functional Oxidized DsbA


DsbA needs to be reoxidized to donate its disulfide moiety to
proteins requiring them for folding. How is DsbA reoxidized to
its disulfide form? In vitro, spontaneous air oxidation of DsbA
occurs on the hour or day time scale, suggesting that this is
far too slow to be the in vivo reaction. DsbB, a 20 kDa cyto-
plasmic membrane protein that is required for the reoxidation
of DsbA has been identified by several groups independent-
ly.[62–64] DsbB mutants accumulate DsbA in a reduced form and
are hypersensitive to dithiothreitol (DTT).[64,62] The folding of
periplasmic phosphatases Agp and AppA requires DsbA.[65] A
Tn10 mutant that lacks agp, appA, and phoA expression dis-
played normal dsbA expression, and growth of the mutant in
the presence of 5 mm oxidized glutathione (GSSG) restored
appA expression.[66] The mutation, located at 26.2 min in E. coli,
is required for reoxidizing DsbA, and we now know this factor
to be DsbB.
DsbB has six cysteine residues, four of which (Cys41, Cys44,


Cys104, Cys130) are essential for its function.[67] The topology
of DsbB has been determined by the use of alkaline phospha-
tase fusions to DsbB. In this approach, alkaline phosphatase is
much more enzymatically active when fused to a periplasmic
region and less active when fused to a cytoplasmic domain of
a membrane protein. Results indicate that DsbB is an integral
membrane protein containing two periplasmic domains and
four transmembrane segments (Figure 2).[67] Its two pairs of es-
sential cysteine residues Cys41–Cys44 and Cys104–Cys130 are
located in the first and second periplasmic domains of DsbB,
respectively.


DsbB Reoxidizes DsbA


There is evidence that DsbA is oxidized by DsbB by initially
forming a mixed disulfide between Cys30 of DsbA and Cys104
of DsbB. Cys33 of DsbA attacks this disulfide to form Cys33�S�
S�Cys30 while leaving Cys104 and Cys130 of DsbB reduced
(Scheme 1). This regenerates the active oxidized form of
DsbA.[68, 69] A C33S mutant of DsbA leads to accumulation of
mixed-disulfide DsbB Cys104–DsbA Cys30 complexes, while a
DsbB C104S mutant fails to form such complexes, thus leading
to the proposal that DsbB Cys104–Cys130 directly reoxidizes
reduced DsbA.[68,69, 70] The oxidation of DsbA by Cys104–Cys130
of DsbB is then followed by an intramolecular disulfide transfer
from Cys41–Cys44.[70] Accumulation of reduced Cys104–Cys130
in a DsbB mutant where Cys41 and Cys44 have been replaced
with serines suggests that Cys41–Cys44 directly oxidizes re-


duced Cys104–Cys130.[71] The inability of C104S,C130S and
C104S DsbB mutants but the ability of C41S,C44S and C130S
DsbB mutants to form DsbA–DsbB complexes imply that C104
is required for the formation of mixed disulfides.[71] A very
recent study described the redox potential of Cys41–Cys44 of
DsbB to be �69 mV, and that of Cys104–Cys130 to be �186
mV.[72] It was found that the less oxidizing Cys104–Cys130 di-
sulfide bond is still able to exchange disulfides with DsbA that
has a redox potential of �122 mV. A model was thus put forth
whereby Cys104–Cys130 oxidizes reduced DsbA, and the elec-
trons get passed onto Cys41–Cys44, which then gets reoxi-
dized by ubiquinone, a far more oxidizing molecule with a
redox potential of ~100 mV.[73]


Figure 2. Predicted membrane topology of DsbB.[73] Essential cysteines (Cys41,
Cys44, Cys104, Cys130) are in bold circles while nonessential cysteines (Cys8,
Cys49) are in shaded circles. Q=quinone.


Scheme 1. Reoxidation of DsbA by DsbB. Reduced DsbA is reoxidized by the
Cys104–Cys130 disulfide of DsbB, thereby regenerating catalytically active DsbA
via a DsbA Cys30–DsbB Cys104 mixed disulfide (1, 2). Reduced Cys104–Cys130
of DsbB is reoxidized by the flow of electrons to Cys41–Cys44 of DsbB (3).
Reduced Cys41–Cys44 of DsbB is reoxidized by reducing a quinone (4), which
leaves fully oxidized DsbB ready for another round of DsbA reoxidation (1). Q,
quinone.
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DsbB is Reoxidized by Quinones


How is DsbB maintained in its oxidized state? Cells deprived of
protoheme, ubiquinone, and menaquinone accumulate DsbA
in its reduced state and DsbB in its DsbA–DsbB complex
state.[74] The Cys41–Cys44 disulfide of DsbB is resistant to re-
duction by DTT, but only in the presence of quinones or
heme.[71] This suggests that the respiratory chain plays a role in
keeping DsbB catalytically active, and that oxygen might be
the ultimate electron acceptor. Our laboratory showed that
DsbB-containing membranes reoxidize DsbA in an oxygen-
dependant manner.[75]


DsbB possesses a unique enzymatic activity: it uses the oxi-
dizing power of quinones to generate disulfides.[76] DsbB has
two substrates, DsbA and quinones. Experiments conducted in
our laboratory showed that components of the electron trans-
port chain reoxidize DsbB and serve as the immediate electron
acceptors of DsbB (Scheme 2).[77] DsbB transfers its electrons to
quinones present in the cytoplasmic membrane. Thus, ubiqui-
none is the major immediate donor of oxidizing power to
DsbB.[76] Ubiquinone is in turn reoxidized by terminal oxidases
such as cytochrome bd and bo oxidases that finally transfer
electrons to oxygen. Under anaerobic conditions, E. coli
switches its immediate electron acceptor from ubiquinone to
menaquinone, which is upregulated upon oxygen depletion.


Instead of cytochrome oxidases, anaerobic oxidases such as fu-
marate reductase serve to reoxidize menaquinone.[77]


Mutants in a highly conserved residue, Arg48 of DsbB, are
only partially active.[78] These mutants are defective in b-lacta-
mase oxidation under anaerobic but not under aerobic condi-
tions, and display a sevenfold increase in Km for ubiquinone
while retaining a wildtype Km for DsbA. These results suggest
that Arg48 of DsbB is directly or indirectly important for its in-
teraction with quinones. An interaction between DsbB and qui-
none was later shown by the ability of DsbB to reduce qui-
nones and that purified DsbB is bound to ubiquinone-40.[76]


The spectral properties of wildtype DsbB (purple) and DsbB
cysteine mutants (yellow) are very similar to those of quinhy-
drone charge-transfer complexes and oxidized quinone, re-
spectively.[79] Our laboratory proposed a model for the involve-
ment of quinones in the function of DsbB. DsbB is initially
bound to a reduced quinone. A second, transiently bound re-
duced quinone is replaced by an oxidized quinone from the
cellular quinone pool. The bound reduced quinone transfers
electrons to the oxidized transiently bound quinone, forming a
purple charge-transfer quinhydrone complex. When DsbB reox-
idizes DsbA, electrons are passed from the C-terminal dithiol to
the N-terminal cysteine residues, and subsequently to the
bound quinone. Inactive cysteine mutants of DsbB are locked
in the oxidized quinone state, therefore having their character-
istic yellow color, while active wildtype DsbB is able to transfer
disulfides and form the quinhydrone charge-transfer complex,
therefore bestowing a characteristic purple color upon the
protein.
In contrast to DsbA and DsbB, thioredoxin is a disulfide re-


ductase found in the cytoplasm. We have engineered a path-
way for the formation of disulfide bonds. By imposing evolu-
tionary pressure, we identified mutations that changed thiore-
doxin, which is a monomeric disulfide reductase, into a [2Fe-
2S]-bridged dimer capable of catalyzing O2-dependent sulf-
hydryl oxidation in vitro. Expression of the mutant protein in
E. coli with oxidizing cytoplasm and secretion through the Tat
pathway restored disulfide-bond formation in strains that
lacked the complete periplasmic oxidative machinery (DsbA
and DsbB). The evolution of [2Fe-2S] thioredoxin illustrates
how mutations within an existing scaffold can add a cofactor
and markedly change protein function. Such mutants require
both an iron–sulfur cluster and the CXXC motif for oxidative
protein folding. It appears that changing the structure of thio-
redoxin and allowing it to incorporate an iron–sulfur cluster,
has therefore converted a reductase into an oxidase.
Like dsbA, little is known about the regulation of dsbB ex-


pression. Two promoters of dsbB were found by primer exten-
sion analysis.[64] dsbB is transcribed predominantly from the P1
promoter, located 237 nucleotides upstream of the start codon
of dsbB, under normal conditions. Diminished transcription
from P1, but activated transcription from P2, located 40 nu-
cleotides upstream of dsbB, was observed in strains lacking
rpoH, katF, or lrp.[64] Heat-shock proteins are synthesized in in-
creased amounts when an organism is exposed to high tem-
peratures. Many of these heat-shock proteins are chaperones
or proteases, and aid in the refolding of proteins or elimination


Scheme 2. DsbA–DsbB pathway.[83] Electrons (e�) flow from newly synthesized
peptides in the periplasm to DsbA upon disulfide-bond formation, which allows
the formation of disulfide bonds for proper folding of the peptides. Reduced
DsbA is reoxidized by membrane-bound DsbB. Under aerobic conditions, DsbB
passes electrons to ubiquinone (U), and these electrons are ultimately trans-
ferred to oxygen (O2) by cytochrome oxidases. Under anaerobic conditions,
DsbB passes its electrons to menaquinone (M), which is then reoxidized by
anaerobic oxidases. The end result is reoxidized DsbB that is ready to undergo
another round of reoxidizing DsbA.
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of irreversibly damaged proteins.[80] The synthesis of heat-
shock proteins is activated by the transcriptional regulator s32,
a subunit of RNA polymerase, encoded by rpoH.[81] Stationary
phase increases the resistance of an organism to harmful con-
ditions by altering cellular composition and metabolism.[82] The
regulator of stationary phase transcription is sS,
which is encoded by katF.[83] The leucine-responsive
regulatory protein (Lrp) controls Ntr (nitrogen-regu-
lated response) gene expression. The Ntr response is
due to the limited nitrogen supply, which conse-
quently affects the expression of approximately 100
genes.[84] Missiakas et al. thus postulate that the P2
promoter is required for dsbB transcription under
stress conditions as null mutations in regulators of
the heat-shock response, the stationary phase gener-
al response, and amino acid starvation cause in-
creased transcription of dsbB from such a promot-
er.[64]


DsbC, a Disulfide Isomerase


Proteins with more than two cysteine residues have
the potential to form incorrect disulfide bonds. DsbC,
a soluble periplasmic protein, isomerizes incorrectly
paired cysteines.[85,86,87] Cys98 of DsbC forms a mixed
disulfide with an incorrectly paired cysteine (Scheme
3). This mixed disulfide is then resolved by either at-


tacking another cysteine in the misfolded protein, giving rise
to reduced DsbC and correctly paired cysteines, or attacking
Cys101 of DsbC, leading to oxidized DsbC and reduced cys-
teines in the polypeptide. The reduced cysteines are now
ready to be oxidized again, hopefully forming the correct disul-
fide bonds the second time around. RNase I, which has one
nonconsecutive disulfide moiety, has recently been shown by
our laboratory both in vivo and in vitro to be a substrate for
DsbC; this suggests that DsbC acts on substrates with noncon-
secutive disulfides.[24]


The structure of DsbC has been solved, showing DsbC to be
a V-shaped homodimer consisting of two thioredoxin-like folds
(Figure 3).[88] DsbC has two active site cysteines (C98GYC101) in
each monomer responsible for its activity.[89] The active sites
from each monomer face inwards toward a cleft thought to be


the substrate binding site.[88] Dimerization of the two mature
23.3 kDa monomers is required for the isomerase activity of
DsbC,[90] and protects the active sites from oxidation by
DsbB.[91] In our laboratory, a plasmid library of dsbC clones was
randomly mutagenized and transformed into a dsbA null
strain.[91] Mutants that could restore motility to a dsbA null
strain were selected. The monomeric DsbC G49R mutant, as
well as a DsbC variant consisting of just the thioredoxin
domain, are both able to complement a dsbA null for motility
and alkaline phosphatase activity. Such complementation is de-
pendent on the presence of DsbB. Monomeric DsbC acts as a
substrate for oxidation by DsbB. The dimerization of DsbC ap-
pears, therefore, to enable the separation of the isomerization
and oxidative pathways by preventing DsbB from oxidizing
DsbC.
The promoter for dsbC is regulated by sE.[92] The sE regulon


in E. coli is induced when there is an imbalance in outer mem-
brane protein synthesis[93] or when translocated polypeptides
are misfolded.[94] DsbC has been shown to exhibit chaperone
activity that promotes reactivation and suppresses aggregation
of denatured d-glyceraldehyde-3-phosphate dehydrogenase
(GAPDH).[95] Using simple unfolded peptides with one or two
cysteine residues, Darby et al. observed that the DsbC-peptide
mixed-disulfide complex is more stable than a disulfide bond
in an unfolded protein, and more stable than a DsbA-peptide
mixed-disulfide complex. This suggests that DsbC interacts
with peptides more strongly than DsbA does and might help
to explain the superior isomerase activity of DsbC.[96]


Scheme 3. DsbC isomerizes incorrectly formed disulfide bonds. The isomerase,
DsbC, forms a mixed disulfide with the substrate containing the aberrant disul-
fide bond, which allows the formation of the correct disulfide bond.[5]


Figure 3. DsbC is a homodimer.[94] Dimerization of the two monomeric units containing the
thioredoxin-like folds protects the active sites of DsbC from oxidation by DsbB.
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DsbD, a Recycler of Reduced DsbC, DsbE, and
DsbG


The dsbD gene was identified in screens for mutants deficient
in cytochrome c synthesis,[97] disulfide-bond formation in peri-
plasmic proteins,[98] or copper resistance.[99] DsbC and DsbG are
disulfide isomerases. DsbE (CcmG) keeps the cysteine residues
that coordinate the heme groups of cytochromes reduced.
Thus, DsbC, DsbE, and DsbG all need to be kept reduced to be
active. This is accomplished by DsbD, a 59 kDa integral inner-
membrane protein, by transferring electrons from cytoplasmic
NADPH (Scheme 4).[100–104] The electrons flow from NADPH to
thioredoxin reductase, and subsequently to thioredoxin.[105,106]


The electrons are then passed from thioredoxin to DsbD.[85]


This is in keeping with the overall function of thioredoxin,
which is to maintain cytoplasmic proteins in the reduced
form.[107–109] DsbD has three functionally separable domains: a
and g in the periplasm, and b in the membrane.[103,110] Each
domain has a pair of reactive cysteine residues, and electrons
flow from b to g (E0’=�241 mV) to a (E0’=�229 mV; Scheme
4).[102–104,111,110] The six conserved cysteine residues, one pair in
each periplasmic domain and the third pair in the transmem-
brane segment, have been shown by mutagenesis experiments
to be required for DsbD to maintain DsbC in its reduced
state.[101,102,112] The g domain is a thioredoxin-like domain that
acts as a middleman between the two other domains, specifi-
cally recognizing the a domain, and not interacting with DsbC
or DsbG.[110] The recent structure of the g domain solved to 1.9
M resolution implicates the hydrophobic residue, Val462, in the
C461XXC464 motif of the g domain to be important in recog-
nizing the a domain.[113]


DsbE, a Disulfide Bond Reductase


Missiakas and Raina[114] identified genes in addition to dsbA,
dsbB, dsbC, and dsbD that affect the sensitivity of E. coli to DTT.
One of these genes, dsbE, is thought to play a role in the re-
duction of cytochrome c.[115] DsbE is identical to ccmG, which
encodes for an inner-membrane protein involved in cyto-
chrome biosynthesis in E. coli and other bacteria such as Rho-
dobacter capsulatus, Rhizobium leguminosarum, Bradyrhizobium
japonicum, and Paracoccus denitrificans.[115–119] Maturation of cy-
tochrome c requires the reduction of two cysteine residues,
which is catalyzed by DsbE.[115, 120–122] DsbE/CcmG contains a
thioredoxin-like CXXC motif, with a standard redox potential of
�175[123] or �217 mV,[119] as determined by the respective
groups.


DsbG, a Paralogue of DsbC


The dsbG gene was identified as a suppressor of DTT sensitivity
in a dsbB� background.[124] DsbG is a 25.7 kDa periplasmic pro-
tein containing the conserved thioredoxin-like active site CXXC
motif (CPTC). DsbG is maintained in its reduced form by
DsbD.[125] Overproduction of DsbG suppresses folding defects
in a dsbC� strain, but DsbG seems to possess a narrower sub-
strate specificity than DsbC in the folding of recombinant pro-
teins.[125,126] DsbG is found at a quarter of the level of DsbC in
the cell.[125] DsbG shows homology to DsbC, is dimeric, and is
maintained in its reduced state by DsbD, just like DsbC.[100]


DsbG is unable to reduce insulin, refold RNase, or form disul-
fides in alkaline phosphatase. This provides evidence that
DsbG is involved in disulfide bond isomerization like DsbC, and
not disulfide-bond formation like DsbA.[125] In our laboratory,
we have shown that DsbG acts like a chaperone in the correct
folding of substrates such as luciferase and citrate synthase,
just like DsbC.[127]


Implications for Recombinant Protein
Expression


Many commercially important proteins are secreted and to be
functional, their cysteine residues must be oxidized to disul-
fides. The periplasm of E. coli is of interest for the heterologous
expression of recombinant proteins as it provides a more oxi-
dizing environment than the cytoplasm.[128] However, when
these heterologous proteins are successfully overproduced in
E. coli, they often accumulate in inclusion bodies.[129–131] Over-
production of DsbA in E. coli increases the recovery of re-
combinant proteins requiring disulfide bonds.[132,133] By coex-
pressing dsbA in E. coli, groups have successfully expressed a-
amylase/trypsin inhibitor,[132] functional T-cell receptors,[134] in-
sulin-like growth factor-I (IGF-I),[135] and human leptin.[136] The
production of proteins with many disulfides is complicated, yet
active human tissue-type plasminogen activator (17 disulfides)
has been successfully produced by co-overproducing DsbA
and DsbC.[137] Other groups have fused heterologous proteins
to DsbA. Bovine enterokinase was expressed periplasmically as
a fusion to DsbA.[138] IGF-I, IGFBP-3, 3C proteinase, sTGF-b-RII,


Scheme 4. Pathway of electron flow through DsbD.[116] DsbD has a hydrophilic
N terminus, eight transmembrane helices, and a large hydrophilic C terminus.
Electrons (e�) flow from NADPH to thioredoxin reductase, from thioredoxin re-
ductase to thioredoxin, and subsequently to DsbD. DsbD is therefore able to
keep DsbC, DsbE, and DsbG reduced.
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and GFP when fused to a mutant form of DsbA were not only
soluble, but active.[139] Human proinsulin fused to the C termi-
nus of DsbA was expressed in higher yields.[140]


Enhancing disulfide isomerization has been useful in the ex-
pression of heterologous proteins. Overproducing DsbC pre-
vents the non-native disulfide-bond formation in retinol-bind-
ing protein; this enhances the yield of native protein.[141] Addi-
tion of GSSG and overproduction of DsbA does not increase
the yield of a-amylase/trypsin inhibitor containing five disul-
fide bonds, whereas the addition of GSH together with the
overproduction of DsbA increases the yield. This suggests that
reducing aberrant disulfide bonds during oxidative folding is
important.[132] Indeed, the co-overproduction of DsbA and
DsbC increases efficiency of a-amylase/trypsin inhibitor fold-
ing.[142] The human nerve growth factor in E. coli has successful-
ly been overexpressed by simultaneously overproducing the
isomerase system, DsbC, and DsbD.[143] Moreover, DsbC or
DsbG fusions to single-chain Fv antibodies have been used re-
cently for the functional expression of such genetically engi-
neered antibodies.[144]


Developing a clear understanding of the Dsb system will
allow us to create strains in which copious amounts of re-
combinant proteins are made. Because many proteins that are
needed in large amounts for therapeutics and diagnosis have
disulfide bonds, this could lead to a more economical means
of producing proteins for human therapeutics in bacteria,
which is advantageous due to cost and simplicity.


Summary


In E. coli, the DsbA–DsbB pathway is responsible for net disul-
fide-bond formation. Under physiological conditions, DsbA—a
small periplasmic protein with a highly unstable disulfide
bond—directly oxidizes dithiols to disulfides, a process neces-
sary for folding proteins. This leads to the reduction of the
active site C30XXC33 motif of DsbA. To maintain its catalytic
activity, DsbA is rapidly reoxidized by the integral membrane
protein DsbB. DsbB thus serves as the protein that links disul-
fide-bond formation to the electron-transport chain. DsbA has
no proofreading ability, and the formation of aberrant disulfide
bonds needs to be corrected by the disulfide isomerases DsbC,
DsbE, and DsbG, which are in turn kept in their catalytically
active reduced forms by the membrane protein DsbD.


Keywords: disulfide bonds · isomerization · protein folding ·
recombinant proteins
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Imaging the Selective Binding of Synapsin to
Anionic Membrane Domains
Jill Murray,[a] Louis Cuccia,[a, b] Anatoli Ianoul,[a] James J. Cheetham,[c] and
Linda J. Johnston*[a]


Introduction


Synapsins are neuron-specific peripheral membrane proteins
that are associated with the surface of synaptic vesicles. Synap-
sin I interacts with both protein and lipid components of syn-
aptic vesicles and is believed to tether vesicles to each other
and to actin filaments. This maintains a pool of neurotransmit-
ter-loaded vesicles that are used during times of intense neu-
ronal activity. Phosphorylation of the protein acts as a switch
to control dissociation of synapsin from actin and vesicles to
facilitate neurotransmitter release.[1–3] The interaction of synap-
sin with membranes has been studied by using synaptic vesi-
cles and liposomes and is hypothesized to be initiated by elec-
trostatic binding to acidic phospholipids.[4–6] Binding induces a
conformational change in the protein that is followed by inser-
tion of hydrophobic residues of the N-terminal region into the
membrane. We have recently used a combination of surface-
pressure measurements for monolayers of neutral and anionic
lipids as well as fluorescence studies for vesicles of similar lipid
mixtures to study the selective interaction of synapsin with
charged lipids.[7] These studies provide evidence for insertion
of protein into monolayers of both neutral and zwitterionic
lipids at low surface pressure as well as for specific protein in-
teractions with monolayers containing phosphatidylserine (PS)
at higher surface pressures that more closely approximate the
outer membrane leaflet in synaptic vesicles.
Atomic force microscopy (AFM) has proven to be a useful


method for the examination of phase separation of phospho-
lipid monolayers and bilayers on nanometer to micrometer
scales under physiological conditions.[8, 9] It has also been used
to probe the interaction of proteins with supported bilayers
and, in particular, to examine the specific interaction of
charged proteins with mixtures of zwitterionic and charged
lipids.[10–18] For example, annexin has been shown to adsorb to
PS-rich membrane domains selectively, in some cases yielding
two-dimensional crystalline arrays.[15–18] Similarly, saposin,
myelin, and cytochrome C all interact at least partially through
electrostatic interactions with bilayers containing charged
lipids.[10–12] This work provides information on the role of elec-


trostatic and nonspecific interactions and membrane composi-
tion in controlling protein adsorption on lipid bilayers and also
yields insight into protein-mediated membrane disruption.
In order to provide more direct evidence for the interaction


of synapsin with anionic membrane domains, we have used
AFM and near-field scanning optical microscopy (NSOM)[19–22]


to image supported lipid bilayers comprised of mixtures of
neutral phosphatidylcholine (PC) and anionic PS lipids. This
allows the direct visualization of both specific and nonspecific
protein binding, depending on the composition of the bilayer.
In the course of these studies, we observed that synapsin-
coated AFM tips can be used to visualize PS-rich regions of
supported bilayers that cannot be detected by topography
alone. These results, in combination with other studies of AFM
imaging of supported synaptic vesicles,[23–25] provide a basis on
which to design an in vitro model for some of the key steps in-
volved in binding synapsin vesicles to each other and to actin
fibers and for probing the interaction of synaptic vesicles with
membranes.


Results and Discussion


PC/PS bilayers in the presence and absence of synapsin I


Hybrid bilayers with dipalmitoyl phosphatidylethanolamine
(DPPE) as the lower leaflet and PC/DPPS (DPPS, dipalmitoyl
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Synapsins are membrane-associated proteins that cover the sur-
face of synaptic vesicles and are responsible for maintaining a
pool of neurotransmitter-loaded vesicles for use during neuronal
activity. We have used atomic force microscopy (AFM) to study
the interaction of synapsin I with negatively charged lipid do-
mains in phase-separated supported lipid bilayers prepared from


mixtures of phosphatidylcholines (PCs) and phosphatidylserines
(PSs). The results indicate a mixture of electrostatic binding to
anionic PS-rich domains as well as some nonspecific binding to
the PC phase. Interestingly, both protein binding and scanning
with synapsin-coated AFM tips can be used to visualize charged
lipid domains that cannot be detected by topography alone.
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phosphatidylserine) mixtures as the top leaflet were prepared
by successive transfer of two monolayers from the air–water
interface. DPPE monolayers were transferred to mica at a pres-
sure of 40 mNm�1, since previous work had shown this to give
the best results for transfer of a second monolayer.[13] The
upper leaflets contained mixtures of 20 mol% DPPS with
either C12 or C16 phosphatidylcholines and were transferred at
pressures between 30 and 40 mNm�1. Figure 1 shows AFM


images for the two PC/DPPS (4:1) bilayers in water; the use of
20% charged lipid was based on the estimated percentage of
charged lipids in the cytoplasmic leaflet of synaptic vesicle
membranes.[26] The DPPC/DPPS bilayer (Figure 1A; DPPC, dipal-
mitoyl phosphatidylcholine) appears uniformly flat with only
occasional small dots of debris on the surface. This is consis-
tent with previous results demonstrating that Ca2+ or the pro-
tein annexin are required to visualize domains by AFM for
DPPC/DPPS bilayers prepared by Langmuir–Blodgett trans-
fer.[18,27] By contrast, bilayers with DLPC/DPPS (4:1; DLPC, di-
lauroyl phosphatidylcholine) as the top leaflet showed clear
phase separation (Figure 1B). The image shows large irregular-
ly shaped domains that are approximately 1.5 nm higher than
the surrounding phase and which we assign to DPPS-rich re-
gions. The relative area covered by these domains varies be-
tween 10 and 25%, depending on the area imaged; this might


indicate that the raised domains contain some DLPC. Smaller
scale images (Figure 1C and D) show that the lower phase
contains a substantial number of small holes or defects and
that there are also a few similar holes in the large PS-rich do-
mains. The apparent depth of these “holes” increases with
small increases in imaging force (compare Figure 1C and D;
the holes are barely visible in the latter image). This suggests
that they might be small disordered domains that are much
easier for the tip to penetrate than the bulk surrounding
phase. We have observed similar effects when imaging small
negatively charged glycolipid domains in supported bilayers.[13]


We examined the effect of calcium on PC/PS bilayers since
several previous studies have indicated that the presence of
calcium results in changes in the bilayer’s morphology.[17,27] No
significant changes were observed for DLPC/DPPS (4:1) on
DPPE bilayers when the initial bilayer was formed in the pres-
ence of buffer containing Ca2+ or when Ca2+ was added to
a preformed bilayer. This contrasts with previous results
for DPPC/DOPS (DOPS=dioleoylphosphatidylserine) bilayers,
which showed changes in domain size and shape in the pres-
ence of calcium.[17] However, it is consistent with the fact that
the difference in chain length for DLPC versus DPPS will favor
phase separation, independent of the presence of calcium.
Images of the DLPC/DPPS bilayer shown in Figure 1B–D


after incubation with synapsin are shown in Figure 2. The PS-
rich domains are approximately 4–5 nm higher than the sur-


rounding fluid phase as compared to only 1.5 nm in the ab-
sence of protein (compare Figures 1B and 2A for the same
scan size) ; this is consistent with protein binding to the PS do-
mains. There are also many small raised dots scattered ran-
domly throughout the lower DLPC phase. Smaller images (Fig-
ure 2B) show that these domains are approximately 3–4 nm in
height and that the small holes or defects observed in the bi-
layer before protein incubation are no longer visible. This sug-
gests that protein binds to the small defects or disordered is-
lands in the DLPC phase. After protein addition the measured
heights are not sensitive to imaging force, at least over the
same range of forces that leads to quite pronounced changes


Figure 1. AFM images of PC/DPPS (4:1) on DPPE bilayers (A, DPPC; B–D, DLPC)
in water. Images C and D were imaged at higher and lower force, respectively.


Figure 2. AFM images of a DLPC/DPPS (4:1) on DPPE bilayer after incubation
with synapsin I and rinsing with water.
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in the apparent depth of the defects observed in the absence
of protein. The small-scale image demonstrates that the pro-
tein distribution is not completely uniform across the large do-
mains, since there are occasional small brighter dots clustered
around the domain boundaries (Figure 2B).
DPPC/DPPS bilayers were also incubated with synapsin. Al-


though bilayers in the absence of protein showed little evi-
dence of phase separation, as described above, incubation
with protein resulted in large round domains that were 5–
7 nm above the surrounding phase (Figure 3A and B). We infer


by analogy to the results for DLPC/DPPS bilayers that these are
again PS-rich domains. In some cases there appeared to be a
preference for protein binding around the edges of the large
domains. In addition to the large domains there are many
small raised dots on the bilayers after protein incubation;
these are 200–250 nm in diameter and 15 nm high. A control
experiment with a DPPC on DPPE bilayer before and after incu-
bation with synapsin is shown in Figure 3C and D. The same
small raised dots are observed after protein incubation; this is
consistent with nonspecific binding of protein to the PC phase
of the bilayers. However, it is interesting to note that the non-
specific adsorption appears to lead only to small microdo-
mains, whereas binding to PS domains gives reasonably uni-
form coverage over a much larger area. Synapsin, which was
centrifuged to remove aggregates, gave similar results; this in-
dicates that the small dots of protein were not due to protein
oligomers in solution.


Use of synapsin-coated tips to visualize anionic domains


Our initial experiments with synapsin binding to DPPC/DPPS
bilayers led to the interesting discovery that a tip that had pre-
viously been used to image a sample containing synapsin can
then be used to observe clear contrast for DPPC/DPPS bilayers
that appear uniformly flat when imaged with a new tip. This
prompted us to image a DPPC/DPPS bilayer and then expose
the tip to a solution of synapsin for approximately an hour
prior to using it to reimage the same bilayer. As shown in Fig-
ure 4A and B, domains are readily visible after the tip has been


incubated in protein solution. They are similar in size and
shape to those observed upon protein binding. This indicates
that the protein-coated tip interacts quite differently with PS
versus PC areas of the bilayers, allowing visualization of do-
mains that do not show up in a topographic scan with an un-
coated tip. It is also interesting to note that Figure 4B shows
no evidence for the small dots of protein observed in Fig-
ure 3B and D; this clearly demonstrates that they arise from
nonspecific binding of synapsin to the PC phase of the bilayer.
Force measurements were used to examine the tip–surface


interaction in more detail. Figure 4C shows a comparison of
the force–distance curves for the retraction trace on a DPPC/
DPPS bilayer for a silicon nitride tip before and after incubation
with synapsin. The force curve for the protein-coated tip was
measured for a raised domain and reveals a series of adhesive
jumps that are not observed in the absence of protein. This is
consistent with electrostatic interaction of the positively
charged protein with negatively charged PS domains of the bi-
layer. The observation of multiple adhesive jumps is consistent
with literature data for force measurements with protein ad-


Figure 3. AFM images of a DPPC/DPPS (4:1) on DPPE (A, B) and a DPPC on
DPPE bilayer (C, D) before (A, C) and after (B, D) incubation with synapsin I and
rinsing with water.


Figure 4. AFM images of a DPPC/DPPS (4:1) on DPPE bilayer imaged with an
A) uncoated and B) synapsin-coated tip. The force–distance curves measured
for retraction of an uncoated and a synapsin-incubated tip from a DPPC/DPPS
bilayer are shown in C.


ChemBioChem 2004, 5, 1489 – 1494 www.chembiochem.org > 2004 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim 1491


Synapsin Binding to Membrane Domains



www.chembiochem.org





sorbed on or covalently attached
to tips and for interaction of tips
with proteins on surfaces.[10,28–30]


The multiple jumps are generally
attributed to a convolution of
multiple unbinding or unfolding
processes. However, it should be
noted that interpretation of the
data is more straightforward in
cases in which the protein is co-
valently attached to the tip. In
the present experiments, we
cannot exclude the possibility
that there is equilibration of the
protein between the tip and the
bilayer during our experiment.
Detailed force studies with cova-
lently modified tips would be
required to provide a more de-
tailed understanding of the
image contrast and force curves
that we observe for the synap-
sin-modified tips. Nevertheless,
the results clearly demonstrate
that adsorption of synapsin on
the tip occurs very readily under
our usual imaging conditions. In
fact, it is likely that in all cases
the images that we measure in
the presence of synapsin reflect
some level of synapsin-tip con-
tamination; the apparent heights
therefore reflect a combination
of topography and specific tip–sample interactions.
The DLPC/DPPS bilayers were also imaged with a synapsin-


coated tip. In this case the apparent height of the domains
was considerably larger after the tip had been exposed to syn-
apsin, as shown in Figure 5A and B. Of particular interest is the
fact that the small defects observed in the DLPC phase of the
bilayer (Figure 5A) now appear as raised areas (Figure 5C). This
further confirms that these areas contain PS and are not
simply holes in one or both leaflets of the bilayer.
The images obtained with synapsin-coated tips are qualita-


tively similar to those obtained by incubating bilayers with
synapsin. To eliminate any uncertainty in assessment of the ap-
parent height changes in the AFM images for samples incubat-
ed with synapsin, we have used NSOM to verify the binding of
synapsin to anionic domains. Figure 6 shows topographic and
fluorescence images for a DLPC/DPPS bilayer incubated with
Alexa-488-labeled synapsin. Large fluorescent synapsin-covered
domains are visible as higher areas in the topographic image
(Figure 6A) and as brighter areas in the optical image (Fig-
ure 6B and C). These clearly correspond to the same protein-
covered PS domains observed by AFM. The fluorescence
images indicate uniform coverage of the PS domains with pro-
tein, at least at the resolution of the NSOM experiments (limit-
ed by the 150 nm probe aperture). A small-scale NSOM image


(Figure 6C) also shows the small microdomains that are ob-
served by AFM. The dye-labeled protein bleaches rapidly
under the conditions of the NSOM experiment. Figure 6C was
measured first and then the same area was reimaged on a
larger scale (Figure 6B). The small dark area in the lower left
corner corresponds to the area imaged in Figure 6C, indicating
that the dye has been almost completely photobleached. Al-
though this level of photobleaching is problematic for multiple
scans of the same area, it does clearly show that the optical
contrast observed cannot arise from topography-induced
artifacts.[31]


Conclusion


The AFM and NSOM images presented above allow direct visu-
alization of the selective binding of synapsin I to anionic bilay-
er domains and are in good agreement with earlier reports on
the interaction of synapsin with negatively charged lipids. In
addition to specific binding mediated by electrostatic interac-
tions there is also some nonspecific binding to the PC-rich
phase of the bilayers. This appears to be more pronounced for
gel-phase DPPC than for fluid DLPC membranes, since most of
the small protein islands observed for DLPC mixtures result


Figure 5. AFM images of a DLPC/DPPS (4:1) on DPPE bilayer measured with an A) uncoated and B), C) synapsin-
coated tip.


Figure 6. NSOM images of a DLPC/DPPS (4:1) on a DPPE bilayer incubated with synapsin I–Alexa-488. A) topography;
B), C) fluorescence. Image B was recorded after image C and shows the rapid bleaching (bottom left corner correspond
to the area imaged for C) induced by the near field probe.
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from specific binding to PS microdomains, rather than nonspe-
cific binding. The combination of specific electrostatic interac-
tions and nonspecific binding has also been observed previ-
ously upon binding of charged proteins, such as myelin and
cytochrome C, to supported membranes.[10] Interestingly, the
present results indicate that synapsin-coated tips facilitate the
visualization of charged bilayer domains that are not detected
by topography alone. The measured force curves for such tips
are consistent with multiple protein–lipid binding interactions
and may also reflect some equilibration of the protein be-
tween the negatively charged tip and lipid. The enhanced con-
trast obtained with protein-coated tips may provide a general
tool for understanding the membrane distribution of charged
lipids.
In addition to allowing the direct visualization of the interac-


tion between synapsin and charged lipid domains, the sup-
ported membranes can be used as an in vitro model for the
surface of synaptic vesicles that have a large amount of ad-
sorbed protein. AFM images provide evidence for a nonuniform
protein distribution on the charged PS domains and synapsin
clearly does not give a regular two-dimensional crystalline
layer, as has been observed for annexin on fluid PC/PS bilay-
ers.[15–18] Furthermore, the curvature of small synaptic vesicles
may lead to a different packing and arrangement of protein on
the surface than that obtained for planar lipid bilayers. The
small clusters observed around the edges of the PS domains in
some images may reflect protein oligomerization since synap-
sin is known to undergo both homo and heterodimerization.[32]


Note that the present results do not allow us to distinguish be-
tween electrostatic interactions and insertion of hydrophobic
synapsin residues into the bilayer. However, based on our pre-
vious surface-pressure results it is likely that the specific elec-
trostatic interaction of synapsin with charged lipids is followed
by insertion into the membrane.[7]


Experimental Section


Sample preparation : Dipalmitoyl phosphatidylcholine (DPPC), di-
lauroyl phosphatidylcholine (DLPC), dipalmitoyl phosphatidyletha-
nolamine (DPPE), and dipalmitoyl phosphatidylserine (DPPS) were
purchased from Avanti Polar Lipids, Alabaster, AL. Synapsin I was
purified from bovine brain under nondenaturing conditions, as
previously described, and its purity checked by SDS-PAGE.[33,34] The
protein was stored in buffer (100 mm NaCl, 25 mm Tris-HCl, pH 7.4)
at �80 8C. Synapsin I was labeled with Alexa-488 by using a Molec-
ular Probes protein labeling kit and following the manufacturer’s
directions for labeling and purification. The degree of labeling was
estimated to be approximately one dye/protein, based on the ab-
sorbance at 280 and 494 nm.


Monolayers and bilayers were prepared on a Langmuir–Blodgett
trough (NIMA 611, Coventry, UK) by using Milli-Q water as the sub-
phase. The sample solution in chloroform was spread on the sub-
phase surface; after solvent evaporation (10 min) the monolayer
was compressed at 20 cm2min�1 to the desired surface pressure,
measured with a precision of 0.1 mNm�1 by using a Wilhelmy bal-
ance. Monolayers were expanded and recompressed at least twice
to anneal the sample before transfer to a freshly cleaved, hydro-
philic 2.5 cm2 mica sheet by vertical deposition with a dipping


speed of 2 mmmin�1. Transfer ratios of 85–100% were typical. Bi-
layers were prepared by transferring a second monolayer to mica
coated with a lipid monolayer. The second monolayer was also an-
nealed twice before transferring. The resulting bilayers were trans-
ferred under water in a small container during the transfer to the
AFM liquid cell (Molecular Imaging Inc.). Bilayers were incubated
with protein by adding protein (10–50 mL, 0.5 mgmL�1) to water
(0.5 mL) in the AFM fluid cell, followed by rinsing with water to
remove unbound protein.


Atomic force microscopy : AFM measurements for bilayer samples
were carried out on a Picoscan atomic force microscope (Molecular
Imaging, MI) in the repulsive mode or in Mac mode.[35] In contact
mode, silicon nitride tips with spring constants of ~60 mNm�1


were used. The force curves were obtained in contact mode by
using the force spectroscopy feature of the MI microscope. The
imaging force was calibrated by recording a force curve on a hard
surface (test pattern). The imaging force was minimized to ~1 nN.
Magnetic coated silicon tips with spring constants of 0.5 Nm�1 and
resonance frequencies between 25 and 40 kHz in aqueous solution
were used for Mac-mode measurements. The drive voltage was
normally around 15 mV. Scanners with maximum scan areas of
30M30 and 5M5 mm2 were used. For experiments with synapsin-
coated tips, tips were incubated in the synapsin solution
(0.5 mgmL�1, water) for 30 min. Although both contact and Mac-
mode imaging were used, all images shown in the figures were
obtained by using Mac mode since this gave better results, particu-
larly for protein samples.


Near-field scanning optical microscopy : Bent NSOM probes were
prepared from high GeO2-doped fibers with a core diameter of
3 mm by using a two-step chemical-etching method followed by
aluminum deposition and focused ion-beam milling to produce
the aperture.[22] Probes with an aperture diameter of 100–150 nm
and an estimated spring constant of ~100 Nm�1 were used in the
present work.[22]


NSOM experiments were carried out on a combined AFM/NSOM
microscope based on a Digital Instruments Bioscope mounted on
an inverted fluorescence microscope (Zeiss Axiovert 100), as
described previously.[21] A continuous-wave mixed-gas ion laser
(Coherent, Innova 70 Spectrum) was used for excitation purposes
(488 nm, 20–30 mW). Fluorescence was collected with a 40M ob-
jective (0.7 NA), with appropriate filters to remove residual excita-
tion (488 nm notch filter, Kaiser Optical Systems, Ann Arbor, MI)
and red alignment laser light (Chroma 670 nm cut-off filter, Brattle-
boro, VT), and detected by using an avalanche photodiode de-
tector (Perkin Elmer Optoelectronics, SPCM-AQR-15, Vaudreuil,
Canada). For imaging in liquid, a two-step approach was used: ap-
proach to the water surface and approach to the sample surface.[21]


During imaging only a fraction of the tip (~0.5 mm) was immersed
in liquid, while the rest was kept in air. Images were recorded in
tapping mode at a scan rate of 0.5 Hz and a resolution of 256M
256.


Keywords: AFM · membrane proteins · membranes · near-
field scanning optical microscopy · vesicles
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Identification of the Luciferin–Luciferase System
and Quantification of Coelenterazine by Mass
Spectrometry in the Deep-Sea Luminous
Ostracod Conchoecia pseudodiscophora
Yuichi Oba,[b] Hiroshi Tsuduki,[b] Shin-ichi Kato,[b] Makoto Ojika,[b] and
Satoshi Inouye*[a]


Introduction


The phenomenon of biolumines-
cence in marine organisms has
been investigated,[1,2] and light
emission has been found to be
produced principally through a
luciferin–luciferase reaction. Sev-
eral luciferins have been identi-
fied in marine organisms,[3] and
one well-characterized type is
represented by imidazopyrazi-
none (3,7-dihydroimidazopyra-
zin-3-one) compounds such as
coelenterazine (1)[4] and Cypridi-
na luciferin (=Vargula luciferin;
2),[5, 6] as shown in Scheme 1A.
Coelenterazine (1) is widely dis-
tributed in luminous and nonlu-
minous marine organisms,[7–11] and has been identified as a lu-
ciferin in various luminous organisms including Renilla,[12] Oplo-
phorus,[13] Periphylla,[14] and Gaussia.[15] It is also known as a
component of calcium-sensitive photoproteins such as aequor-
in[16] and obelin.[17] Cypridina luciferin (2) was isolated from the
luminescent ostracod Cypridina hilgendorfii (now known as Var-
gula hilgendorfii)[5, 6, 9, 11] and is also used for luminescence reac-
tions of luminous fish[18] in the Osteicthyes Porichthys nota-
tus,[19–21] Apogon,[22–23] and Parapriacanthus.[24]


In the class Ostracoda, luminous species have been found in
the families Cypridinidae and Halocyprididae,[25,26] and are pres-
ent in the genera of Cypridina (Cypridinidae), Vargula (Cypridi-
nidae), and Conchoecia (Halocyprididae).[9, 27] In Conchoecia,
coelenterazine has been detected in twelve species.[9] These
findings indicate that Vargula and Conchoecia, both classed as
Ostracoda, utilize different luciferins based on the same imida-


zopyrazinone component structure. This is an interesting ob-
servation in relation to events in evolution.


To understand the luciferin–luciferase system in Conchoecia,
we focused on the specimen readily collectable in Japan and
so chose Conchoecia pseudodiscophora for analyses. The Halo-
cyprididae C. pseudodiscophora (body length less than 1.5 mm)
is abundant in the mesopelagic zone (300–800 m depth) of the
Sea of Japan.[28] Studies on the population and life cycle of
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The bioluminescence system of the ostracod Conchoecia pseu-
dodiscophora, which is abundant in the Sea of Japan, has been
characterized. The luminescence (lmax=463 nm) is produced by a
luciferin–luciferase reaction, and the luciferin has been identified
as coelenterazine. Coelenterazine, coelenteramide, and coelenter-
amine from C. pseudodiscophora were quantified by LC-ESI-MS/


MS analysis. The coelenterazine content was estimated to be ap-
proximately 230 pg per animal by using a calibration curve of
synthetic coelenterazine. The reaction between homogenates of
C. pseudodiscophora and synthetic coelenterazine showed lumi-
nescence activity; this suggests that a coelenterazine-type lucifer-
ase is present.


Scheme 1. Imidazopyrazinone structure (A) and the luminescent reaction of coelenterazine by luciferase (B).
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C. pseudodiscophora having been reported in detail by Ikeda
and Imamura.[29] However, the bioluminescent properties of
C. pseudodiscophora have not been described in these reports.


In this manuscript we describe the isolation and identifica-
tion of coelenterazine as a luciferin and its oxidized products
(coelenteramide (3) and coelenteramine (4) ; Scheme 1B).
Amounts of coelenterazine were determined by mass spec-
trometry. Because of the low concentrations of coelenterazine
in C. pseudodiscophora, we employed reversed-phase HPLC in
tandem with electrospray ionization triple quadrupole (ESI/3Q)
mass spectrometer, in product ion scan and multiple reaction
monitoring (MRM) modes.[30,31] The presence of a luciferase in
C. pseudodiscophora was also confirmed by a method based on
the luminescence cross-reaction of the homogenate of C. pseu-
dodiscophora with synthetic coelenterazine.


Results and Discussion


Identification of bioluminescence in C. pseudodiscophora


Live specimens of C. pseudodiscophora (Figure 1A) from the
Sea of Japan were collected from seawater at 333 m depth
and were kept at 4 8C. When the specimens were stimulated
physically, blue luminescence was observed with the naked
eye. Light emission did not last more than a few seconds. As
previously reported by Angel in 1968,[25] eleven Conchoecia
species (C. alata, C. bispinosa, C. curta, C. daphnoides, C. elegans,
C. imbricata, C. magna, C. rhynchena, C. secernenda, C. spinifera,


and C. subarcuata) are luminous. The luminescence types of
species were classified as secretion or/and as retention within
the carapace.[25] In C. pseudodiscophora, luminescence was only
observed inside of the carapace and was not secreted outside
of the bodies. Interestingly, the blue luminescence occurred in
the same particles as blue fluorescence, scattered through the
carapace (Figure 1B). For measurement of the luminescence
spectrum, the frozen animals were thawed at room tempera-
ture, and the blue luminescence was recorded. As shown in
Figure 2, the emission peak of the luminescence was at
463 nm, which is similar to that seen for other coelenterazine-
type luminescence, such as seen with Renilla luciferase and
photoproteins.[32]


Identification of coelenterazine and its oxidized products by
mass spectrometry


To identify whether the luciferin was coelenterazine or Cypridi-
na luciferin, the C. pseudodiscophora specimens were extracted
with methanol, and the extracts were analyzed by LC-ESI-MS/
MS. As shown in Figure 3, MRM analysis exhibited the presence
of coelenterazine, coelenteramide, and coelenteramine, with
the same HPLC retention times and mass values as the authen-
tic compounds. Cypridina luciferin and its oxidative products
were not detected in the methanol extracts. Further, product
ion scan analysis of m/z=424.0, corresponding to the calculat-


Figure 1. Photographs of Conchoecia pseudodiscophora (A) and of its fluores-
cence (B) under a microscope. Scale bar; 0.5 mm.


Figure 2. Bioluminescence spectrum obtained from frozen and subsequently
thawed C. pseudodiscophora. Scan speed; 500 nmmin�1.


Figure 3. Mass chromatogram for methanol extracts of C. pseudodiscophora
by MRM analysis. Coelenterazine, coelenteramide, and coelenteramine were
monitored at m/z=302.0, 278.0, and 200.1, respectively.
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ed [M+H]+ mass value of coelenterazine, showed that the
fragment ion peaks of the sample were predominantly consis-
tent with those of the synthetic coelenterazine (Figure 4).
These results indicated that the compound with a mass value
of m/z=424.0 in C. pseudodiscophora was coelenterazine.


Calculation curve for coelenterazine, coelenteramide, and
coelenteramine


To estimate the concentrations of coelenterazine, coelentera-
mide, and ceolenteramine in C. pseudodiscophora, standard
curves were prepared by the MRM analysis method by using
the authentic compounds. As shown in Figure 5, these com-


pounds showed linear relationships; linearity of quantification
for coelenteramide and coelenteramine was observed from 0.1
to 1000 ngmL�1. Meanwhile, since the lower concentration of
coelenterazine was decomposed by air oxidation to give coe-
lenteramide, the linearity of coelenterazine was observed only


from 30 to 1000 ngmL�1. Under our MRM analysis
conditions, the detection limits of coelenterazine,
coelenteramide, coelenteramine, and Cypridina luci-
ferin were approximately 10, <0.1, <0.1, and
10 ngmL�1, respectively.


Quantification of coelenterazine in C. pseudodisco-
phora


The MRM quantification analyses revealed that the
levels of coelenterazine, coelenteramide, and coelen-
teramine in C. pseudodiscophora were approximately
230, <0.2, and 80 pg per individual specimen, re-
spectively (Table 1). As coelenteramide and coelenter-


amine are oxidized products of coelenterazine
(Scheme 1), the contents of these compounds might
fluctuate in each specimen. Since the specimens had
been affected physically during collection and had
produced luminescence, the actual amount of coe-
lenterazine might have been affected. On the other


hand, when methanol extracts from C. pseudodiscophora were
left at room temperature for 1 h, coelenterazine in the extracts
partially decomposed into coelenteramine via coelenteramide
by air oxidation (data not shown).


Identification of the luciferase-luciferin system in C. pseudo-
discophora


Coelenterazine was identified in C. pseudodiscophora by mass
spectral analyses. Further, the presence of coelenterazine was
confirmed by the luminescence reaction with recombinant Re-
nilla luciferase, a coelenterazine-type luciferase specific for coe-
lenterazine as the luciferin.[32] Methanol extracts from C. pseu-
dodiscophora were fractionated by reversed-phase HPLC, and
individual fractions were assayed by incubation with Renilla lu-
ciferase. Only the peak fractions corresponding to coelentera-
zine on HPLC showed luminescence activity (open bars in
Figure 6).


On the other hand, to identify the presence of a coelentera-
zine-type luciferase in C. pseudodiscophora, the homogenate of
C. pseudodiscophora was assayed as a source of luciferase with


Figure 4. Identification of coelenterazine in methanol extracts of C. pseudodiscophora by
the product ion scan analysis of m/z 424. A) Synthetic coelenterazine. B) Methanol extracts
of C. pseudodiscophora.


Figure 5. Calibration curve for coelenterazine (*), coelenteramide (~), and
coelenteramine (&) by MRM analysis.


Table 1. Quantitation of coelenterazine and related compounds
in C. pseudodiscophora by MRM analysis.


Quantity (pg per specimen)[a]


Coelenterazine 230�80
Coelenteramide <0.2
Coelenteramine 80�19


[a] Three independent samples were measured.
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synthetic coelenterazine. As shown in Table 2, luminescence
activity was detected in the homogenate from C. pseudodisco-
phora with coelenterazine. Thus C. pseudodiscophora has a luci-
ferase that will catalyze the oxidation of coelenterazine, similar-
ly to other previously reported luminous Conchoecia sp. (C. lo-


hiura, C. ametra, C. kampta, and C. rhynchena).[9] Recently, phy-
logenetic analyses have suggested that the genera Conchoecia
and Vargula both belong to the same group of Ostracoda
(Crustacea).[33] It is of interest that their luminous species utilize
different luciferins—coelenterazine and Cypridina luciferin—
despite their evolutionary relationship.


Conclusion


In conclusion, C. pseudodiscophora living in the Sea of Japan is
a luminous species, and its luminescence is produced by a typ-
ical luciferase–luciferin reaction. The luciferin is coelenterazine,
and a coelenterazine-type luciferase is present. The amount of
coelenterazine was estimated to be approximately 230 pg per
specimen, and the oxidized products—coelenteramine and
coelenteramide—were also quantified by LC-ESI-MS/MS analy-
ses. In these studies, the quantification and qualification of
coelenterazine were performed with a single specimen of
C. pseudodiscophora. It is planned to apply this method to the
detection of coelenterazine in other luminous and nonlumi-
nous marine organisms.


Experimental Section


Specimens : Specimens of C. pseudodiscophora were collected from
the drain filter of deep-sea water pumped up from 333 m depth at
Toyama Bay in Japan on November 12, 2002, January 15, 2003, and


April 16, 2003. Live animals were kept on ice and isolated by use
of a syringe (5 mL). After removal of excess seawater, the collected
animals (size: 0.7 to 1.5 mm in body length) in a tube (1.5 mL)
were weighed, frozen in liquid nitrogen, and stored at �80 8C.


Chemicals : Coelenterazine and Cypridina luciferin were chemically
synthesized.[4,34] Coelenteramide and coelenteramine were ob-
tained as a gift from Dr. K. Teranishi (Mie University, Japan).
Recombinant Renilla luciferase was prepared as previously de-
scribed.[32] All other chemicals were of the highest grade commer-
cially available.


Fluorescence microscopy : The fluorescence photograph of a
living specimen was taken with a digital camera (Coolpix 995, Nikon,
Tokyo, Japan) under a fluorescence microscope (Eclipse TE200, Nikon)
with a mercury lamp as light source and a UV-2A filter (Nikon).


Determination of bioluminescence spectrum : The biolumines-
cence spectrum of C. pseudodiscophora was measured on a Jasco
FP-777W fluorescence spectrophotometer (Jasco, Tokyo, Japan) at
25 8C with the excitation light source turned off. Frozen animals
(50 specimens) in a cuvette were thawed at room temperature,
and the luminescence spectrum was recorded.


Preparation of methanol extracts from C. pseudodiscophora for
MS analyses : The general method for preparation of extracts from
C. pseudodiscophora is as follows. Frozen animals (50 specimens)
were homogenized on dry ice with methanol (50 mL) containing di-
thiothreitol (DTT; 6.5 mm) by use of a plastic pestle. The homoge-
nate was sonicated for 30 s (US-4, Iuchi, Osaka, Japan) and was
centrifuged at 17400Lg for 10 min at 4 8C. The resultant superna-
tant was filtered with Ultrafree-MC (0.45 mm, Amicon, Bedford, MA)
and the filtrate was stored at �80 8C before analysis.


Preparation of C. pseudodiscophora homogenate for luciferase
analyses : To determine the luciferin–luciferase reaction, a homoge-
nate of C. pseudodiscophora as a source of luciferase was prepared
as follows. Frozen animals (50 specimens) were homogenized
(pestle) on ice in Tris-HCl (1 mL, pH 7.6, 30 mm)/EDTA (10 mm) for
1 min. A potion of the homogenate (100 mL=5 animals) was used
immediately for determination of the luminescence activity.


Mass spectrometry : A methanol extract from frozen animals (50
specimens, wet weight 16.7 mg) was prepared and analyzed by
LC-ESI-MS/MS on an Agilent 1100 HPLC system (Agilent, Wilming-
ton, DE) connected to an API 2000 (Applied Biosystems, Foster
City, CA). The column was a Cadenza CD-C18 (2.0L75 mm, Imtakt,
Kyoto, Japan), and the mobile phase was water/methanol contain-
ing formic acid (0.1%) with a linear gradient of methanol from 25
to 95% (2% per min). The flow rate was 0.2 mLmin�1, and moni-
toring of peaks was performed by mass chromatogram and UV ab-
sorption at 264 nm. The ESI-MS/MS mode was positive and the
source temperature was 500 8C.


For product ion scan analysis, aliquots (40 mL) of the methanol ex-
tracts were used. Tandem mass spectrometric analysis was per-
formed with nitrogen as the collision gas (collision energy, 45 V).


For MRM analysis, aliquots (10 mL) of the methanol extracts were
used. Tandem mass spectrometric analysis was performed with ni-
trogen as the collision gas (collision energy, 30 V). The equipment
and the analytical conditions were the same as for the LC-ESI-MS/
MS analysis, except the methanol gradient was from 50 to 100%
(5% per min). The mass values for parent/fragment ions were
monitored as follow: coelenterazine (424.0/302.0), coelenteramide
(412.0/278.0), coelenteramine (278.1/200.1), and Cypridina luciferin
(406.2/347.2).


Figure 6. HPLC chromatogram of methanol extracts of C. pseudodiscophora
and its luminescence activity. UV absorbance was monitored at 264 nm. Lumi-
nescence activities are shown by open bars.


Table 2. Luciferase activity of the homogenate from C. pseudodiscophora.


Coelenterazine Homogenate[a] Luminescence activity (Imax [rlu])
1st 2nd


� � 2 2
+ � 10 7
� + 24 19
+ + 783 479


[a] Homogenate corresponds to five specimens.
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Isolation of coelenterazine by HPLC : Methanol extracts of C. pseu-
dodiscophora (100 specimens, wet weight 27.8 mg) were prepared,
dried under nitrogen gas, and then dissolved in methanol (10 mL).
This solution was subjected to HPLC for separation. The equipment
and the analytical conditions were the same as those used in the
case of LC-ESI-MS/MS analysis, except for the lack of ESI-MS/MS.
Monitoring of elution was performed at 264 nm and the eluate
was fractionated. Methanol solution (2 mL) containing dithiothreitol
(65 mm) was added to the fractions. The fractions were concentrat-
ed in vacuo by centrifugation (EC-57CST, Sakuma, Tokyo, Japan)
and the solution was lyophilized and stored at �80 8C.


Luminescence assay : Luminescence activities were determined by
use of an Atto (Tokyo, Japan) model AB-2200 luminometer. i) For
identification of coelenterazine, the lyophilized fractions from the
HPLC separation were dissolved in methanol (20 mL), and 1 mL was
used. The luminescence reaction was started by the addition of
buffer (30 mm Tris-HCl, 10 mm EDTA, pH 7.5, 99 mL) containing re-
combinant Renilla luciferase (0.5 mg) at 25 8C. The luminescence ac-
tivity was measured and integrated for an initial 10 s. ii) For detec-
tion of luciferase activity, synthetic coelenterazine (1 mg) dissolved
in methanol was added to the homogenate of C. pseudodiscophora
(100 mL), and the luminescence was measured for 10 s. The initial
intensity (Imax) of 1 ng of the purified recombinant aequorin
showed 6.4L104 relative light units (rlu).
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Introduction


Mite pheromones have been intensively investigated over the
last twenty years, predominately by Kuwahara’s group.[1,2]


Alarm pheromones, often neral and geranial, have most often
been identified, with sex pheromones or aggregation phero-
mones having been found less commonly. One reason for this
discrepancy might be the methods used for extraction of the
mites. In earlier studies, whole-mite cultures were sieved to
separate the animals from the culture medium, and these were
then extracted with a solvent. In more recent work, individual
mites were hand-picked and extracted. Alarm pheromones pre-
dominate in these extracts, probably because they are stored
in order to allow the mite to emit them immediately on a par-
ticular incident. Sex or aggregation pheromones do not neces-
sarily have to be stored, because they are given off over
longer periods of time. The mite may synthesize them only
when needed, a mechanism often found in Lepidoptera, for
example.[3,4] Therefore, sex and aggregation pheromones
might be present only in low amounts in extracts prepared in
the manner described, and so found less often than alarm
pheromones.
We chose an alternative method for investigating the phero-


mones of the storage mite Chortoglyphus arcuatus (Tropeau;
Acarina, Chortoglyphidae). Comparison of whole-body extracts
and headspace analysis of whole-mite cultures should give
clues to the functions of identified compounds. The results we
obtained by these methods, which led to the identification of
a new mite aggregation pheromone, are described in this
article.


C. arcuatus is an important storage mite occurring on many
farms in rural regions of central Europe. It has recently been
deduced to be responsible for allergies in farmers who do not
react to allergens from the well-known house dust mites.[5]


Results


Identification


In the first experiment, a fully grown culture of C. arcuatus
mites was extracted and analyzed by GC-MS. The terpenes
geranial and neral and their derivatives were readily identified
(see Figure 1 and Table 1). The alarm pheromone activity of
neral and geranial in this mite has been reported previously by
us. Neral showed the highest repellency towards conspecific
mites.[6]


In a second set of experiments, a headspace technique was
used for the collection of mite volatiles. Mite cultures were
kept in small glass vessels. These vessels were connected to a
closed-loop stripping apparatus (CLSA),[7] which allowed con-
tinuous circulation of air with low airspeed. A 5 mg active char-
coal filter was placed in the flow path of the air to absorb vola-
tiles given off from the mite culture. The volatiles were collect-
ed for 6–24 h without any disturbance of the mite cultures


In an effort to identify new pheromones from mites, the head-
space of undisturbed colonies of the storage mite Chortoglyphus
arcuatus was analyzed by GC-MS by use of a closed-loop strip-
ping apparatus (CLSA) or solid-phase microextraction (SPME).
The major compound emitted from the mites is (4R,6R,8R)-4,6,8-
trimethyldecan-2-one (4R,6R,8R-8). The structure was elucidated
by analysis of the mass spectrum, synthesis of authentic samples,
and gas chromatography on a chiral phase. Bioassays show that
this compound, for which we propose the trivial name chorto-


lure, is an aggregation pheromone for both sexes of this species.
Several related compounds are released in smaller amounts by
the mites. The alarm pheromones of these mites, neral and gera-
nial, can only be found in total extracts of the mites, in which 8
occurs only in minute amounts. The method of sampling is there-
fore crucial for pheromone identification. Feeding experiments
with deuterated propionate showed that chortolure is a poly-
ketide, formed by successive addition of four propionate units to
an acetate starter.
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other than the circulating air. To the best of our knowledge,
this is the first investigation of an unstressed mite culture.


The filters were then extracted
with methyl acetate or CS2, and
the extract was analyzed by GC-
MS (Figure 1). The chromato-
gram was dominated by a single
compound (8), which had been
found only in traces in the total-
mite solvent extracts prepared
earlier. The compound showed
the mass spectrum presented in
Figure 2, and was absent in con-
trol experiments performed with
the culture medium without
mites.
The base ion at m/z=43, to-


gether with the ions at m/z=58
and 140 ([M�58]+), showed the
presence of a methyl ketone.
The strong ion peak at m/z=85
was consistent with the pres-
ence of a methyl branch at C-4.
Despite the low abundance of
ions above m/z=120, they did
indicate further methyl branches,
especially with regard to the ion
series CnH2n�1O and CnH2n�3, the
latter formally arising from the


former by loss of water. Thus, the ion pair 127/109 indicated a
methyl branch at C-6, while the almost absent ion at m/z=
169, together with m/z=151, showed a further branch at C-8.
The structure 4,6,8-trimethyldecan-2-one (8) was thus pro-
posed from the mass spectrometric data.


Synthesis


We then synthesized a diastereomeric mixture of 8 to verify
the structure (Scheme 1). By use of the synthesis of Mori and
Kuwahara[8]—who synthesized the homo compound 13 during
the synthesis of the mite pheromone lardolure (15)—as a
model, 2,4,6-trimethylphenol (1) was hydrogenated and oxi-
dized to form an enantiomeric mixture of all-cis-2,4,6-trimethyl-
cyclohexanone (2). Bayer–Villiger oxidation furnished the e-lac-
tone 3,[9] which was then opened with sodium methoxide to
form the hydroxy ester 4. During this methanolysis, the C-2
stereogenic center was epimerized, thus a mixture of two dia-
stereomers was obtained. Reduction gave access to two dia-
stereomers of the corresponding diol 5, which was selectively
tosylated at the primary alcohol function to form the tosylate
6. Under copper catalysis conditions, 1-methylpropylmagnesi-
um bromide was coupled with 6 to form the alcohol 7. Final
oxidation then delivered the target compound 8 as a mixture
of all diastereomers, because the stereogenic center at C-2 is
destroyed during this process. Investigation of this mixture by
GC-MS showed that our structural proposal was correct. Fur-
thermore, the four diastereomers could be separated by GC on
an apolar phase. It turned out that the first eluting pair of
enantiomers has the same retention time as the naturally oc-


Figure 1. Gas chromatograms of a) a pentane extract of C. arcuatus treated with CH2N2 and of b) a headspace CLSA
extract. Numbers refer to Table 1. M: Fatty acid methyl esters obtained by the derivatization procedure. E: Naturally
occurring fatty acid ethyl esters. P: Naturally occurring fatty acid 2-pentyl esters. The acids are common saturated and
unsaturated fatty acids ranging from C12 to C24 ; 25 m DB5, from 60 8C to 280 8C at 6 8C min�1.


Table 1. Compounds identified in headspace and solvent extracts of C.
arcuatus.


No.[a] Compound Solvent[b] Head-
space[b]


1 isogeranial (16) +


2 2,3-epoxyneral (17) +


3 2,3-epoxygeranial (18) +


4 neral +++


5 geranial +++


6 tridecane +


7 geranic acid +++


8 (4R*,6R*)-4,6-dimethyloctan-2-one (19) +


9 2-(1-methylethyl)-5-methylhex-2-enal (21) +


10 4,6-dimethylnonan-2-one (20) +


11 2-(1-methylethyl)oct-2-enal (22) +


12 4,8-dimethyldecan-2-one[c] (23) +


13 6,8-dimethyldecan-2-one[c] (24) +


14 4,6,8-trimethyldecen-2-one[c] +


15 (4R,6R,8R)-4,6,8-trimethyldecan-2-one (8) + +++


16 (2S,4R,6R,8R)-4,6,8-trimethyldecan-2-ol (7) ++


17 4,6,8-trimethyldecen-2-one[c] +


18 (4R,6R,8R)-4,6,8-trimethylundecan-2-one (13) ++


19 4,6,8-trimethyldodecan-2-one[c] (25) +


20 4,6,10-trimethyldodecan-2-one[c] (26) +


21 4,6,8,10-tetramethyldodecan-2-one[c] (27) +


22 4,6,8,10-tetramethyltetradecan-2-one[c] (28) +


[a] No. : number in Figure 1. [b] +++ : major component, ++ : minor
component, + : trace component. [c] Tentative identification based on
mass spectrometry, biogenetic considerations, and gas chromatographic
retention times.
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curring compound. We then set out to elucidate the absolute
and relative configurations of natural 8 by further synthesis.
Lactone 3 can be directly transformed into the diol


(2R*,4S*,6S*)-5 by reduction with LiAlH4, thus avoiding epimeri-


zation at C-2 of 3.[8] On application of the described
reaction sequence, an enantiomeric mixture of the
two 4,6-syn diastereomers of 8 was obtained, be-
cause the stereogenic center at C-2 of 7 is lost
during oxidation. These eluted as the first two peaks
in GC, thus confirming the 4,6-syn arrangement in
the natural 8. In the mite Lardoglyphus konoi, the re-
lated aggregation pheromone lardolure 15 has the
all-R configuration.[15] We therefore chose to synthe-
size a pure enantiomer of (4R,6R,8R)-8 in order to
compare it with the natural product. This enantiomer
had previously been synthesized by Morr et al. ,[10]


starting from goose fat. We used a technique based
on the Yamamoto synthesis of 15, starting from the
(2R,4R)-pentane-2,4-diol acetal of cis-3,5-dimethylcy-
clohexanone (9), to obtain the alcohol 10 in a very
high ee.[11, 12] This alcohol was converted into
(4R,6R,8R)-8 by selective tosylation of the primary al-
cohol function to yield compound 11, followed by re-
duction of the tosylate and oxidation of the resulting
alcohol (2R,4R,6R,8R)-7 with Jones’ reagent in better
than 98% ee (Scheme 2).
Chiral gas chromatography was then used to de-


termine the naturally occurring enantiomer of 8 and
its purity. The best separation of the racemic mixture
of the diastereomers was achieved with a 30 m hep-
takis(2,6-di-O-dimethyl-3-O-pentyl)-b-cyclodextrin in
50% OV1701 capillary column at 60 8C. Seven of the
eight compounds were separated, and the peak elut-
ing second was (4R,6R,8R)-8. The peak area indicated
the sixth peak to be the one consisting of two iso-
mers. The natural product, eluting as the second
peak, was shown to represent a pure enantiomer; it
was identical to our synthetic product, thus confirm-
ing our suggestion (Figure 3).


Bioassay


The naturally occurring enantiomer having been
identified, our possession of the synthetic product al-
lowed us to perform bioassays to find out the func-
tion of 8 in the chemical ecology of the mites.
Bioassays were performed in petri dishes, in which


a filter paper with a test solution was placed, with
five mites. The numbers of mites present at the filter
paper were measured in one-minute intervals with
comparison to a test solution (0.5 mLmL�1 hexane)
against pure hexane as control. The results (see
Table 2) show that both males and females spent sig-
nificantly more time on the test filter paper than on
the control filter paper. We also tested whether both
sexes produced 8 by enclosing 20 males or females
separately in small vials and analyzing the headspace


by SPME (solid-phase microextraction). The results showed
that both male and female mites produce the aggregation
pheromone 8 (females 12.8�4.7 ng per individual and males
8.5�2.6 ng per individual).


Figure 2. Mass spectra and fragmentation patterns of 4,6,8-trimethyldecan-2-one (8) and
[D12]8.
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Biosynthesis


The biosynthesis of methyl branched aliphatic pheromones in
insects and other arthropods is not well investigated. All re-
sults obtained so far have indicated that methyl branches in
the middle of a chain are formed by incorporation of a propio-
nate unit originating from methylmalonate into the chain.[4,13]


We therefore added sodium 3,3,3-trideuteropropionate to the
diet and analyzed this culture. After one week, incorporation
of up to four propionate units was detected by GC-MS analysis


of 8. Because of the deuterium effect, deuterated
compounds elute earlier then their undeuterated
counterparts in GC. This resulted in partial separation
of the mixture of compounds originating from the in-
corporation of up to four deuterated propionate
units (see Figure 4). The mass spectrum of the com-
pound eluting first ([M]+ =210, Figure 2) is fully con-
sistent with incorporation of four deuterated propio-
nate units as depicted in Scheme 3. We suggest that
8 is formed by starting with acetate, which is elon-
gated four times with methylmalonate to form acid
14. Oxidative decarboxylation produces the ketone.
The results show that the mites produce the phero-
mone de novo and that it is biogenetically a poly-
ketide; this has also been proposed, but not experi-
mentally proved, for the related pheromone lardolure
15.[9]


Comparison of CLSA and SPME sampling


We then checked—by SPME of live, undisturbed cul-
tures—whether the air flow during the CLSA experi-
ment had any effect on the production of volatiles.
Again, compound 8 was the dominant constituent.


Scheme 1. Synthesis of a diastereomeric mixture of the ketone 8 (relative con-
figurations shown). a) H2, Rh/Al2O3, b) Na2Cr2O7/H2SO4, c) mCPBA, d) NaOMe/
MeOH, e) LiAlH4, f) p-TsCl, pyridine, g) (sec-butyl)MgBr, Li2CuCl4.


Scheme 2. Synthesis of (4R,6R,8R)-8, (4R,6R,8R)-13, (2R,4R,6R,8R)-7, and (2S,4R,6R,8R)-7.
a) Refs. [11, 12]. b) LiAlH4, c) Na2Cr2O7/H2SO4, d) PPh3, BzOH, DEAD, then MeONa.


Figure 3. Separation of 8 by chiral GC on a heptakis(2,6-di-O-dimethyl-3-O-
pentyl)-b-cyclodextrin in 50 % OV1701 phase at 60 8C. a) rac-8, b) (4R,6R,8R)-8,
c) co-injection a and b, d) natural 8, e) co-injection a and d.


Table 2. Reaction of Chortoglyphus arcuatus to filter papers treated with
(4R,6R,8R)-8 (Test) and control filter papers with hexane (Control). Number
of individual mites on the filter paper during the test period.


Test Control p[b]


Females 12.2�8.1[a] 6.0�4.8 0.002
Males 12.4�8.1 7.5�5.9 0.011


[a] Mean� sd (n=25). [b] Level of significance (Wilcoxon matched-pairs
test)
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The large amounts produced by the mites hinder any other
component from being adsorbed by the SPME fiber. The SPME
experiments therefore showed only a single compound, while
the CLSA extracts gave evidence of the presence of several
minor components (see Figure 1 and Table 1). This phenomen-
on should generally be considered when working with SPME.


Further components


We then analyzed further components in the headspace ex-
tracts. Mite-derived components predominated, while diet con-
stituents could only be found in minor amounts. Most of the
compounds had the same biogenetic origin as 8. Their struc-
tures were deduced from their mass spectra, based on the
fragmentation pattern presented above, biosynthetic consider-
ations, and retention times (see Supporting Information for in-
dividual fragmentation patterns). The second prominent com-
pound proved to be the homologue of 8, 4,6,8-trimethylunde-
can-2-one (13). Racemic 13 was synthesized by a procedure
similar to that shown in Scheme 1, by coupling of 6 with 1-
methylbutylmagnesium bromide and subsequent oxidation.
The (4R,6R,8R)-enantiomer was synthesized as shown in
Scheme 2 by treatment of the tosylate 11 with dimethyllithium
cuprate and oxidation. Gas chromatography on a chiral phase
allowed good separation into five peaks, but the natural,
second eluting peak consisted of one compound only, identical
to (4R,6R,8R)-13 (see Supporting Information). The correspond-
ing alcohol of 8, 4,6,8-trimethyldecan-2-ol (7), eluted slightly
after the ketone in the GC and was readily synthesized as a


diastereomeric, racemic mixture by reduction of 8. The
(2R,4R,6R,8R)-enantiomer was obtained during the course of
the synthesis of 8, while the (2S,4R,6R,8R)-enantiomer was syn-
thesized by Mitsunobu inversion of the (2R,4R,6R,8R)-enantio-
mer (Scheme 2). Separation by GC showed that two com-
pounds occur naturally, coeluting with (2S,4R,6R,8R)-7 and its
2R-epimer. They were well separated from the other diaste-
reomers and present in a 96:4 ratio. From these results we
conclude that the two naturally occurring compounds indeed
have the absolute configurations of the synthesized enantio-
mers. The stereogenic centers containing the methyl branches
most probably exhibit the same stereochemistry as the natural
ketone, because additional enzymes with other stereospecifici-
ty would otherwise have to be active during their biosynthesis.
The short ketone (4R*,6R*)-4,6-dimethyloctan-2-one (19) was


identified by comparison with synthetic compounds,
prepared by reaction of tosylate 6 with (CH3)2CuLi,
followed by oxidation. Its biosynthesis can be ex-
plained in terms of only three rounds of methylmalo-
nate elongation compared to the biosynthesis of 8.
The two methyl groups possess the syn configura-
tion. 4,6-Dimethylnonan-2-one (20), the analogue of
13 and also biogenetically formed by only three
rounds of methylmalonate elongation, was identified
similarly. Several further branched ketones could be
tentatively identified (see Supporting Information).
The determination of their configurations awaits fur-
ther synthetic effort, but we know that only one dia-


stereomer of each compound occurs naturally, most probably
with the same all-R configuration as seen in the ketones 8 and
13. They are formed by variation of the biosynthetic scheme
described in Scheme 3. Incorporation of a fifth propionate unit
leads to 4,6,8,10-tetramethyldodecan-2-one (27). Addition of a
second acetate unit before elongation with methylmalonate
furnishes 4,6,8-trimethyldodecan-2-one (25) and 4,6,8,10-tetra-
methyltetradecan-2-one (28). The acetate unit can also be
shifted between two propionate units, as exemplified by 4,8-
dimethyldecan-2-one (23), 6,8-dimethyldecan-2-one (24), and
4,6,10-trimethyldodecan-2-one (26). Finally, double bonds can
occur, but their location cannot be unequivocally assigned by
analysis of the mass spectra (see Table 2). Unusual branched al-
dehydes, not previously known from mites, were also present
in the CLSA extract and were identified by mass spectral analy-
sis and comparison with synthetic samples. The monoterpene
2-(1-methylethyl)-5-methylhex-2-enal (21) is formally formed
by aldol condensation of two isopentanal units. The other
compound was identified as 2-(1-methylethyl)oct-2-enal (22),
formally derived from condensation of isopentanal and hexa-
nal. Both aldehydes occur as mixtures of E and Z isomers and
were synthesized by aldol condensation (Scheme 4).


Discussion


Chemical analyses revealed that (4R,6R,8R)-(8) is released by
both female and male C. arcuatus mites as a major component
from undisturbed colonies. In bioassays, 8 was found to be at-
tractive to both sexes. Thus, according to Borden’s defini-


Scheme 3. Proposed biosynthesis of 8.


Figure 4. TIC of headspace CLSA extract of a mite culture supplemented with
sodium 3,3,3-trideuteropropionate. Total ion current (TIC) and selected molecu-
lar ions characteristic for the incorporation of zero (198), one (201), two (204),
three (207), or four (210) propionate units.
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tion,[14] 8 should be seen as an aggregation pheromone of this
species. In view of the large amounts produced by the mites,
it is reasonable to assume that this pheromone plays an impor-
tant role in the ecology of C. arcuatus. Aggregations produced
by the release of aggregation pheromones can have different
functions in arthropods.[14] They: i) improve the exploitation of
food sources, ii) can serve sexual purposes, bringing males and
females together in one place, and can increase the chances of
survival iii) in the case of predatory attack or iv) by encourag-
ing migration to areas with better microclimatic conditions.
Further studies to examine the ultimate reasons for the forma-
tion of aggregations by the release of 8 and to investigate the
function of the other identified compounds in C. arcuatus are
underway. Aggregation pheromones have only rarely been
identified in mites. Lardolure (15), the formate of the alcohol
(2R,4R,6R,8R)-12, is known from the mite Lardoglyphus konoi,[15]


while 2-phenylethanol has been reported as an aggregation
pheromone of an unknown Caloglyphus sp.[2] We also found
aggregation activity of 2-phenylethanol for C. arcuatus in a pre-
liminary study,[6] but we could not prove its natural occurrence
in the present work. The sex pheromone of Caloglyphus poly-
phyllae, the monoterpene b-acaradial (2-(4-methylpent-3-enyli-
dene)butanedial), also shows aggregation activity.[16] The ag-
gregation pheromone 8 identified in this study, for which we
propose the trivial name chortolure, is an oxidized nor-deriva-
tive of 15. Interestingly, the closely related alcohol 7, also
formed by C. arcuatus, has inverted stereochemistry at C-2 rela-
tive to 15. In a study on the activity of analogues of lardo-
lure,[17] 8 was tested and showed no activity on L. konoi, but
was as attractive as some other derivatives to Carpoglyphus
lactis, which does not produce either 8 or 15. All species
belong to the superfamily Acaroidea, but to different families.
This polyketide type of pheromone, previously identified only
in L. konoi, is quite probably more widespread in mites. Bioge-


netically related 2,4-dimethylheptyl esters of fatty acids were
found in the mite Sancassania shanghaiensis (Acaridae), but
their functions remain unknown.[18] The pheromone 8 is formed
by multiple additions of propionate, so successive methyl branch-
ings occur. A similar principle of pheromone biosynthesis has
previously been shown in insects: in Carpophilus (Nitidulidae)
beetles[13] and formicine ants.[19] Whether the mites and insects
synthesize the pheromones themselves or do so with the help
of symbiotic microorganisms is an open question, because no
polyketide genes have so far been found in animals.


Experimental Section


General remarks : 1H and 13C NMR spectra were obtained with
Bruker AC 200 and AMX 400 instruments. CDCl3 with tetramethylsi-
lane was used as internal standard for NMR experiments. GC-MS in-
vestigations were carried out with a Hewlett–Packard model 5973
mass selective detector connected to a Hewlett–Packard
model 6890 gas chromatograph equipped with a 25 m DB-5 capil-
lary column. Alternatively, a Fisons 8060 GC fitted with a 30 m DB-
Wax capillary column coupled to a Fisons MD800 quadrupole mass
spectrometer was used. Helium was used as the carrier gas, and
the mass spectrometers were operated in EI mode at 70 eV. Analyt-
ical GC analyses were performed with a CE instruments GC 8000
gas chromatograph fitted with a flame ionization detector and
with use of split/splitless injection on a DB-5 capillary column with
H2 as the carrier gas. Reactions were carried out mostly under an
inert atmosphere of N2 in oven-dried glassware. Dry solvents were
distilled from CaH2 (CH2Cl2) or K and Na (THF). All other chemicals
were commercially available (Fluka, Aldrich) and were used without
further treatment if not stated otherwise. All reactions were moni-
tored by thin-layer chromatography on Macherey–Nagel Polygram
SIL G/UV254 silica plates visualized with heat gun treatment with
10% molybdatophosphoric acid in ethanol. Column chromatogra-
phy was performed on Merck silica gel 60 (70–200 mesh). All new
compounds were determined to be >95% pure by HPLC, GC, or
1H NMR spectroscopy. Identification of known compounds was ac-
complished by comparison of mass spectra with those in the data-
bases Wiley7, NIST 2.0, and MassFinder 2.3 (essential oils) and com-
parison of synthetic samples if not stated otherwise. Chiral GC was
carried out on a 30 m heptakis(2,6-di-O-dimethyl-3-O-pentyl)-b-cy-
clodextrin in 50% OV1701 capillary column.


Mite culture and analysis : Mites were kept in small open flasks on
a diet consisting of dry yeast and wheat baked together at 100 8C,
to which an equal amount of dry fish food was added. The mite
culture flasks[6] were kept in larger closed vessels at 26 8C at 70%
relative humidity (sat. 1:1 KCl/NaCl solution). The flasks were con-
nected to a CLSA apparatus[7] fitted with charcoal or Super-Q filters.
Both filters furnished very similar results. The filters were extracted
after 6–24 h of sampling with 30 mL CS2 or methyl acetate and
were analyzed by GC-MS. SPME analysis was performed by inser-
tion of a SPME-fiber coated with PDMS/DVB at a film thickness of
100 mm into the vial for 30 min. and subsequent desorption in the
injection port of a gas chromatograph for 1 min. To examine the
sex-specific release of 8, 20 male or 20 female mites were placed
in a vial (1.5 mL) and analyzed by SPME. The peak areas of 8 were
compared with data of a calibration curve produced with 850 ng,
425 ng, and 85 ng ketone. The analysis was repeated three times
for each sex. The mite extracts were obtained by sieving mites
from the culture medium and putting them directly into pentane.
After 30 min. the solvent was decanted and stored until analysis at


Scheme 4. Further compounds identified from C. arcuatus.
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�70 8C. Methylation of acids was performed by addition of distilled
solutions of CH2N2 in pentane to the extracts.


Deuteropropionate feeding : 3,3,3-Trideuteropropionic acid
(0.3 mL) was neutralized with NaOH (1n) and added to the diet
materials (1 g). This mixture was lyophilized and added to a fully
grown mite culture (3 g). The culture was analyzed after one and
four weeks by CLSA and SPME, respectively.


Bioassays : Experiments were performed in a climatic chamber at
25 8C and 70% relative humidity. Five male or five female C. arcua-
tus were placed in a glass dish (diameter 30 mm, 10 mm deep) to-
gether with a filter paper disk (diameter 5 mm) treated with
(4R,6R,8R)-8 (5 mL, 425 mgmL�1) (Test) and control filter papers
treated with hexane (5 mL, Control). The numbers of individuals at
the filter papers were counted each minute for a total of 10 min.
The counts from the 10 min. periods were summed up separately
for test and control filter papers. The experiment was repeated 25
times for each sex. Each mite was used only once. Summed-up
counts on test and control filter papers were compared by the Wil-
coxon matched pairs test (see Table 2).


General procedure for the oxidation of alcohols : The appropriate
alcohol (4 mmol) was dissolved in acetone (5 mL). This solution
was tritrated with Jones’ reagent (8n in 115 mL conc. H2SO4 and
500 mL water) until a brownish color persisted for 10 minutes.
Excess aq. NaHSO3 (10%) was added, the acetone was removed,
and the residues were extracted with diethyl ether. The combined
organic phases were washed successively with a small amount of
water, sat. aq. NaHCO3, and brine, and finally dried with MgSO4.
The crude product was isolated after removal of the solvent and
column chromatography on silica (hexane/diethyl ether).


all-cis-2,4,6-Trimethylcyclohexanone (2): 2,4,6-Trimethylphenol (1,
5.52 g, 40.5 mmol) was dissolved in absolute ethanol (15 mL), and
acetic acid (0.5 mL) was added. The mixture was hydrogenated
under H2 atmosphere (35–40 bar) for four days in the presence of
Rh (0.3 g, 5% on activated Al2O3). The solvent was removed after
filtration, and the residue was taken up in water and extracted
with diethyl ether. The combined organic phases were washed
with sat. aq. NaHCO3 and dried with MgSO4, and the diethyl ether
was removed. The crude alcohol was oxidized according to the
general procedure. Yield 4.73 g (83%), 93% de (by GC). 1H NMR
(400 MHz, CDCl3): d=2.4 (m, 2H; H-2, H-6), 2.05–1.95 (m, 3H; Heq-3,
H-4), 1.1 (m, 2H; Hax-3), 1.0 (d, J=6.1 Hz, 6H; CH3-(C-2, C-6)),
0.9 ppm (d, J=6.1 Hz, 3H; CH3-C-4);


13C NMR (101 MHz, CDCl3): d=
214.8 (C-1), 45.3 (C-3, C-5), 44.2 (C-2, C-6), 32.0 (C-4), 21.2 (CH3-C-4),
14.5 ppm (CH3-(C-2, C-6)) ; MS (70 eV): m/z (%): 39 (26), 40 (14), 41
(62), 42 (23), 43 (11), 55 (55), 56 (18), 69 (100), 70 (29), 82 (57), 83
(25), 97 (24), 98 (13), 112 (7), 125 (3), 140 (17).


all-cis-3,5,7-Trimethyloxacycloheptan-2-one (3): Compound 3 was
prepared from 2 in 91% yield by Mori and Kuwahara’s procedure.[9]
1H NMR (400 MHz, CDCl3): d=4.5 (m, 1H; H-6), 2.7 (m, 1H; H-2), 1.9
(m, 1H; H-4), 1.8 (m, 1H), 1.6 (m, 1H), 1.35 (d, 3H; H-7), 1.34 (m,
1H), 1.28 (m, 1H), 1.2 (d, J=6.9 Hz, 3H; CH3-C2), 0.9 ppm (d, J=
6.6 Hz, 3H; CH3-C4) ;


13C NMR (101 MHz, CDCl3): d=177.6 (C-1), 74.9
(C-6), 44.3 (t), 40.3 (t), 36.8 (d), 34.7 (d), 22.7 (q), 22.6 (q), 18.6 ppm (q).


(4R*,6R*)-2,4-Dimethylheptane-1,6-diol (5): Sodium methoxide
(0.5m, 25 mL) in methanol was added to 3 (1.475 g, 9.4 mmol) in
methanol (6 mL), and the mixture was heated under reflux for 4 h.
After the mixture had been stirred overnight at room temperature,
the solution was neutralized with HCl (6m). The water/methanol
solvent was removed under reduced pressure, and the residue was
taken up in dry diethyl ether. This solution was added dropwise to


a cooled (0 8C) solution of LiAlH4 (20 mmol) in dry diethyl ether
(50 mL). After the addition, the mixture was stirred for 1 h at room
temperature, followed by dropwise addition of aq. NaOH (10%)
until a white precipitate formed. The mixture was filtered through
a BPchner funnel, and the residue was washed several times with
diethyl ether. Removal of the solvent furnished an oily residue
(1.51 g, 100% yield) sufficiently pure for the next step. The two dia-
stereomers were formed in a proportion of 1:1 (NMR). 1H NMR
(400 MHz, CDCl3): d=3.9 (m, 2H; H-6), 3.5 (m, 4H; H-1), 1.7 (m,
4H), 1.5 (m, 2H), 1.4 (m, 2H), 1.2 (d, J=6.1 Hz, 6H; H-7), 1.1 (m,
2H), 1.0 (m, 2H), 0.93 ppm (d, J=6.6 Hz, 6H), 0.90 (d, J=6.6 Hz,
6H); 2,4-syn diastereomer: 13C NMR (101 MHz, CDCl3): d=69.0 (t),
66.0 (d), 47.3 (t), 41.6 (t), 32.0 (d), 26.8 (d), 24.5 (q), 19.4 (q),
16.7 ppm (q); 2,4-anti diastereomer: 13C NMR (101 MHz, CDCl3): d=
67.5 (t), 65.4 (d), 46.2 (t), 41.2 (t), 32.5 (d), 26.5 (d), 23.9 (q), 19.7 (q),
17.0 ppm (q).


(2R*,4R*)-4,6,8-trimethyldecan-2-ol (7): Compound 7 was pre-
pared from (4R*,6R*)-2,4-dimethyl-1,6-heptanediol via the tosylate
6 by Mori and Kuwahara’s procedure[8] in 44% overall yield with
use of 1-methylpropylmagnesium bromide. The four diastereomers
were formed in a 1:1:1:1 ratio (GC). 1H NMR (400 MHz, CDCl3): d=
3.94–3.85 (m, 4H; H-2), 1.8–0.7 ppm (m, 116H); MS (70 eV): m/z
(%): 41 (34), 43 (46), 45 (100), 55 (13), 57 (10), 69 (12), 85 (4), 97 (1),
111 (4), 126 (1), 153 (1), 199 (1).


4,6,8-Trimethyldecan-2-one (8): The alcohol 7 was oxidized by the
general oxidation procedure to yield a 1:1:1:1 mixture (GC) of the
diastereomers in 93% yield. 1H NMR (400 MHz, CDCl3): d=2.5–2.0
(m, 8H; H-3), 2.12 (s, 12H; H-1), 1.6–0.7 ppm (m, 84H); MS see
Figure 2.


(2R,4R,6R,8R)-Trimethyldecan-2-ol ((2R,4R,6R,8R)-7): A solution of
11 (310 mg, 0.84 mmol) in dry diethyl ether (8 mL) was added at
0 8C to a suspension of LiAlH4 (760 mg, 20 mmol) in dry diethyl
ether (20 mL). After the mixture had been stirred at room tempera-
ture for 2 h, a NaOH solution (10%) was added dropwise until a
white precipitate occurred. The mixture was filtered through a
BPchner funnel and the residue was washed several times with di-
ethyl ether. The combined organic phases were evaporated, and
the residue was purified by column chromatography on silica
(hexane/diethyl ether 9:1). [a]21D =�20.4 (c=2.03 in CHCl3) ; 1H NMR
(400 MHz, CDCl3): d=3.91 (m, 1H; H-2), 1.80–0.75 (m, 11H), 1.20 (d,
J1,2=6.1 Hz, 3H; H-1), 0.89 (d, J=6.6 Hz, 3H; CH3), 0.86 (t, J=
6.2 Hz, 3H; CH3), 0.84 (d, J=6.1 Hz, 3H; CH3), 0.82 ppm (d, J=
6.3 Hz, 3H; CH3);


13C NMR (101 MHz, CDCl3): d=66.3 (C-2), 47.3 (t),
46.4 (t), 44.5 (t), 32.2 (t), 31.0 (C-9), 27.7, 27.0, 24.8, 21.1, 20.4, 20.0,
11.6 ppm (C-10); MS see Supporting Information. de : 97% (GC, as
TMS derivative).


(2S,4R,6R,8R)-Trimethyldecan-2-ol ((2S,4R,6R,8R)-7): A mixture of
(2R,4R,6R,8R)-7 (20 mg, 0.10 mmol), PPh3 (29 mg, 0.11 mmol), ben-
zoic acid (17 mg, 0.14 mmol), diethyl diazodicarboxylate (DEAD,
19 mL, 0.12 mmol), and CH2Cl2 (1 mL) was stirred for 16 h at 20 8C.
The solvent was removed, and the residue was purified by chroma-
tography on silica (hexane/diethyl ether 10:1). Starting material
(8 mg) was recovered, while the benzoate (14 mg, 44% yield) was
dissolved in methanol (1 mL). A solution of sodium methoxide in
methanol (4m, 1 mL) was added, and the mixture was stirred at
room temperature overnight. The solution was then acidified with
HCl (1n) and extracted with diethyl ether. The ethereal extract was
washed with sat. NaHCO3 solution and dried with MgSO4, and the
solvent was removed. The residue was purified by column chroma-
tography on silica (pentane/diethyl ether 10:1), yielding 5 mg
(57%) with an de of 97% (GC). The compound had a mass spec-
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trum identical to that of (2R,4R,6R,8R)-7. The TMS derivative of
(2S,4R,6R,8R)-7 had a longer retention time (21.43 min) than its
epimer (2R,4R,6R,8R)-7 (21.03 min) on an apolar gas chromato-
graphic phase. [a]21D =�2.04 (c=1.05 in CHCl3). The NMR data were
identical to those reported by Morr et al.[10]


(4R,6R,8R)-4,6,8-Trimethyldecan-2-one ((4R,6R,8R)-8): The alcohol
(2R,4R,6R,8R)-7 was oxidized by the general oxidation procedure to
yield the target ketone in 91% yield and with an ee>98%. [a]21D =


+1.2 (c=5.5 in CHCl3);
1H NMR (400 MHz, CDCl3): d=2.41 (dd, J=


14.8 Hz, 4.3 Hz, 1H; H-3a), 2.14 (dd, J=8.7 Hz, 14.8 Hz, 1H; H-3b),
2.13 (s, 3H; H-1), 1.6–0.8 (m, 9H), 0.89 (d, J=6.6 Hz, 3H; CH3), 0.86
(t, J=6.1 Hz, 3H; H-10), 0.85 (d, 3H; CH3), 0.84 ppm (d, J=6.1 Hz,
3H; CH3);


13C NMR (101 MHz, CDCl3): d=209.3 (C-2), 51.0 (C-3), 45.1
(t), 44.6 (t), 31.5 (d), 30.5 (d), 28.9 (C-9), 27.5 (d), 26.8 (C-1), 20.6 (q),
20.6 (q), 19.9 (q), 11.2 ppm (C-10); MS (70 eV): m/z (%): 39 (14), 41
(50), 42 (17), 43 (100), 55 (16), 57 (20), 58 (14), 69 (16), 85 (20), 97
(2), 109 (2), 123 (1), 140 (2), 151 (1), 165 (1), 180 (1), 183 (1), 198 (1).


(4R,6R,8R)-Trimethylundecan-2-one ((4R,6R,8R)-13): The com-
pound was prepared by the general procedure from 12, which was
prepared by Yamamoto’s procedure.[12] The overall yield over two
steps was 91%, with an ee>98%. [a]21D =++7.2 (c=5.4 in CHCl3) ;


1H
NMR (400 MHz, CDCl3): d=2.42 (dd, J=15.3 Hz, 4.1 Hz, 1H; H-3a),
2.15 (dd, J=8.7 Hz, 15.3 Hz, 1H; H-3b), 2.13 (s, 3H; H-1), 1.6–0.8
(m, 11H), 0.89 (d, J=6.1 Hz, 3H; CH3), 0.88 (t, J=7.1 Hz, 3H; H-10),
0.85 (d, J=6.6 Hz, 3H; CH3), 0.84 ppm (d, J=6.6 Hz, 3H; CH3);


13C
NMR (101 MHz, CDCl3): d=209.2 (C-2), 51.1 (C-3), 45.1 (t), 45.1 (t),
58.9 (C-9), 30.5 (d), 29.7 (d), 27.5 (d), 26.7 (C-1), 20.7 (q), 20.6 (q),
20.4 (q), 20.0 (C-10), 11.2 ppm (C-10); MS (70 eV): m/z (%): 41 (33),
42 (14), 43 (100), 55 (13), 58 (11), 69 (14), 85 (21), 99 (1), 111 (3),
154 (1), 179 (1), 194 (1), 197 (1), 212 (1).


(4R*,6R*)-4,6-Dimethyloctan-2-one (19): A solution of methyllithi-
um (5.25 mL, 1.6m in diethyl ether) was added at 0 8C to a suspen-
sion of CuI (0.8 g, 4.2 mmol) in dry diethyl ether (5 mL). After the
disappearance of the yellowish color the solution was cooled to
�70 8C, and (2R*,4R*,6R*)-6 (132 mg, 0.42 mmol) in dry diethyl
ether (5 mL) was added (this was obtained from 3 as described by
Mori and Kuwahara[8]). The solution was stirred for 2 h, and sat.
NH4Cl solution was added. The residue was dissolved with aq. NH3.
The phases were separated, and the aq. phase was extracted with
diethyl ether. The combined organic phases were washed with
brine and dried with Na2SO4, and the solvent was removed. The
residue was purified by column chromatography on silica (pen-
tane/diethyl ether 10:1), yielding (2R*,4R*,6R*)-4,6-dimethyl-2-octa-
nol (51 mg, 76% yield). The alcohol was oxidized by the general
oxidation procedure to yield the target ketone in 95% yield. 1H
NMR (400 MHz, CDCl3): d=2.41 (dd, J3a,3b=15.5 Hz, J3a,4=4.8 Hz,
1H; H-3a), 2.17 (dd, J3b,4=8.6 Hz, 1H; H-3b), 2.13 (s, 3H; H-1),
1.45–0.95 (m, 6H), 0.89 (d, J=6.3 Hz, 3H; CH3), 0.86 (t, J7,8=6.8 Hz,
3H; H-8), 0.85 ppm (d, J=6.2 Hz, 3H; CH3);


13C NMR (101 MHz,
CDCl3): d=209.2 (C-2), 51.3 (C-3), 44,4 (C-5), 31.6 (C-6), 30.5 (C-1),
29.1 (C-7), 26.9 (C-4), 20.5 (q), 19.6 (q), 11.2 ppm (C-8).


5-Methyl-2-(1-methylethyl)hex-2-enal (21) and 2-(1-methylethyl)-
oct-2-enal (22): A mixture of hexanal (1 mL, 8.34 mmol) and 3-
methylbutanal (1 mL, 9.33 mmol) was stirred for 1 h together with
KOH in ethanol (7%, 3 mL) at room temperature. The mixture was
neutralized with HCl (1n) and extracted with diethyl ether, and the
combined organic extracts were washed with water and sat. brine.
After drying with Na2SO4, the solvent was removed, and the resi-
due was partly separated by column chromatography with silica
(pentane/diethyl ether 10:1). The following products were formed
by the aldol condensation: (E)-5-methyl-2-(1-methylethyl)hex-2-


enal ((E)-21, 26%), (Z)-5-methyl-2-(1-methylethyl)hex-2-enal ((Z)-21,
4%), (E)-2-(1-methylethyl)oct-2-enal ((E)-22, 62%), (Z)-2-(1-methyl-
ethyl)oct-2-enal ((Z)-21, 1%), 2-butyl-5-methylhex-2-enal (2%), 2-
butyloct-2-enal (5%).


(E)-2-(1-Methylethyl)oct-2-enal ((E)-21): 1H NMR (400 MHz, CDCl3):
d=9.38 (s, 1H; H-1), 6.47 (t, J3,4=7.5 Hz, 1H; H-3), 2.25 (q, J4,5=
7.5 Hz, 2H; H-4), 1.82 (sept, J1’,2’=6.7 Hz, 1H; H-1’), 1.40–1.26 (m,
6H; H-5, H-6, H-7), 0.97 (d, 6H; H-2’), 0.90 ppm (t, J8,7=6.9 Hz, 3H;
H-8); 13C NMR (101 MHz, CDCl3): d=195.3 (C-1), 154.2 (C-3), 144.5
(C-2), 37.8 (t), 30.9 (t), 28.3 (C-1’), 23.8 (t), 22.8 (t), 22.5 (2C, C-2’),
13.9 ppm (C-8); MS see Supporting Information.


(E)-5-Methyl-2-(1-methylethyl)hex-2-enal ((E)-22): 1H NMR
(400 MHz, CDCl3): d=9.34 (s, 1H; H-1), 6.35 (t, J3,4=7.6 Hz, 1H; H-
3), 2.88 (m, 1H; H-5), 2.27 (dd, J4,5=7.0 Hz, 2H; H-4), 1.81 (sept,
J1’,2’=6.7 Hz, 1H; H-1’), 1.18 (d, J6,5=7.1 Hz, 6H; H-6), 1.0 ppm (d,
6H; H-2’) ; 13C NMR (101 MHz, CDCl3): d=195.6 (C-1), 154.2 (C-3),
148.5 (C-2), 37.8 (C-4), 28.4 (C-5), 26.0 (C-1’), 22.4 (2C, C-6),
20.3 ppm (2C, C-2’) ; MS see Supporting Information.


Acknowledgements


We thank the Fonds der Chemischen Industrie for financial support.


Keywords: behavior · biosynthesis · ketones · pheromones ·
polyketides


[1] Y. Kuwahara in Advances in Insect Chemical Ecology (Eds. : R. T. Carde, J.
Millar), Cambridge University Press, Cambridge, 2004, pp. 110–140.


[2] Y. Kuwahara in Modern Acarology, Vol. 1 (Eds. : F. Dusbabek, V. Bukva),
Academia, Prague, 1991, pp. 43–52.


[3] W. L. Roelofs, Proc. Natl. Acad. Sci. USA 1995, 92, 44–49.
[4] J. A. Tillman, S. J. Seybold, R. A. Jurenka, G. J. Blomquist, Insect Biochem.


Mol. Biol. 1999, 29, 481–514.
[5] H. MPsken, J.-T. Franz, R. Wahl, A. Paap, O. Chromwell, G. Masuch, K.-C.
Bergmann, J. Invest. Allergol. Clin. Immunol. 2003, 13, 26–35.


[6] J.-T. Franz, S. Schulz, R. Wegener, G. Masuch, K. C. Bergmann, H.
MPsken, Allergo J. 1999, 8, 70–77.


[7] W. Boland, P. Ney, L. Jaenicke, G. Gassmann in Analysis of Volatiles (Ed. :
P. Schreier), de Gruyter, Berlin, 1984, pp. 371–380.


[8] K. Mori, S. Kuwahara, Tetrahedron 1986, 42, 5539–5544.
[9] K. Mori, S. Kuwahara, Tetrahedron 1986, 42, 5545–5550.
[10] M. Morr, C. Proppe, V. Wray, Liebigs Ann. 1995, 2001–2004.
[11] M. Kaino, Y. Naruse, K. Ishihara, H. Yamamoto, J. Org. Chem. 1990, 55,


5814–5815.
[12] N. Hanaki, M. Kaino, Y. Naruse, K. Ishihara, H. Yamamoto, Tetrahedron


1996, 52, 7297–7320.
[13] R. J. Bartelt, D. Weisleder, Bioorg. Med. Chem. 1996, 4, 429–438.
[14] J. H. Borden in Comprehensive Insect Physiology, Biochemistry and Phar-


macology, Vol. 9 (Eds. : G. A. Kerkut, L. I. Gilbert), Pergamon, Oxford,
1985, pp. 257–286.


[15] Y. Kuwahara, L. T. M. Yen, Y. Tominaga, K. Matsumoto, Y. Wada, Agric.
Biol. Chem. 1982, 46, 2283–2291.


[16] N. Shimizu, N. Mori, Y. Kuwahara, Biosci. Biotechnol. Biochem. 2001, 65,
1724–1728.


[17] Y. Kuwahara, N. Asami, M. Morr, S. Matsuyama, T. Suzuki, Appl. Entomol.
Zool. 1994, 29, 253–257.


[18] T. Sakata, K. Okabe, Y. Kuwahara, Biosci. Biotechnol. Biochem. 2001, 65,
919–927.


[19] H. J. Bestmann, E. Qbler, B. Hçlldobler, Angew. Chem. 1997, 109, 391–
394; Angew. Chem. Int. Ed. Engl. 1997, 36, 395–397.


Received: April 19, 2004


Early View Article
Published online on October 13, 2004


ChemBioChem 2004, 5, 1500 – 1507 www.chembiochem.org = 2004 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim 1507


Aggregation Pheromone of Chortoglyphus arcuatus



www.chembiochem.org






NMR Backbone Assignment of a Protein Kinase
Catalytic Domain by a Combination of Several
Approaches: Application to the Catalytic
Subunit of cAMP-Dependent Protein Kinase
Thomas Langer,* Martin Vogtherr, Bettina Elshorst, Marco Betz,
Ulrich Schieborr, Krishna Saxena, and Harald Schwalbe*[a]


Introduction


Protein phosphorylation and dephosphorylation are critical in-
tegral parts of signal transduction events enabling cells to re-
spond to external stimuli. This is achieved by protein kinases
catalyzing the transfer of the g-phosphate from ATP to a target
protein and thereby altering the activation state of the target
protein. The reverse reaction, dephosphorylation, is accom-
plished by various protein phosphatases. Many kinases are
themselves also phosphorylated, and phosphorylation often
leads to activation or “switching on” of the kinases. Kinetic
activity is reduced by dephosphorylation or “switching off”.
Within the human genome, 518 putative protein kinase genes
have been identified.[1] Due to their importance in intracellular
signaling, deregulation of protein kinases can cause various
diseases.[2, 3] All known protein kinase catalytic domains share
the same bilobular tertiary structure, with the active site locat-
ed in a cleft between the two lobes. The smaller N-terminal
lobe containing the ATP-binding site consists mainly of b-
sheets, while the C-terminal lobe comprising the protein-sub-
strate-recognition elements is predominantly a-helical.


The PKA-holoenzyme is made up of two regulatory subunits
and two catalytic subunits. Upon binding of cAMP to the regu-
latory subunits, the PKA catalytic subunits are released (re-
viewed in[5]). For full catalytic activity, the catalytic subunit has
to be phosphorylated. Indeed, the phosphorylation of residues
Thr197 and Ser338, situated in the catalytic subunit, is quite
stable even in the presence of phosphatases, and these phos-
phorylation sites have also been termed “stable” or “silent”.[6]


In eukaryotic cells, PKA catalytic activity is controlled by associ-
ation of the phosphorylated catalytic subunit with the regula-
tory subunits. The PKA catalytic subunit can also be expressed
recombinantly in E. coli ; the protein is phosphorylated due to
its autocatalytic activity.[7] Furthermore, Ser10 and Ser139 are
also phosphorylated in the recombinant protein. Isoforms con-
taining two, three, and four phosphate groups can be discrimi-
nated, and phosphorylation on Ser139 seems to occur only in
E. coli.[8, 9] No physiological functions have been reported for
the two phosphorylation sites S10 and S139. Thr197 lies in the
activation loop and phosphorylation is required for ATP bind-
ing. Ser338 is located in the hydrophobic motif at the C
terminus.


More than 100 physiological targets of PKA have so far been
described.[10] Due to this broad substrate spectrum and its mul-
tiple functions, PKA is currently not considered to be a phar-
maceutical target. However, because of the high degree of
structural and functional conservation within the protein


Protein phosphorylation is one of the most important mecha-
nisms used for intracellular regulation in eukaryotic cells. Current-
ly, one of the best-characterized protein kinases is the catalytic
subunit of cAMP-dependent protein kinase or protein kinase A
(PKA). PKA has the typical bilobular structure of kinases, with the
active site consisting of a cleft between the two structural lobes.
For full kinase activity, the catalytic subunit has to be phosphory-
lated. The catalytic subunit of PKA has two main phosphorylation
sites : Thr197 and Ser338. Binding of ATP or inhibitors to the ATP
site induces large structural changes. Here we describe the partial
backbone assignment of the PKA catalytic domain by NMR
spectroscopy, which represents the first NMR assignment of any


protein kinase catalytic domain. Backbone resonance assignment
for the 42 kDa protein was accomplished by an approach em-
ploying 1) triply (2H,13C,15N) labeled protein and classical NMR as-
signment experiments, 2) back-calculation of chemical shifts from
known X-ray structures, 3) use of paramagnetic adenosine deriva-
tives as spin-labels, and 4) selective amino acid labeling. Interpre-
tation of chemical-shift perturbations allowed mapping of the in-
teraction surface with the protein kinase inhibitor H7. Further-
more, structural conformational changes were observed by com-
parison of backbone amide shifts obtained by 2D 1H,15N TROSY
of an inactive Thr197Ala mutant with the wild-type enzyme.
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kinase family, and since large amounts of recombinant and
active catalytic subunit PKA can easily be obtained, this protein
kinase has become a model kinase for all other kinases.[11,12]


Numerous X-ray structures of free PKA and of inhibitor- and
substrate-bound complexes are available (reviewed in[4]). How-
ever, the structure of the non-phosphorylated and hence inac-
tive PKA is unknown. The conserved PKA catalytic subunit core
encompasses amino acids 40–300.[13] Unique features of the
PKA catalytic subunit are the A-helix (amino acids 16–31) bear-
ing an N-myristylation motif, and a 50-residue extension at the
C terminus with a FTEF sequence. This amino acid stretch folds
back to the N-terminal lobe where the sidechains of the phe-
nylalanines are bound in a hydrophobic cleft.[4]


Protein kinases are rather flexible molecules. Conformation
and dynamic behavior depend on the activation status and on
the binding of substrates.[14] The available X-ray structures
have provided important snapshots of the protein in different
states;[15–17] however, these structures do not provide a detailed
view of the underlying dynamic processes. Spectroscopic tech-
niques are therefore an ideal complement to the available
structural data. In particular, NMR allows monitoring of a wide
range of motional processes by relaxation analysis, and of
global large-scale motions by evaluation of residual dipolar
couplings. Up to now, no assignment of the NMR signals of
any protein kinase catalytic domain is publically available.
Recent developments have made proteins of this size amena-
ble to modern NMR methods; however, assignment of such a
protein is clearly non-standard. Here we report on the NMR
resonance assignment of 70% of all resolved NMR peaks; this
corresponds to 56% of the number of amino acids, by a com-
bination of several approaches that should be generally appli-
cable to other protein kinases.


Results


Composition of the NMR sample


All NMR experiments require homogeneous, side-chain-deuter-
ated and backbone-protonated proteins. Side-chain deutera-
tion, as judged from the 1H NMR, is nearly complete. Since the
cells were grown in aqueous medium, there are no intensity
losses due to incomplete back-exchange of hydrogen-bonded
protons.


The PKA catalytic subunit can be phosphorylated at four dif-
ferent sites when expressed in E. coli.[7–9] The phosphorylation
statuses of the protein samples were analyzed by 31P NMR, and
four 31P resonances were observed (data not shown). Our
results are consistent with the findings described by Seifert
et al.[9]


Extent of assignment


The recombinant expressed PKA consists of 353 amino acids,
eight of which are prolines. The spectra gave 274 backbone
amide peaks in total, and 191 of these amide backbone reso-
nances were assigned; this represents 70% of the total
amount of resolved peaks. The extent of assignment corre-


sponds to 55%, based on the total number of amino acids.
Figure 1 shows an annotated TROSY spectrum and a mapping
of assigned residues onto the structure and the sequence. As-
signed regions include the N- and C-terminal sequences, most
of the N lobe, including the glycine-rich loop, and most sol-
vent-exposed residues of the C lobe. Assignments for the
buried helices in the interior of the C lobe are missing.
Through the use of uniform 2H, 13C, and 15N labeling and the
TROSY scheme, it is possible to achieve correlations even for
large proteins.[18,19] This approach is sufficient for complete as-
signment of the rather flexible N and C termini of PKA. In the
more rigid parts of the protein, however, many expected corre-
lations were missing, and this resulted in incomplete NMR data
sets. Furthermore, the number of possible assignments increas-
es with the protein’s size. This means that only relatively short
stretches can be correlated and are difficult to “match” on the
sequence.


The chemical shift matching strategy


To circumvent the “matching” problem, we employed a novel
chemical shift prediction approach. Briefly, chemical shifts for
backbone and Cb are predicted from a known structure.[20]


Whereas back-calculation of chemical shifts has been continu-
ously refined over the years, its use for assignments has not
been exploited so far. The reason is that for any one particular
shift the error is too large, and the situation is not much better
for two correlated shifts (e.g. , a cross-peak in a TROSY spec-
trum). However, experimental data for a correlated stretch of
amino acids provide enough information for a matching strat-
egy. These empirical data are compared with predicted shifts
for any possible location. At the correct location A, the agree-
ment between the two, as expressed by a target function
rmsd(A), becomes optimal.


Evidently, this method should be very useful in the automat-
ed assignment of proteins with known X-ray structures and
with incomplete correlation data. Another benefit is the possi-
bility to identify “wrong” correlations, since these lead inevita-
bly to high rmsd values. We are currently exploring the limits
of this approach on a broader basis of protein structures. This
approach will be published in detail elsewhere.


Use of spin-labels


PKA possesses a well-characterized binding site for ATP. ATP
binding induces large-scale motions of the protein.[4] Therefore,
the magnitude of chemical-shift perturbations induced by ATP
binding is not directly linked with proximity to the ATP binding
site. In contrast, use of a paramagnetic spin-label such as spin-
labeled adenosine (Scheme 1, leading to a pure distance-de-
pendent line broadening or disappearance of signals, was the
method of choice for unambiguous localization of amino acids
near the ATP binding site (data not shown). Since no X-ray
structure is available for the complex of PKA with spin-labeled
adenosine, there is some uncertainty concerning the position
of the radical center. The coordinates of the ATP b-phosphate
in the PKA·ATP complex were used to approximate the posi-
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Figure 1. A) Annotated 800 MHz 13C-decoupled
TROSY spectrum of PKA at pH 6.0. B) Mapping of as-
signed amino acids on the PKA tertiary structure
(pdb code 1ATP). Assigned amino acids are blue. The
position of ATP in the X-ray structure is indicated.
C) Mapping of assigned amino acids on the primary
sequence of the construct in use. Assigned residues
appear hatched. The Hanks and Hunter designation
of conserved protein kinase regions appears below
the sequence.[13] Phosphorylation sites are marked
with asterisks.
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tion of the radical center. Peaks within a radius of 20 L around
the adenosine-binding site are then affected.


PKA binds ATP·M2+ (M=Mg, Mn). Small amounts of Mn2+


are expected to induce line-broadenings arising from the struc-
turally well-defined coordinates of the metal ion. In fact, ob-
served line-broadening effects were dispersed over the whole
protein, presumably due to unspecific binding of Mn2+ to neg-
atively charged surface residues.


Selectively labeled samples


A previous study reported selective labeling of the cAbl kinase
catalytic domain, which can be expressed only in insect cells,
for NMR purposes.[21] Uniform labeling by expression in E. coli
is straightforward, but the selective labeling of specific amino
acids is nevertheless a very helpful approach to alleviate spec-
tral overlap or to distinguish between two possible assign-
ments, for example. For our purposes, PKA selectively labeled
with six different 15N-labeled amino acids (Phe, Tyr, Leu, Asp,
Ile, Val) was used. The only observed scrambling reaction was
the conversion of Asp to Asn. In that case, Asp peaks were
found in the TROSY spectrum together with peaks from Asn.
As an example, Figure 2 shows the annotated subspectrum of
PKA selectively labeled with 15N-Val.


An even higher specificity for selected sites can be achieved
with 13C,15N double labeling and filtering by a 2D HNCO.[22] In a
published version using 13C,15N Val only Val–Val sequences have
been identified. As an extension of this approach, we used 1–
13C Tyr and 15N Val doubly selectively labeled PKA to identify
the only Tyr–Val sequence in the protein, Tyr122–Val123, which
is located in the hinge region. As expected, only one peak in
the 2D HNCO spectrum appeared (data not shown). This ena-
bled us to identify the Val123 TROSY peak, which has no inter-
residual correlations in the 3D spectra.


Combined use of spin-labels and selectively labeled samples


The combination of selective labeling with a spin-label allows
quantification of the amount of line-broadening, which is oth-
erwise difficult due to overlapping lines. This approach leads
to a more detailed picture of the distance between a given
amide group and the spin-label.


Figure 3a shows a plot of relative intensities of all assigned
Val signals versus their distance from the spin-label. This is
schematically depicted in Figure 3b. A clear distinction be-
tween affected and unaffected peaks, dependent on the dis-
tance as expected from the r�6 relationship, was found. Obvi-


ously, peaks with <18 L distance from the spin-label were
affected. Val15 and Val251 are outliers. Val15, which is safely as-
signed on the basis of interresidual correlations, is strongly af-
fected although it is far away from the ATP binding site. Con-
sistently, most residues in the N-terminal helix are shifted after
addition of (non-spin-labeled) adenosine. This behavior cannot
be explained by available coordinates, although the non-myris-
tylated N-terminus of PKA is highly flexible and might also
adopt conformations closer to the ATP binding site. Another
explanation would be to assume weak binding of adenosine
to the N terminus.


With this approach, it was possible to detect and assign 19
out of the total of 20 valine residues. These experiments even
enable the assignment of single valine residues that would
otherwise have been difficult to assign because of weak inter-
residual correlations.


Mapping of a specific kinase inhibitor


Chemical shift perturbations caused by binding of the protein
kinase inhibitor H7 were used to map the interaction surfaces
between this compound and the protein, thereby defining the
binding site, which had been previously characterized by X-ray
crystallography.[23] The result is depicted in Figure 4. The main
chemical shift perturbations occur in the vicinity of the crystal-
lographically determined position of the ligand.


Mutant PKA proteins


Phosphorylation of Thr197 is required for ATP binding and
hence activity. As reported earlier, the Ser338 phosphorylation


Figure 2. Annotated TROSY spectrum of PKA selectively labeled with 15N Val; 19
out of the total of 20 valine moieties gave strong peak intensities in the spec-
trum and could be assigned.


Scheme 1. Structure of the spin-labeled adenosine (1-oxyl-2,2,5,5,-tetramethyl-
pyrroline-3-carboxylate (5-aminoadenosine)-amide).
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enhances protein stability.[7] Figure 5 shows the positions of
Thr197 and Ser338 within PKA. The phosphate groups of both
the Thr197 and the Ser338 residues have various contacts to
other side chains. An intriguing question is whether replace-
ment of Thr197 or Ser388 by Ala would have structural conse-
quences. Both PKA mutants, Thr197Ala and Ser338Ala, could
be expressed in E. coli in amounts comparable to that of the
wild-type protein. Both mutants are less stable than the wild-
type enzyme, a feature also described in an earlier report.[7]


The instability of the proteins increases, the more highly con-
centrated the protein is. This led to quality losses in the corre-
sponding TROSY spectra relative to that of the wild type. At
lower protein concentrations (up to ca. 2 mgmL�1), however,
these proteins were stable for weeks at 4 8C. A double mutant
Thr197Ala/Ser338Ala could also be expressed, but this mutant
turned out to be highly unstable and tended toward aggrega-
tion (data not shown). Catalytic activity was checked with the
aid of a luminescent kinase assay. The KI value of H7 was calcu-
lated to be 3.9�1.1 mm for the wild type and 4.9�1.1 mm for
the Ser338Ala mutant protein (Figure 6). These results are in
good agreement with previously reported values for H7 and
PKA.[11,24] The Thr197Ala PKA mutant enzyme did not show any
catalytic activity.


In order to investigate the folding of the Thr197Ala and
Ser338Ala mutants, proteins were labeled with 15N, and a


Figure 3. A) Peak attenuation of TROSY peaks from PKA selectively labeled with
15N Val upon addition of spin-labeled adenosine (0.5 mm protein, 1 mm spin-
labeled adenosine). Peaks are labeled with their assignment. The ratio of the
signal intensity without the spin-label (�) to the signal intensity with the spin-
label added (+) was plotted against the distance from the assumed paramag-
netic center to the corresponding valine residue. The plot represents the expect-
ed r�6 relationship between attenuation and distance, except for Val15 in the
flexible N-terminus. B) Mapping of assigned valines that are affected upon
addition of the spin-label. The position of the adenosine moiety from ATP as in
the X-ray structure is indicated. The spin-label paramagnetic center, depicted as
the yellow star, is assumed to be located in the place occupied by the b-phos-
phate of ATP. Some distances from the paramagnetic center to various valine
residues are indicated. The different color intensities display the impact of the
spin-label on the line-broadening. Signal intensities from valines 182 and 288
are not affected by the spin-label.


Figure 4. Mapping of the interaction between H7 and PKA. Amino acids which
show chemical shifts upon addition of H7 are assigned in red, depending on
the strength of peak shift. Most of the shifted peaks are located in the ATP-
binding site.
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TROSY-NMR spectrum was recorded for each protein (Figure 7).
The peak pattern of the Ser338Ala mutant neatly matches the
pattern of the wild-type enzyme, whereas the Thr197Ala pro-
tein yielded a different peak pattern. These results are indica-
tive of a different conformation in at least some regions of the


Thr197Als mutant in relation
both to the wild-type and the
Ser338Ala mutant protein.


Discussion


Experimental approach: A com-
bination of classical schemes is
successful


NMR spectroscopy of large pro-
teins is a challenging task and
the search for novel experimen-
tal schemes is still ongoing. In
our case the need for novel ex-
periments is stressed by the fact
that only 80% of the backbone
amide signals led to resolved
peaks, whereas 20% of the ex-
pected amide signals remain un-
detectable even in TROSY-based
triple resonance spectra.


Here we have shown that
good results can also be ach-
ieved by a combination of sever-
al “classical” approaches: 1) uni-
form triple 2H,13C,15N-labeling in
conjunction with classical 3D ex-


periments and TROSY, 2) back-calculation of chemical shifts
from known X-ray structures, 3) use of paramagnetic adenosine
derivatives as spin-labels, and 4) selective amino acid labeling.
There is no need to discuss the use of the two last schemes,
which have been put to good use in biomolecular NMR for a
long time. Instead, we want to stress the importance of the
chemical shift matching scheme.


Protein kinase catalytic domains become accessible to NMR


Despite the variety and importance of kinases, there are at
present no assignment data of a protein kinase catalytic
domain available. Published NMR studies on kinase catalytic
domains are restricted to a subset of NMR signals and parame-
ters, such as the phosphorus signals of PKA[9] or the amide sig-
nals of selectively labeled cAbl.[21] Clearly, the dynamic nature
of protein kinase catalytic domains is one of the most intrigu-
ing aspects of this class of enzymes. For a long time, NMR re-
laxation analysis has been the method of choice to study such
processes at atomic resolution. Another aspect of protein kin-
ases, the orientational changes brought about by activation
and during the catalytic action of the protein, can be inferred
from residual dipolar couplings. Our data are a prerequisite for
such investigations.


Another important point of interest is the interaction of pro-
tein kinases with small ligands that act as specific inhibitors.
Since many protein kinase are causative for different diseases,
the finding of new inhibitors showing selective interaction
with different protein kinases would be of great pharmaceuti-


Figure 5. Structure of the PKA catalytic subunit. The structure is drawn from pdf-file 1ATP with Swiss pdb-Viewer.
A) Overall structure. The positions of phosphorylated Thr197 in the activation loop and Ser338 in the hydrophobic C
terminus are indicated. B) P-Ser338 makes contacts to side chains of Asn340 and Lys342. C) P-Thr197 is in contact
with the side-chains of His87, Arg165, Lys189, and Thr195.


Figure 6. Enzymatic activity of wild-type PKA compared with the PKA
Thr197Ala and PKA Ser338Ala mutants. Error bars represents the standard error
of the mean (SEM). I No kinase added, * PKA wild type (no inhibitor),
~ Ser338Ala (no inhibitor), ! Thr197Ala (no inhibitor), * PKA wild-type + H7,
~ Ser338Ala + H7, ! Thr197Ala + H7. For experimental details see Experi-


mental Section.
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cal value. Here we have demonstrated that the binding region
of a standard protein kinase inhibitor can be localized by
chemical shift mapping. These mapping data are prerequisites
for other sophisticated schemes such as the SAR by NMR pro-
tocol[25] or the LIGDOCK procedure[26] and might serve as the
basis for the development of new and specific protein kinase
inhibitors.


All previously known structures of PKA have been deter-
mined with the activated protein kinase, phosphorylated on
both Thr197 and Ser338. Both phosphate groups make con-
tacts to other amino acid side chains. These contacts are obvi-
ously important for protein stability and also the stability of
these phosphate groups. The Ser338Ala mutant displays enzy-
matic activity comparable to that of the wild-type, whereas the
Thr197Ala mutant is enzymatically inactive (Figure 6). Replace-


ment of Ser338 with Ala does not alter the peak pattern of the
TROSY spectrum, whereas this is the case for the Thr197Ala
mutant. These results suggest that the overall conformation of
the Ser338Ala mutant is not altered, but that in the Thr197Ala
mutant at least part of the protein undergoes conformational
changes. This leads to the assumption that the main function
of Ser338 phosphorylation is enhancement of the protein sta-
bility. Taken together, our data presented here clearly demon-
strate that protein kinases are amenable to NMR study and
that NMR should be a very useful tool with which to gain
more insight into the structures and dynamics of protein
kinases.


Experimental Section


Cloning and expression : A plasmid containing the coding se-
quence of cAMP-dependent protein kinase catalytic subunit
(GPKA) was kindly provided by Dr. Steven Green.[27] This plasmid
was used as template. DNA coding for the full-length PKA catalytic
subunit was amplified by PCR and cloned into the NdeI/BamHI site
of pET16bTev, which is a modified version of the pET16b (Novagen,
Madison, WI, USA) expression vector in which the Factor Xa-cleav-
age site has been replaced by a tobacco etch virus (Tev) protease
cleavage site. The resulting expression plasmid pETPKA was used
for transformation of E. coli strain Bl21 (DE3)/pLysS (Novagen). As a
result of cloning and Tev-cleavage, three additional amino acids
precede the PKA sequence. Site-specific mutagenesis to replace
phosphorylation sites Thr197 and Ser338 with Ala was achieved by
the Quick Change protocol (Stratagene). All constructs were veri-
fied by sequencing. For uniformly 15N-labeled PKA, cells were
grown in M9 minimal-medium containing 15NH4Cl (Eurisotop, Saar-
brPcken, Germany) as the sole nitrogen source. For production of
deuterated and 13C- and 15N-labeled protein, the corresponding
IsoGro-medium (Campro Scientific, Berlin) was used, following the
manufacturer’s recommendations. E. coli strain CT19 (kindly provid-
ed by Dr. David Waugh, National Cancer Institute, Frederick, MD)
was disposed for selective labeling with 15N-containing amino
acids. The following labeled amino acids were used: 15N isoleucine,
15N leucine, 15N valine, 15N phenylalanine, 15N aspartate, 15N tyrosine,
and 1–13C tyrosine (Eurisotop, SaarbrPcken, Germany). The proce-
dure applied for selective amino acid labeling is essentially as
described by Muchmore et al.[28] Double selective labeling with
1–13C tyrosine together with 15N valine was carried out accordingly.
Cells were grown in the presence of ampicillin (100 mgmL�1) and
chloramphenicol (60 mgmL�1) when required at 37 8C until the
OD600 reached 0.6, and then recombinant protein production was
initiated by addition of IPTG (isopropyl b-d-thiogalactopyranoside,
1 mm). Induction was carried out for 18 h at 20 8C, and cells were
harvested by centrifugation for 15 min at 4500 g. Cell pellets were
stored at �80 8C until usage.


Purification of PKA : Cell pellets were thawed and resuspended in
NaCl (500 mm), Tris/HCl (pH 8.0, 50 mm), and b-mercaptoethanol
(5 mm). Lysozyme (2 mg) and benzonase (Merck, Darmstadt, Ger-
many, 100 U) were added per mL protein suspension. Cells were
lyzed by sonification, and the cell debris was removed by centrifu-
gation at 20000g for 1 hour at 4 8C. The supernatant was applied
to a Ni-NTA FastFlow column (Quiagen, Hilden, Germany) following
the manufacturer’s recommendations. Cleavage of the His-tag was
performed with minor modifications as described by Melcher.[29]


Further purification was achieved by anion-exchange chromatogra-
phy with a Source Q column (Pharmacia Biotech). The column was


Figure 7. Comparison of TROSY spectra of wild-type PKA (black) with the non-
phosphorylable PKA mutants Thr197Ala (red, top) and PKA Ser338Ala (red,
bottom).
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equilibrated in Hepes (20 mm)/DTT (2 mm, pH 7.2), and bound pro-
tein was eluted with a 10 column volume gradient to buffer B
(500 mm NaCl, 20 mm Hepes, 2 mm DTT, pH 7.2). Finally, samples
were dialyzed against the appropriate buffers (see below). Typical
values for the expression yield were 10 mgL�1.


Synthesis of spin-labeled adenosine : 5-Aminoadenosine (BioLog
Life Science Institute, Bremen, Germany, 9.96 mg, 36.82 mmol) was
added to 1-oxyl-2,2,5,5-tetramethylpyrroline-3-carboxylate N-hy-
droxysuccinimide ester (oxyl-1-NHS, Toronto Research Chemicals
Inc. , North York, Ontario, Canada, 7.4 mg, 26.3 mmol). The com-
pounds were dissolved in sodium phosphate (20 mm, 150 mL,
pH 8.4) and DMSO (650 mL), and the mixture was gently shaken
overnight at 4 8C. The solution was then evaporated to dryness in
vacuo, and the residue was dissolved in acetonitrile/water (1:1)
containing 0.5% TFA (350 mL). Purification of spin-labeled adeno-
sine (1-oxyl-2,2,5,5-tetramethylpyrroline-3-carboxylate (5-aminoade-
nosine)-amide) was achieved by HPLC on a Eurospher RP-18
column (Knauer, Berlin, Germany). Mass spectroscopic analysis of
the desired reaction product gave a value of 433.2 gmol�1, which
is in good accordance with the calculated molecular weight of
433.5 gmol�1.


NMR spectroscopy : NMR conditions for triply labeled NMR sam-
ples (300 mm NaCl, 5 mm DTT, 50 mm Hepes, pH 6.0, 0.7 mm pro-
tein, in 90% H2O/10% D2O) were checked by diffusion measure-
ments by use of the bipolar LED pulse sequence on a Bruker
DRX600 spectrometer (Bruker, Karlsruhe, Germany). Both the selec-
tively 15N-labeled samples and the doubly selectively labeled sam-
ples were uniformly prepared at 0.25 mm protein concentration
with NaCl (100 mm), DTT (5 mm), Hepes (50 mm, pH 6.5) in H2O/
D2O (90%:10%). 3D triple resonance assignment NMR spectra were
acquired at 800 MHz on a four-channel Bruker DRX800 spectrome-
ter. All experiments were run as TROSY-type experiments[18,19] with
deuterium decoupling and residual proton decoupling.[30] For the
standard assignment protocol[31] the following backbone assign-
ments were run on triply labeled samples of PKA: 1) HNCO,
2) HN(CA)CO, 3) HNCA, 4) HNCACB, and 5) HN(CO)CACB.


Ligands (spin-labeled adenosine, H7 [Sigma–Aldrich]) were added
from stock solutions in [D6]DMSO (100 mm) to a final concentration
of 1 mm. Peak integrals were determined with Bruker xwinnmr
software.


Enzymatic assay : The enzymatic activity of PKA proteins was ana-
lyzed with the aid of a luminescent kinase assay, following the
manufacturer’s recommendations (Kinase-Glo, Promega, Madison,
WI, USA). Kemptide (Promega) was used as substrate. The enzy-
matic assay was carried out in Hepes (pH 7.5, 50 mm), NaCl
(50 mm), DTT (2 mm), and MgCl2 (10 mm). The optimal ATP and
substrate concentrations were estimated as 2.5 and 5 mm, respec-
tively. The amount of PKA proteins employed was 74 nm in all
assays. The kinase assays were performed in quadruplicate in 96-
well plates, and the luminescence was recorded with a Veritas mi-
croplate luminometer (Turner BioSystems, Sunnyvale, CA, USA).
Data were analyzed with GraphPad Prism (GraphPad Software, Inc. ,
San Diego, CA, USA).


Assignment : Three-dimensional spectra were evaluated with
XEASY.[32] Two-dimensional spectra were analyzed with NMRVIEW[33]


by use of in-house tcl scripts. Analysis of structural data and dis-
tance measurements was performed with MolMol.[34] Chemical
shifts have been deposited in the BioMagRes Bank database under
accession number BMRB 6183 (http://www.bmrb.wisc.edu).


Chemical shift matching : Chemical shifts were predicted by use of
SHIFTX.[14] Coordinates for pdb entries 1ATP (murine PKA with ATP
and inhibitor)[15] and 1J3H (apo-PKA)[16] were used for the predic-
tion. Although the latter structure fits the composition of our NMR
sample better, the prediction is biased by missing coordinates in
the protein core. In all practical cases, predicted shifts from both
structures yield the same results with regard to the location of
minima. Chemical shifts were compared with MATLAB by use of in-
house scripts. The target function rmsd(A) is defined as:


rmsdðAÞ ¼


ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
½
XAþL�1


k¼A


XS


i¼1


ðdNMR
k,i �dcalc


k,i Þ�2=l


vuut ð1Þ


Here, rmsd(A)= target function, A=position in sequence, L=
length of stretch, S=number of chemical shifts in each residue,
dNMR=experimentally observed chemical shift, dcalc=back-calculat-
ed chemical shift.
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Modified Oligonucleotides Containing
Lithocholic Acid in Their Backbones: Their
Enhanced Cellular Uptake and Their Mimicking
of Hairpin Structures
Su Jeong Kim,[a] Eun-Kyoung Bang,[a] Ho Jeong Kwon,[b] Joong Sup Shim,[b] and
Byeang Hyean Kim*[a]


Introduction


In recent years the study of modified oligodeoxyribonucleo-
tides (ODNs) has become an area of increased research activ-
ity.[1] The synthesis of modified ODNs provides research oppor-
tunities for preparing 1) therapeutic reagents, by regulating
gene and protein expression through antisense and antigene
strategies,[2] 2) diagnostic agents, by sequencing genomes and
identifying genetic abnormalities,[3] 3) probes, by detecting
DNA–DNA, DNA–RNA, and DNA–protein interactions,[4] and 4)
molecular architectures, by base-pairing between programmed
sequences.[5] The specific applications of each phosphoramidite
molecule used for preparing new modified ODNs are dictated
by its chemical and physical properties. We were interested in
using lithocholic acid, which is a hydrophobic secondary bile
acid and a substrate of nuclear Pregnane X receptor (PXR), as a
unit within ODNs.[6] Because lithocholic acid has one carboxyl
group and one secondary hydroxyl group, it can be adapted
to the general protocols of ODN synthesis by using the phos-
phoramidite method. Cholesterol is known for its ability to
penetrate and interact with cell membranes.[7] In most cases,
cholesterol molecules have been linked at the 3’ or 5’ terminus
of ODNs, whereas we chose to insert the molecule in the
middle of the chain. We expect that ODNs incorporating a
cholane-3,24-diol (3a,5b)[8] unit, which is a reduced form of
lithocholic acid, could exhibit relatively enhanced cellular
uptake properties because of the presence of this cholesterol-
like unit. Additionally, cholane-3,24-diol (3a,5b) meets the gen-
eral criteria for modification of ODNs[9] and it can be used as a
platform for hairpin-type ODNs (Figure 1).[10] Indeed, molecular
modeling studies on a simple modified ODN (5’d-AALTT) result-
ed in a hairpin-type ODN (Figure 2).[11] In this paper, we de-


scribe the synthesis and characterization of a novel phosphora-
midite monomer formed using lithocholic acid and its incorpo-
ration into ODNs. We have studied the behavior of these
modified ODNs as hairpin mimics by analysis of data from
melting point (Tm), CD spectroscopic, and cell-based permeabil-
ity studies.


Results and Discussion


Synthesis of phosphoramidite 4 and L-ODNs


We synthesized cholane-3,24-diol (3a,5b) (2) readily by reduc-
tion of the carboxyl group of lithocholic acid (1) (Scheme 1).
The primary hydroxyl group of cholane-3,24-diol (3a,5b) was
protected selectively by using the 4,4’-dimethoxytrityl (DMTr)
group. The desired phosphoramidite 4 was obtained by cou-
pling the secondary hydroxyl group of 24-O-(4,4’-dimethoxytri-
tyloxy)cholane-3,24-diol (3) with chloro-(2-cyanoethoxy)-N,N-
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Department of Chemistry, Division of Molecular and Life Sciences
Pohang University of Science and Technology
San 31 Hyoja Dong, Pohang 790-784 (Korea)
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[b] Prof. Dr. H. J. Kwon, J. S. Shim
Department of Bioscience and Biotechnology, Institute of Bioscience
Sejong University, Seoul 143-747 (Korea)


Supporting information for this article is available on the WWW under
http://www.chembiochem.org or from the author.


Their enhanced cell permeability and their ability to mimic DNA
structures make modified oligodeoxyribonucleotides (ODNs) very
important substances for increasing our understanding of cell bi-
ology and for therapeutic applications. Lithocholic acid is a hy-
drophobic secondary bile acid that is a substrate of nuclear Preg-
nane X receptor (PXR). We designed and synthesized novel litho-
cholic acid-based ODNs (L-ODNs) by using a new phosphorami-
dite derived from lithocholic acid. By comparing data obtained


from circular-dichroism, melting-point, and theoretical studies,
we believe that these L-ODNs adopt DNA hairpin structures. Fur-
thermore, L-ODNs have enhanced cellular uptake properties with
respect to regular ODNs. To demonstrate their enhanced cell per-
meabilities, we carried out cellular uptake experiments of L-ODNs
in HeLa cells. By attaching fluorescein as a fluorescence label and
using confocal microscopy, we observed that the permeability of
L-ODNs is much higher than that of natural ODNs.


ChemBioChem 2004, 5, 1517 – 1522 DOI: 10.1002/cbic.200400150 A 2004 Wiley-VCH Verlag GmbH & Co. KGaA, Weinheim 1517







diisopropylaminophosphine. The overall yield for the three
steps was 46 %.


The novel phosphoramidite 4 was applied successfully to
the synthesis of lithocholic acid-based ODNs. We designed the
modified ODNs (L-ODNs) with a cholane-3,24-diol (3a,5b) unit
in the middle of their ODN sequences so that they would be
mimics of hairpin structures, and we synthesized them using
the protocols of solid-phase oligonucleotide synthesis[12] on an
automated DNA synthesizer (PerSeptive Biosystems 8909 Expe-
diteTM Nucleic Acid Synthesis System). For comparison, the
unmodified ODNs were also prepared. We confirmed that the
syntheses of these L-ODNs were successful by DMTr monitor-
ing (see Supporting Information). The modified ODNs were pu-
rified by reversed-phase HPLC. These modified ODNs were
characterized by MALDI-TOF mass spectrometry (Table 1).


UV spectroscopic melting ex-
periments: Structural studies of
L-ODNs as hairpin mimics


We analyzed the binding affini-
ties of L-ODNs by obtaining UV
spectroscopic melting curves,
with melting transitions moni-
tored at both 260 and 284 nm.
The UV spectral absorbance of
the A–T Watson–Crick duplexes
did not appear to change when
their melting transitions were
monitored at 284 nm, since this
wavelength marks an isosbestic
point of double-helix structures
with A–T-rich sequences.[13] Thus,
any change in the absorbance at
284 nm is induced by structural
transitions other than simple
duplex formation/destruction,
such as triplex or more complex
aggregations. Table 2 summariz-


Figure 1. Possible structures of T12-L-T12, A12-L-T12, T12-C4-T12, and A12-C4-T12. a) T12-L-T12 : random coil. b) A12-L-T12 : hairpin mimic. c) T12-C4-T12 : random coil. d) A12-C4-
T12 : natural hairpin structure. The cholane-3,24-diol (3a,5b) unit is denoted by the letter L.


Figure 2. Optimized structure of a simple L-ODN (sequence: 5’d-AALTT). Local
energy-minimized structure obtained by the MM+ force-field method.


Scheme 1. Synthesis of phosphoramidite derivative 4. a) LiAlH4 (4.6 equiv), THF, 4 h, 96 %. b) DMTrCl (1.9 equiv), DMAP,
Et3N, pyridine, 89 %. c) Chloro-(2-cyanoethoxy)-N,N-diisopropylaminophosphine (1.5 equiv), DIPEA (3 equiv), CH2Cl2 ,
54 %.
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es the sequences of the ODNs and the data from their thermal
denaturing experiments. Figure 3 displays the relative absorb-
ance of curves used for determining values of Tm. Entries 1 and
3 suggest that T12-L-T12 and T12-C4-T12 do not have double-helix
geometries. T12-L-T12, which has a unit of compound 4 incorpo-
rated into the middle of a dT24 sequence, cannot adopt a
double-stranded secondary structure (entry 1). Similarly, T12-C4-
T12, which has a C4 hairpin-loop unit incorporated into the
middle of the dT24 sequence, cannot adopt a double-stranded
secondary structure either (entry 3). Thus, the structures of T12-
L-T12 and T12-C4-T12 must be random coils, a situation that is
confirmed by the lack of measurable values of Tm at both 260
and 284 nm.[14] A12-L-T12, which incorporates a unit of com-
pound 4 in the middle of a dA12T12 sequence, has a Tm value of
74 8C when detected at 260 nm, but does not have an observa-
ble value of Tm when measured at 284 nm. Thus, A12-L-T12 ap-
pears to adopt a double-stranded secondary structure
(entry 2). A12-C4-T12, which incorporates a C4 unit (a natural hair-
pin domain) into the middle of the dA12T12 sequence, almost
certainly adopts a secondary structure[15] (hairpin structure;
entry 4) and has a high value of Tm. We observed the same re-
sults in the cases of hairpins containing hetero-sequences (en-


tries 5–8). X6-C4-X6, which has a C4 hairpin-loop unit incorporat-
ed into the middle of an inverted repeat sequence (palin-
drome), forms a hairpin structure (entry 5). X6-L-X6 possibly
forms a hairpin structure that is more stable than the natural
sequence (entry 6). As the length of the palindrome was in-
creased, the stability of the hairpin structure also increased
(entries 6–8). We did not measure at 284 nm because this
wavelength is not an isosbestic point of these hetero-sequen-
ces (entries 5–8). Over a 40-fold concentration range, the Tm


values of A12-L-T12 and X6-L-X6 do not depend on the strand
concentration; this confirms the formation of the intramolecu-
lar hairpin structures (see Supporting Information).


To investigate triplex formation, we determined the values
of Tm for a mixture of ODNs. The mixtures of T12-L-T12 and A12


(entry 10) and T12-C4-T12 and A12 (entry 11) each have one value
of Tm of 55 8C when measured at both 260 and 284 nm. Pre-
sumably, one dT12 sequence of T12-L-T12 (or T12-C4-T12) forms a
double helix with the added dA12 and then the other dT12 se-
quence of T12-L-T12 (or T12-C4-T12) assembles with it to form a
triplex. The duplex and triplex must dissociate simultaneously
because only one value of Tm was observed. Both the mixture
of A12-L-T12 and T12 (entry 12) and the mixture of A12-C4-T12 and
T12 (entry 13) have two values of Tm. The dT12 and dA12 sequen-
ces of A12-L-T12 (or A12-C4-T12) assemble into a double helix
(having a hairpin structure) through intramolecular Watson–
Crick base pairing, and then the added dT12 unit (T12) forms a
triplex with it through Hoogsteen base-pairing. Thus, A12-L-T12


and A12-C4-T12 appear to form similar double- and triple-strand-
ed assemblies when a complementary third strand is added to
each of them and, hence, the L-ODN structure can be used a
substitute building block for hairpin loops.


CD spectroscopic studies


CD spectroscopy is a useful method for distinguishing the
structures of ODNs.[16] We have applied this technique to study


Table 1. MALDI-TOF mass spectroscopic data of the L-ODNs.


Sequence Calculated Found


5’d-T12 L T12 7663.3 7662.7
5’d-A12 L T12 7771.5 7771.5


5’d-AACGTT L AACGTT 4069.0 4067.8
5’d-CAACGTT L AACGTTG 4687.4 4689.2


5’d-CCAACGTT L AACGTTGG 5305.8 5304.8


Conditions: PE Biosystems Voyager System 4095, accelerating voltage:
20 000 V, matrix: 2,5-dihydroxybenzoic acid, polarity: positive.


Table 2. Melting temperatures of synthetic L-ODNs.


Name Sequences Tm(260 nm) Tm(284 nm)


1 T12-L-T12 5’d-T12LT12 No Tm No Tm


2 A12-L-T12 5’d-A12LT12 74 8C No Tm


3 T12-C4-T12 5’d-T12C4T12 No Tm No Tm


4 A12-C4-T12 5’d-A12C4T12 68 8C 29 8C[a]


5 X6-C4-X6 5’d-AACGTTC4AACGTT 66 8C n.d.[b]


6 X6-L-X6 5’d-AACGTTLAACGTT 72 8C n.d.[b]


7 X7-L-X7 5’d-CAACGTTLAACGTTG 76 8C n.d.[b]


8 X8-L-X8 5’d-CCAACGTTLAACGTTGG 82 8C n.d.[b]


9 A12/T12 5’d-A12/5’d-T12 38 8C No Tm


10 T12-L-T12/A12 5’d-T12LT12/5’d-A12 55 8C 55 8C
11 T12-C4-T12/A12 5’d-T12C4T12/5’d-A12 53 8C 53 8C
12 A12-L-T12/T12 5’d-A12LT12/5’d-T12 17, 75 8C 17 8C
13 A12-C4-T12/T12 5’d-A12C4T12/5’d-T12 19, 70 8C 19 8C


Values of Tm were determined by measuring changes in absorbance at
260 and 284 nm (cuvette, 1 cm path length) as a function of temperature
in Tris-HCl buffer (10 mm, pH 7.2) containing NaCl (100 mm) and MgCl2
(20 mm). The temperature was raised at a rate of 1.0 8C min�1. Total ODN
concentration is 3 mm. [a] Tm value measured at 284 nm is induced by
the C4 units, since 284 nm is not an isosbestic point for the cytidine base.
[b] n.d.=not detected.


Figure 3. Thermal denaturation curves of synthetic ODNs at 260 nm. All ab-
sorbance data are normalized (AT: absorbance at temperature T; A0: absorb-
ance at initial temperature; AF: absorbance at final temperature).
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the conformational changes arising from the modifi-
cation of the ODNs. In Figure 4 a, we display superim-
posed CD spectra of the modified and natural ODNs.
The CD spectra of T12-L-T12 and T12-C4-T12 each have
weak positive CD bands at 218 and 281 nm and a
weak negative CD band at 248 nm. This pattern is
almost the same as that displayed by T12. The CD
spectra of A12-L-T12 and A12-C4-T12 each have positive
CD bands at 218 and 283 nm and a negative CD
band at 249 nm. These CD spectra are almost identi-
cal to that of the mixture of A12 and T12; this indicates
that they might possess B-form duplex structures. In
Figure 4 b, the CD spectra representing the formation
of triplexes are superimposed. The CD spectrum of
T12-L-T12 :A12 has strong positive CD bands at 217 and
281 nm and negative CD bands at 207 and 248 nm.
The CD spectrum of T12-L-T12 alone reflects its
random coil structure (Figure 4 a, &). The CD spec-
trum of T12-L-T12 in the presence of A12, however, is changed
dramatically to have almost the same pattern as the spectrum
of the mixture between A12-C4-T12 and T12. This observation
suggests that the mixture of T12-L-T12 and A12 adopts a triplex
structure similar to the one formed by A12-C4-T12 :T12. Thus,
these circular dichroism spectra suggest that the L-ODNs do
indeed adopt DNA-hairpin structures.


Studying cellular uptake and stability to the nuclease


To analyze the cell permeability of synthetic ODNs, we at-
tached FITC (fluorescein) as a fluorescence label at the 5’ ends of
T12-L-T12 and T12-C4-T12. We studied the uptake of these ODNs
in HeLa cells (Figure 5). We used two commercially available
fluorescence dyes, DAPI (blue) and MitoTracker Red (red), to
detect the cellular localization of the nucleus and mitochon-
dria, respectively. From the confocal microscopy images, we
observe that the permeability of T12-L-T12-FITC is much higher


than that of T12-C4-T12-FITC and that T12-L-T12-FITC localizes
mainly at the nucleus; this is consistent with the fact that L is
a substrate of the nuclear receptor. The uptake level of T12-C4-
T12-FITC is the basal-level uptake of the oligonucleotides by
cells.[7e] At present, we do not know the exact mechanism of
the nuclear localization. The dye FITC is known to bleach out
very quickly during confocal imaging in the cell, and, therefore,
we measured such images at a variety of times (Figure 6). After
incubation for 15 min, we observed that the sample treated
with T12-L-T12-FITC had a higher number of cells that displayed
green emission than did the sample treated with T12-C4-T12-
FITC. The highest permeation efficiency of T12-L-T12-FITC was
observed after incubation for 8 h. Longer incubation times
(>15 h), however, cause intensities to decrease, possibly be-
cause of degradation by cellular nucleases. Consistent with this
observation, T12-L-T12-FITC and T12-C4-T12-FITC degrade in vitro
in the presence of DNAse I in a manner similar to that of a
control unmodified ODN (see Supporting Information).


Figure 4. CD spectra of synthesized ODNs. All curves were obtained at 10 8C. a) T12-L-T12 (&) ; A12-L-T12 (*) ; T12-C4-T12 (~) ; A12-C4-T12 (!). b) A mixture of T12-L-T12 and
A12 (&) ; a mixture of T12-C4-T12 and A12 (*) ; a mixture of A12-L-T12 and T12 (~) ; a mixture of A12-C4-T12 and T12 (! ). The experimental conditions are described in
Table 2.


Figure 5. Confocal microscopic images of synthetic ODNs. a) T12-C4-T12-FITC. b) T12-C4-T12-
FITC and MitoTracker Red (merged image). c) T12-C4-T12-FITC and DAPI (merged image).
d) T12-C4-T12-FITC, DAPI, and MitoTracker Red (merged image). e) T12-L-T12-FITC. f) T12-L-T12-
FITC and MitoTracker Red; bar: 10 mm (merged image). g) T12-L-T12-FITC and DAPI (merged
image). h) T12-L-T12-FITC, DAPI, and MitoTracker Red (merged image). Incubation time: 10 h.
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Conclusion


We have designed and synthesized a novel phosphoramidite
monomer from lithocholic acid and have incorporated it into
ODNs as a structural scaffold for preparing hairpin mimics. The
secondary structures of L-ODNs were confirmed by determin-
ing values of Tm and by analyzing CD spectra. These analyses
revealed that the L-ODNs adopt hairpin structures with
double-helix formation through intramolecular hydrogen
bonding between complementary sequences of ODNs, that is,
they mimic natural DNA hairpin structures. These ODNs can
adopt triplex structures when they assemble with an added
third strand. We also investigated whether incorporation of
cholane-3,24-diol (3a,5b) into L-ODNs provides an enhance-
ment in their cellular uptake by penetrating and interacting
with cell membranes and nuclei. The L scaffold serves a double
purpose: to mediate the formation of a stable hairpin structure
and to increase cell permeability. Currently, we are preparing L-
ODNs that contain hetero-sequences and mismatched sequen-
ces for similar studies.


Experimental Section


Instruments and methods : All solvents were dried and distilled
carefully prior to use. 1H NMR and 13C NMR spectra were obtained
on an FT-300 MHz Bruker Aspect 3000 spectrometer. Mass spectra
(FAB) were obtained by using a Jeol JMS-AX505WA spectrometer
at the Korea Basic Science Center, Daejeon, Korea. The IR spectra
were obtained on a Bruker FTIR PS55+ spectrometer. Values of Tm


were determined by using a Shimadzu UV-2501PC UV/Vis spectro-
photometer; the temperature was adjusted by a Polyscience 9110
programmable digital temperature controller. The mixture of ODNs
was equilibrated by cooling it to 5 8C, then, after 30 min, the CD
spectra were recorded on a Jasco J-715 CD-spectropolarimeter. The
temperature was adjusted by using a Jasco PTC-348WI tempera-
ture controller. All reactions were performed in oven-dried glass-
ware under a positive pressure of argon. Analytical TLC was per-
formed on precoated silica gel plates and visualized with UV light
and/or by spraying with p-anisaldehyde or phosphomolybdic acid
solutions followed by heating on a hotplate. Flash column chroma-
tography was performed with silica gel.


Cholane-3,24-diol (3a,5b) (2): LiAlH4 (248 mg, 6.58 mmol) was
added slowly to a solution of lithocholic acid (1; 527 mg,
1.40 mmol) in anhydrous THF (30 mL) at 0 8C. The reaction mixture


was then stirred for 2.5 h at room
temperature. H2O (250 mL), 15 %
aqueous NaOH (250 mL), and more
H2O (750 mL) were added sequen-
tially to the reaction mixture. The
white solid was removed by filtra-
tion. The organic layer was dried
(MgSO4) and concentrated under
reduced pressure. Purification by
flash chromatography gave the
product (486 mg, 1.33 mmol, 95 %)
as a white solid. M.p. 96.5–97.8 8C;
1H NMR (300 MHz, CDCl3) d=3.61–
3.57 (m, 3 H), 1.82–1.01 (m, 28 H),
0.90 (s, 6 H), 0.62 (s, 3 H); 13C NMR
(75.5 MHz, CDCl3) d=70.3, 62.0,
56.0, 55.7, 42.1, 41.6, 35.9, 35.3,


35.1, 35.0, 34.1, 31.5, 30.0, 29.0, 27.8, 26.8, 26.0, 23.7, 23.0, 20.3,
18.2, 11.6; IR (neat): ñ=3205, 2934, 2862, 1446, 1066, 914,
728 cm�1; HRMS (FAB): calcd for C24H41O: 345.3157 [M�OH]+ ;
found 345.20; Crystal data (C24H42O2 + CH2Cl2): Mr=447.50, ortho-
rhombic, space group P2(1)2(1)2(1), a=7.3920(12), b=16.088(3),
c=21.568(4) K, a=90.0000, b=90.0000, g=90.00008, V=
2565.0(7) K3, Z=4, 1calcd=1.159 Mg m�3, MoKa radiation (l=
0.71073 K). Of 11 410 reflections collected on a Siemens SMART dif-
fractometer equipped with a CCD detector, 3692 were observed
(Rint=0.1685) and used for all calculations (program: SHELXL-97).
After absorption correction (psi scans) the structure was solved by
direct methods and refined anisotropically on F2. Final residuals:
R1=0.0828, wR2=0.2321 (I>21(I)) ; R1=0.0963, wR2=0.2471 (all data),
268 parameters.


CCDC-210019 contains the supplementary crystallographic data for
this paper. These data can be obtained free of charge via
www.ccdc.cam.ac.uk/conts/retrieving.html (or from the Cambridge
Crystallographic Data Centre, 12 Union Road, Cambridge CB2 1EZ,
UK; fax: (+44) 1223-336033; or deposit@ccdc.cam.uk).


24-O-(4,4’-Dimethoxytrityloxy)cholane-3,24-diol (3a,5b) (3):
DMTr-Cl (544 mg, 1.63 mmol) was added to a solution of cholane-
3,24-diol (3a,5b) (2 ; 455 mg, 1.25 mmol) and DMAP (68 mg,
0.56 mmol) in pyridine (10 mL). The reaction mixture was stirred at
room temperature for 19 h, and then the solvent was evaporated
under reduced pressure. Distilled H2O (90 mL) and EtOAc (30 mL)
were added. The organic layer was dried (MgSO4) and concentrat-
ed under reduced pressure. Purification by flash chromatography
(EtOAc/hexane 1:4) provided the product (744 mg, 1.12 mmol,
89 %) as a white solid. M.p. 81.2–82.1 8C; 1H NMR (300 MHz, CDCl3)
d=7.45 (d, J=7.2 Hz, 2 H), 7.35–7.26 (m, 7 H), 6.89–6.80 (dd, J1=
7.0, J2=1.9 Hz, 4 H), 3.80 (s, 6 H), 3.64 (br, 1 H), 3.04–2.98 (m, 2 H),
1.99–0.89 (m, 34 H), 0.63 (s, 3 H); 13C NMR (75.5 MHz, CDCl3): d=
159.0, 148.2, 137.6, 130.7, 129.0, 128.3, 127.2, 126.6, 113.7, 86.4,
72.6, 64.7, 57.3, 56.9, 55.9, 43.4, 42.9, 41.2, 40.9, 37.2, 36.6, 36.3,
36.1, 35.3, 33.1, 31.3, 28.9, 27.9, 27.4, 27.2, 24.9, 24.1, 21.6, 19.4,
12.8; IR (neat): ñ=3421, 2934, 2863, 1739, 1608, 1582, 1509, 1446,
1250, 1175, 1036, 827 cm�1; HRMS (FAB): calcd for C45H60O4:
664.4492 [M�OH]+ ; found 664.4489.


24-O-(4,4’-Dimethoxytrityl)cholane-3,24-diol 3-(2-cyanoethyl-
N,N-diisopropylphosphoramidite (3a,5b) (4): Chloro-(2-cyano-
ethoxy)-N,N-diisopropylaminophosphine (49 mL, 0.23 mmol) was
added to a solution of 3 (89 mg, 0.15 mmol) and N,N-diisopropyl-
phosphoramidite (DIPEA; 49 mL, 0.23 mmol) in CH2Cl2 (2 mL). After
the reaction mixture had been stirred at room temperature for
15 min, 5 % NaHCO3 (30 mL) solution and CH2Cl2 (8 mL) were


Figure 6. Incubation-time-dependent confocal microscopic images of synthetic ODNs.
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added. The organic layer was dried (MgSO4) and concentrated
under reduced pressure. Purification by flash chromatography pro-
vided the product as a white solid (69 mg, 0.081 mmol, 54 %).
1H NMR (300 MHz, CDCl3) d=7.35 (d, J=7.6 Hz, 2 H), 7.25–7.11 (m,
7 H), 6.73 (d, J=8.7 Hz, 4 H), 3.70 (s, 9 H), 3.54–3.51 (m, 2 H), 2.93–
2.90 (m, 2 H), 2.65 (t, J=6.4 Hz, 2 H), 1.88–0.80 (m, 46 H), 0.53 (s,
3 H); 13C NMR (75.5 MHz, CDCl3) d=159.0, 146.2, 137.6, 130.7,
129.0, 128.3, 127.2, 113.7, 110.1, 86.4, 77.9, 75.2, 74.9, 64.7, 59.1,
58.8, 57.2, 56.9, 55.9, 43.8, 43.7, 43.4, 43.0, 41.1, 40.9, 36.6, 36.2,
36.0, 35.3, 33.1, 32.3, 30.3, 28.9, 28.0, 27.4, 27.1, 25.4, 25.3, 25.2,
25.1, 24.9, 24.0, 21.5, 21.1, 21.0, 19.4, 12.7; 31P NMR (121 MHz,
CDCl3) d=148.1, 147.4; IR (neat): ñ=3353, 2962, 2935, 2866, 1608,
1509, 1463, 1446, 1376, 1364, 1300, 1250, 1178, 1035, 975, 827,
754 cm�1; HRMS (FAB): calcd for C54H78O5N2P1: 865.5648 [M+1]+ ;
found 865.5641.


Purification of synthesized L-ODNs : The synthesized oligonucleo-
tides were cleaved from the solid support by treatment with 30 %
aqueous NH4OH (1.0 mL) for 10 h at 55 8C. The crude products
from the automated ODN synthesis were lyophilized and diluted
with distilled water (1 mL). The ODNs were purified by HPLC
(Merck LichoCART C18 column, 10 N 250 mm, 10 mm, 100 K pore
size). The HPLC mobile phase was held isocratically for 10 min with
5 % acetonitrile/0.1m triethylammonium acetate (TEAA) buffer so-
lution (pH 7.0) at a flow rate of 3 mL min�1. The gradient was then
increased linearly over 10 min from 5 % acetonitrile/0.1m TEAA to
50 % acetonitrile/0.1m TEAA at the same flow rate. The fractions
containing the purified ODN were pooled and lyophilized. 80 %
aqueous acetic acid was added to the ODN. After 30 min at ambi-
ent temperature, the acetic acid was evaporated under reduced
pressure. The residue was diluted with water (1 mL), and the so-
lution was purified by HPLC under the conditions described above.
The ODNs were analyzed by HPLC to check their purities (Agilent,
ZORBAX Eclipse, XDB-C18, 4.6 N 150 mm, 5 mm), by using almost
the same eluent system, but at a flow rate of 1 mL min�1.


Fluorescence detection procedure for the cellular uptake study :
For detection of the cell permeability of synthetic ODNs, we at-
tached FITC (fluorescein) at the 5’-end of T12-L-T12 and T12-C4-T12 as
the fluorescence label. The HeLa cells (2 N 105 cells per well) were
grown for 24 h on cover slips placed in each well of a 24-well plate
at 37 8C in a humidified incubator supplemented with 5 % CO2.
Each nucleotide, T12-L-T12-FITC or T12-C4-T12-FITC, was diluted in
serum-free DMEM (Dulbecco’s Modified Eagle Media) at a final con-
centration of 3.6 mm. The cells were washed with PBS (phosphate-
buffered saline), and serum-free media containing each nucleotide
(400 mL) was added to the cells grown on coverslips. After incuba-
tion for 8 h, the cells were stained with MitoTracker Red
(10 ng mL�1; Molecular Probes, Eugene, OR) for 15 min at 37 8C.
The cells were washed twice with PBS and fixed with 4 % formalde-
hyde for 15 min at room temperature. After being washed twice
with PBS, the cells were stained with DAPI (4’,6-diamino-2-phenyl-
indole dihydrochloride hydrate; 100 mg mL�1) for 5 min. The cells
were washed twice with PBS, and then the cover slips were air-
dried. The cover slips were mounted by using a ProLong Antifade
Kit (Molecular Probes) according to the manufacturer’s instructions.
The fluorescence image was obtained by using either a fluores-
cence or confocal laser scanning microscope (Axiovert 100m, Carl
Zeiss, Germany).
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Cofactor-Apoprotein Hydrogen Bonding in
Oxidized and Fully Reduced Flavodoxin
Monitored by Trans-Hydrogen-Bond Scalar
Couplings
Frank Lçhr,*[a] Gary N. Yalloway,[a, b] Stephen G. Mayhew,[c] and Heinz R!terjans[a]


Introduction


Flavoenzymes constitute a structurally and functionally diverse
family of redox proteins.[1] The fact that they all share the
flavin nucleus as the single redox unit to catalyze a wide range
of biotransformations and electron-transfer processes implies
that the redox properties are controlled by noncovalent inter-
actions with the apoprotein. As the smallest members of the
flavoprotein family, flavodoxins can serve as model systems for
flavin-binding domains in order to provide insight into such in-
teractions. They are small acidic flavoproteins that utilize ribo-
flavin 5’-monophosphate (flavin mononucleotide, FMN) to
transfer electrons between other redox proteins in a variety of
microorganisms,[2] functioning at low redox potential close to
that of the hydrogen electrode Em,7=�0.414 mV. Their physical
properties are well established, and their structures in all three
accessible oxidation states have been extensively studied by X-
ray crystallography[3] and solution NMR spectroscopy;[4] these
revealed that tight, noncovalent binding of the cofactor results
from stacking interactions of the isoalloxazine (flavin) ring
system with aromatic side chains and from intermolecular hy-
drogen bonds (H-bonds). Flavodoxin-like structures occur as
domains in certain larger redox proteins of higher organisms,
such as cytochrome P450 reductase and NO synthase.
Flavodoxins are functionally equivalent to ferredoxins. In cer-


tain microorganisms they are synthesized in place of ferredoxin
in response to iron deficiency,[5] while the sulfate-reducing bac-
terium Desulfovibrio vulgaris[6] produces flavodoxin even during
growth on iron-rich media. In order to replace ferredoxin as an
electron carrier in low-potential redox reactions, midpoint po-
tentials of the cofactor must be strongly altered as a result of


binding to the apoprotein. Hydrogen bonding is assumed to
play a major role in this regulation.
A variety of NMR parameters, including reduced exchange


rates of labile hydrogens,[7] 2H/1H fractionation factors,[7a,8,9] in-
tramolecular[9] and trans-hydrogen-bond[10] 2H isotope effects,
isotropic[8d,11] and anisotropic[12] chemical shifts, 2H quadrupolar
coupling constants,[13] and scalar one-bond coupling con-
stants[14,15] provide indirect evidence for the existence of H-
bonding interactions. Direct “observation” of individual hydro-
gen bridges, however, is made possible by the presence of
trans-H-bond scalar couplings, termed hnJ, where n denotes the
number of intervening bonds and h indicates that one of
these is actually a H-bond. With the aid of COSY-type experi-
ments, such electron-mediated, scalar couplings allow a corre-
lation between magnetically active nuclei on both sides of the


Hydrogen bonding plays a key role in the tight binding of the
FMN cofactor and the regulation of its redox properties in flavo-
doxins. Hydrogen bonding interactions can be directly observed
in solution by multidimensional heteronuclear NMR spectroscopy
through the scalar couplings between donor and acceptor nuclei.
Here we report on the detection of intermolecular trans-hydro-
gen-bond couplings (hJ) between the flavin ring system and the
backbone of Desulfovibrio vulgaris flavodoxin in the oxidized
and the two-electron reduced states. For this purpose, experi-
ments are adapted from pulse sequences previously applied to
determining hJ coupling constants in nucleic acid–base pairs and


proteins. The resulting h2JN,N,
h4JN,N,


h3JC,N, and
h1JH,N couplings in-


volve the 15N(1), 13C(2), and 15N(3) nuclei of the pyrimidine moiety
of FMN, whereas no such interactions are detectable for 13C(4)
and 15N(5). Several long-range 15N–15N, 13C–15N, and 1H–15N J-cou-
pling constants within the flavin are obtained as “by-products”.
The magnitudes of both hJ and regular J couplings are found to
be dependent on the redox state. In general, good correlations
between hJ coupling constants and donor-group 1H chemical
shifts and also crystallographic donor–acceptor distances are
observed.
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hydrogen bridge. Although the detection of two-bond cou-
plings between amide protons and 113Cd or 199Hg, mediated by
N�H···S hydrogen bonds in metal-substituted rubredoxin, had
already been reported more than ten years ago,[16] the more
recent discovery of h2JN,N and h3JC,N couplings in nucleic
acids[17, 18] and proteins,[19,20] respectively, demonstrated their
general applicability to exploration of hydrogen-bond net-
works in biological macromolecules. Further types of trans-H-
bond scalar couplings, such as h1JH,N,


[18,21,22] h4JN,N,
[23] h2JH,C’,


[24,25]


h3JH,Ca,
[26] h3JH,H,


[27] and h3JCa,C’
[28] have been observed subsequent-


ly. A comprehensive overview of the underlying NMR method-
ology, applications, and structure dependence of hJ couplings
has been presented in a series of reviews by Grzesiek and co-
workers,[29] and developments in the field of hJ-based NMR
spectroscopy of DNA were summarized by Majumdar and
Patel.[30]


While hJ couplings within protein and nucleic acid molecules
appear to be abundant, only a limited number of scalar cou-
plings across intermolecular H-bonds in protein–ligand or nu-
cleic acid–peptide complexes have been detected so far.[31–33]


In a previous study[32] we examined the intermolecular hydro-
gen bonding pattern between oxidized D. vulgaris apoflavo-
doxin and the FMN phosphate group through h2JH,P and


h3JN,P
couplings. Here we focus on H-bond interactions involving the
isoalloxazine ring system of the cofactor. It has been investigat-
ed whether N�H···N and N�H···O=C hydrogen bridges formerly
inferred from crystallographic distances[3b, f, l, o] and from NMR
chemical shift[15b,34] and NOE[4d,e,34] data can be detected in a
more direct manner. The measurements required minor modifi-
cations to be introduced into experimental schemes previously
applied to either protein or nucleic acid systems.


Results and Discussion


Flavins can occur in three distinct redox states: oxidized, one-
electron reduced (semiquinone), and two-electron reduced (hy-
droquinone). For the flavodoxin from D. vulgaris, the midpoint
redox potentials for the oxidized/semiquinone couple (E2) and
the semiquinone/hydroquinone couple (E1) at pH 7.0 are shift-
ed from �313 and �101 mV in free FMN[35] to �143 and
�440 mV, respectively, upon binding to the apoprotein.[36] Un-
fortunately, NMR is unable to provide information about the
immediate vicinity of the cofactor in the semiquinone form,
due to the compound’s radical character, which causes severe
line broadening. There is, however, evidence from X-ray crystal-
lography that the FMN–apoprotein contacts are very similar for
the one- and two-electron reduced species of flavodoxins.[3f, k]


This study of H-bonding interactions therefore concentrates on
the oxidized and the fully reduced forms of the flavin, depicted
in Scheme 1.
The cofactor binding site is primarily formed by three poly-


peptide loops near the surface of the protein. Intermolecular
hydrogen bonding networks involving the isoalloxazine part of
FMN in both redox states are represented in Figure 1. The
most obvious difference is a reorientation of the Gly61-Asp62
peptide, enabling the formation of a H-bond between the N(5)
nitrogen of reduced FMN and the carbonyl oxygen of Gly61,


Scheme 1. Chemical structures and numbering scheme of the oxidized (top)
and fully reduced (bottom) forms of the isoalloxazine ring system of FMN,
which can be interconverted by a two-electron transfer. Rib denotes the ribityl
phosphate (�CH2(CHOH)3CH2OPO3


2�) side chain.


Figure 1. Stick representation of the flavin-binding site in oxidized (top) and
fully reduced (bottom) Desulfovibrio vulgaris flavodoxin. Only backbone atoms
of apoprotein residues potentially involved in hydrogen bond interactions with
the isoalloxazine ring of the cofactor are drawn. Relevant N(�H)···N and
N(�H)···O distances are in J. The figure was prepared by using PyMOL[37] with
the low-temperature (�150 8C) X-ray coordinates of Watt et al.[3f]
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while the H-bond between the nitrogen of Asp62 and the
FMN C(4) carbonyl is broken. The hydrogen bonds between
the N(1)�C(2)O�N(3)H moiety of the flavin ring and residues
Asp95, Tyr100, and Cys102 are believed to exist in both redox
states.
In order to detect cofactor–apoprotein hydrogen bonds of


D. vulgaris flavodoxin in solution directly, a variety of quantita-
tive J correlation[38] experiments were carried out. These
1) allow identification of a H-bond interaction by correlating
the chemical shift of the involved proton with those of the
donor 15N and the acceptor 15N or 13CO nuclei, and 2) provide
a measure of its strength through the magnitude of the trans-
H-bond scalar coupling.


Measurement of hJN,N coupling constants


Homonuclear 15N–15N couplings were detected through a
[15N,1H]-TROSY-HNN-COSY experiment.[17] This “out-and-back”-
type correlation scheme yields in-phase diagonal and cross-


peaks of opposite sign. Their intensity ratio depends on the
magnetization transfer times D employed and on the magni-
tude of the active coupling constants according to �Icross/Idia=
tan2 (pJD), which can be exploited for a quantitative determi-
nation of the latter. In a preliminary study,[39] application of 2D
[15N,1H]-TROSY-H(N)N-COSY revealed the presence of h2JN,N in-
teractions between FMN N(1) and the amide nitrogen of Asp95
in both redox states. However, quantification was complicated
by partial overlap of the Asp95 diagonal peak in the oxidized
state, and additional interactions might have been masked by
adjacent strong diagonal peaks. The experiments were there-
fore repeated in a 3D version, modified as described in the Ex-
perimental Section.
The relevant nitrogen–nitrogen correlations observed for


oxidized and fully reduced flavodoxin are compared in
Figure 2. The above-mentioned Asp95 N’–FMN N(1) hydrogen
bridge manifests itself as a cross-peak at the 15N chemical shift
of the FMN N(1) acceptor nitrogen (oxidized state: d=


186.4 ppm; reduced state: d=185.0 ppm) along the F1 dimen-


Figure 2. Scalar 15N–15N correlations in A) oxidized and B) fully reduced D. vulgaris flavodoxin. Top: F1 (
15N)-F3 (


1H) strips (widths: 0.24 ppm) from 3D [15N,1H]-TROSY-
HNN-COSY spectra taken at the F2 (


15N) positions of FMN N(3), Asp95 N’, and Cys102 N’ and centered at the F3 (
1H) chemical shifts given at the bottom of each


panel. Positive (diagonal peaks) and negative (cross-peaks) intensities are represented by black and red contours, respectively. The FMN N(5) resonance of oxidized
flavodoxin is aliased in the F1 dimension and corresponds to a chemical shift of 338 ppm. Artifact peaks appearing symmetrically with respect to very strong
diagonal peaks along F1 are indicated with asterisks. Bottom: scheme showing the observed scalar connectivities involving FMN nitrogens and the corresponding
coupling constants as determined from cross-peak/diagonal peak intensity ratios. Regular J couplings and trans-H-bond (hJ) couplings are indicated in cyan and
magenta, respectively.
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sion at the 15N/1H (F2/F3) positions of the donor amide group.
Owing to the dispersion along the third dimension the Asp95
diagonal signal is now completely resolved, allowing the deter-
mination of the corresponding h2JN,N coupling constants, which
amount to 0.42 Hz in the oxidized state and 0.58 Hz in the re-
duced state. In addition, a weak h4JN,N interaction between
Asp95 N’ and FMN N(3) is established by a pair of cross-peaks
at the 15N/1H (F2/F3) positions of both NH groups in the oxi-
dized state. The same correlation is also observed in the re-
duced state, although it could only be detected in the FMN
N(3) slice. On the other hand, h4JN,N coupling between
Cys102 N’ and FMN N(1) exists exclusively in the reduced state.
Notably, both types of h4JN,N interaction had formerly escaped
detection when the 2D [15N,1H]-TROSY-H(N)N-COSY version was
applied.[39]


At first sight, the lower cross-peak intensities observed in
the reduced state appear to be inconsistent with higher mag-
nitudes of the associated J couplings when compared to the
oxidized state. This can, however, be attributed to the general-
ly lower sensitivity of all experiments carried out on reduced
flavodoxin, for reasons discussed below. The relative sensitivity
of spectra recorded in the two states can be gauged from vici-
nal 15N–15N couplings in the protein backbone, which are readi-
ly observed in the oxidized state (3JAsp95N’,Gly94N’=0.30 Hz;
3JCys102N’,Phe101N’=0.26 Hz),[40] whereas they did not give rise to
cross-peaks in the reduced state. To the best of our knowl-
edge, four-bond nitrogen–nitrogen coupling across H-bonds
has so far been reported only for a G·G·G·G tetrad in a DNA
quadruplex,[23] in which it was found to be slightly smaller than
the values measured in flavodoxin. It should be noted that
there are two possible pathways for the h4JAsp95N’,FMNN(3) interac-
tion since the Asp95 amide forms a bifurcated H-bond with
N(1) and O(2) as acceptors.[3b, f] Experimentally it cannot be dis-
tinguished which of these branches contributes to the ob-
served scalar coupling or whether it is a combination of both.
Long-range 15N,15N J couplings within the flavin ring system


are also detected in the [15N,1H]-TROSY-HNN-COSY spectra. The
two-bond 15N(3),15N(1) interaction is observed in both redox
states and is found to be somewhat larger in the reduced
flavin. In contrast, a relatively large 3J coupling between N(3)
and N(5) appears to exist exclusively in the oxidized state. It
should be mentioned that, while this correlation is detected in
the [15N,1H]-TROSY-HNN-COSY spectrum of Figure 2A despite
the large offset of the 15N(5) resonance (d=338 ppm), its mag-
nitude would be severely underestimated because of the finite
excitation bandwidth of the 15N radio frequency pulses. In-
stead, the value reported in Figure 2 was measured accurately
by using a pseudo-heteronuclear variant of the experiment[41]


(not shown), in which pulses on resonance with the two 15N
nuclei are applied sequentially. A weak four-bond coupling be-
tween N(3) and N(10) was detected in the reduced but not in
the oxidized state. Again, two pathways (i.e. , via C(4) and C(4a)
or via C(2) and N(1)), are conceivable. Although they cannot be
distinguished experimentally it is likely that the latter makes a
larger contribution since the 3JN(3),N(5) coupling, which shares
two bonds with the N(3)-C(4)-C(4a)-C(10a)-N(10) pathway, is
vanishingly small in reduced flavodoxin. While it is not unex-


pected that the homonuclear scalar interactions of the nitro-
gen nuclei in the flavin differ between the two redox states as
a consequence of pronounced changes in electron densities,
to the best of our knowledge, this study has experimentally
demonstrated this effect in a flavoprotein for the first time.


Measurement of hJC,N coupling constants


Three-bond 13C’,15N couplings across N�H···O=C H-bonds in
proteins are commonly probed by long-range HNCO-type ex-
periments.[19,20,42, 43] Unlike their homonuclear counterparts,
such J-correlated spectra do not contain diagonal peaks that
could be exploited to determine coupling constants from in-
tensity ratios. Quantification therefore usually involves record-
ing of separate reference spectra containing sequential cross-
peaks due to magnetization transfer through 1JC’,N couplings. A
different strategy was followed in the current study. Intermo-
lecular h3JC,N coupling constants were measured by use of 3D
quantitative J-correlated [15N,1H]-TROSY-HNC pulse sequences
that give rise to internal reference signals.[44] This approach is
less susceptible to peak-integration errors in separate spectra,
possibly of different dimensionality, nonuniform 1JC’,N reference
coupling constants, and sample instability. The last point was
of particular relevance for reduced flavodoxin samples, which
showed signs of partial reoxidation after approximately two
days in the spectrometer.
The method is outlined in Figure 3. Briefly, following the ini-


tial INEPT[48] sequence, magnetization is transferred from nitro-
gens to scalar coupled carbon spins in an HMQC manner,[49]


upon which 13C magnetization is frequency-labeled during t1.
Quadrature in the F1 dimension is achieved by a modified
STATES[47] scheme by use of an x/�x phase cycling of the 13C
908 pulse following t1 in concert with the receiver reference
phase in the imaginary part but not in the real part of each t1
increment. As a result, magnetization components not transfer-
red from 15N to 13C during the D periods are cancelled in the
imaginary part of the t1 interferogram while being retained in
the real part. As schematically shown at the bottom left of
Figure 3, this gives rise to a signal devoid of chemical shift
modulation but subject to 15N transverse relaxation, superim-
posed on the components that were transferred by 15N,13C
scalar interactions. The latter evolve as multiple quantum co-
herences carrying 13C chemical shift information. After Fourier
transformation, spectra therefore contain cross-peaks at the 13C
pseudo-single quantum positions along F1 as well as an axial
peak (i.e. , at zero frequency), which takes the role of diagonal
peaks in homonuclear quantitative J correlations, thus enabling
the measurement of coupling constants from intensity ratios.
The basic [15N,1H]-TROSY-HNC pulse sequence shown in


Figure 3 was applied to oxidized flavodoxin in order to investi-
gate a potential H-bond of the FMN N(3)H group. A common
difficulty in heteronuclear quantitative J-correlation experi-
ments is the suppression of magnetization transfer through
large one-bond couplings that would otherwise completely de-
grade the efficiency of the transfer via the much smaller scalar
interactions to be studied. This can be achieved by setting the
transfer period D to a multiple of the inverse of the 1J coupling
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constant. In the long-range HNCO experiment described above
this is relatively straightforward, because there is only a single
1JC’,N coupling, which has a well known range in protein back-
bones. In contrast, the isoalloxazine ring has a more complex
spin topology. Therefore, in a first step, the quantitative J-cor-
related [15N,1H]-TROSY-HNC experiment was carried out with a
short D delay (15 ms) to determine the coupling constants be-
tween the N(3) nucleus and its adjacent ring carbons. The left-
most strip in Figure 4A represents an expansion from the re-
sulting spectrum, showing three cross-peaks at the chemical
shifts of the FMN 13C(2), 13C(4), and 13C(4a) nuclei. Evaluation of
cross-peak/axial peak intensity ratios yielded coupling con-
stants of 11.6, 12.9, and 6.5 Hz for 1JC(2),N(3),


1JC(4),N(3), and
2JC(4a),N(3),


respectively. The one-bond coupling constants are in good
agreement with values obtained for free flavins by 1D direct
observation 15N and 13C spectroscopy,[15a,50] whereas the two-
bond coupling is considerably stronger than determined pre-
viously,[15a] where the limited sensitivity and resolution of the
1D 15N spectra might have impeded its accurate determination
in the presence of additional 1J splittings. The experiment was


then repeated with a D value adjusted to 162.5 ms�
2/1JC(2),N(3)�2/1JC(4),N(3)�1/2JC(4a),N(3) to minimize the
magnetization transfer along these pathways. As a
result, the one-bond and two-bond correlations are
still observed due to an unavoidable D mismatch
(Figure 4A, second strip from left), but the presence
of these large couplings was no longer prohibitive
for transfer of magnetization through 13C,15N J inter-
actions that are at least an order of magnitude small-
er. This enabled the detection of a cross-peak at the
position of the Tyr100 carbonyl resonance (d=
178.2 ppm), providing evidence for an intermolecular
H-bond. By using the axial peak as internal
reference the cross-peak intensity translates into a
h3JTyr100C’,FMNN(3) coupling constant of 0.26 Hz. Addition-
al cross-peaks arise through long-range correlations
within the isoalloxazine ring system (i.e. , 3JC(10a),N(3)=
0.91 Hz and 4JC(5a),N(3)=0.30 Hz.
Attempts to observe an analogous trans-H-bond


scalar coupling in the reduced state failed. Measure-
ments of one-bond and two-bond couplings revealed
an increase in 1JC(2),N(3) (13.0 Hz) and a decrease in
2JC(4a),N(3) (5.0 Hz), rendering simultaneous matching of
D to the inverse of all three J values impossible.
However, since the 13C(4a) resonance in reduced
flavodoxin is shifted upfield to approximately
104 ppm,[15b] the two-bond coupling can be selective-
ly refocused, allowing D to be adjusted to 153 ms�
2/1JC(2),N(3)�2/1JC(4),N(3). At the


15N/1H (F2/F3) position of
FMN N(3)H, the corresponding spectrum exclusively
contained cross-peaks due to the residual 1JC(2),N(3) and
1JC(4),N(3) couplings (Figure 4B). The absence of a cross-
peak at the Tyr100 13C’ chemical shift (d=177.3 ppm)
does not completely rule out the existence of a H-
bond, but an upper limit of 0.17 Hz can be calculated
for h3JTyr100C’,FMNN(3) in the reduced state from the noise
amplitude and the intensity of the axial peak. The


same holds for regular long-range JC,N(3) couplings that were
likewise not observable.
Reduction of the flavin is followed by protonation of the


N(5) nitrogen, introducing a second potential H-bond donor. In
fact, X-ray structure analysis[3f] has revealed a conformational
rearrangement of the protein backbone in D. vulgaris flavodox-
in, resulting in the formation of an intermolecular N(5)�H···O=
C(Gly61) hydrogen bridge in the reduced state (Figure 1). The
major obstacle for NMR investigation of this interaction is the
near degeneracy of the N(5)H proton resonance (d=4.84 ppm)
with the water signal. This rather unusual 1HN chemical shift is
in reasonable agreement with a previously reported assign-
ment (d=5.13 ppm at T=303 K and pH 8.3).[34c] In contrast, at
pH 7 the 1H(5) resonance is not observable at temperatures
above 295 K and below this temperature has chemical shifts
around 7.0 ppm.[51] To increase the separation by approximate-
ly 0.1 ppm (at 900 MHz; 1JN(5),H=86.4 Hz) the [15N,1H]-“TROSY”-
HNC experiment involved recording of the “south-west” semi-
TROSY 1H,15N 2D doublet component at the cost of a minor
line-broadening in the 1H dimension, while the more slowly


Figure 3. Top: Generic [15N,1H]-TROSY-HNC quantitative J-correlation pulse scheme, as em-
ployed to determine 15N,13C coupling constants involving N(3) of FMN in oxidized flavodoxin.
Narrow and wide bars denote rectangular 908 and 1808 pulses, respectively, applied with RF
fields (at carrier positions) of 19.4 kHz (7.8 ppm) for 1H, 6.9 kHz (157 ppm) for 15N, and
16.7 kHz (148.4 ppm) for 13C. Selective 1H water flip-back pulses[45] have a Gaussian shape,
truncated at 10%, and a duration of 2 ms. Optional heteronuclear decoupling during ac-
quisition to eliminate unresolved long-range 1HN(3),13C couplings employs a 1.7 kHz GARP-1[46]


modulation. The period D is adjusted as described in the text. Delays t, t’, and x have dura-
tions of 4.6, 5.4, and 0.4 ms, respectively. Sine-bell shaped z-gradient pulses have the follow-
ing lengths and peak amplitudes: G1, 0.5 ms, 5 Gcm�1; G2, 0.5 ms, 7.5 Gcm�1; G3, 1.6 ms,
19.73 Gcm�1; G4, 0.3 ms, 4 Gcm�1; G5, 0.3 ms, 5.5 Gcm�1; G6, 0.2 ms, 16 Gcm�1. Pulse
phases are x unless otherwise stated. Phase f1 is cycled x,�x along with the receiver, f2=y,
f3=x. Echo and anti-echo coherence transfer pathways are selected alternately by inverting
the polarity of G3 and pulse phases f2 and f3. Quadrature detection in F1 is achieved by the
STATES[47] protocol by using different phase cycles for the real and imaginary parts as ex-
plained in the text. Bottom: schematic representation of the real and imaginary parts of a
resulting t1 interferogram and the corresponding F1 cross section after complex Fourier
transformation.
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decaying 15N component was still selected during the D and t2
periods. This modification allowed the observation of one-
bond correlations (Figure 4B, second strip from left) when D=


12 ms was chosen, yielding 14.4 and 11.7 Hz for 1JC(4a),N(5) and
1JC(5a),N(5), respectively. Adjustment of D to significantly longer
values in order to probe a potential h3JGly61C’,FMNN(5) coupling re-
sulted in a complete loss of signal. It cannot be excluded that
the reduced flavodoxin samples employed here contained
trace amounts of semiquinone, entailing accelerated relaxation
of 15N and 1H magnetizations at the N(5) position due to fast
electron exchange between fully reduced and semiquinone
species. Furthermore, the sensitivity of all proton–nitrogen cor-
relation experiments directed towards the detection of the
N(5)H resonance was reduced because the water flip-back[45]


procedure could not be applied.
Significantly improved efficiency of through-hydrogen bond


15N,13C correlations of main-chain amide nitrogens in non-deu-
terated proteins can be achieved by composite pulse decou-


pling of a-carbons,[52] which suppresses scalar relaxation of the
second kind.[53] Consequently, quantitative J-correlated [15N,1H]-
TROSY-HNC experiments directed towards the identification of
intermolecular H-bond donors of apoflavodoxin included
band-selective 13Ca decoupling during the D periods resulting
in sensitivity enhancements of between 20 and 25%. Measure-
ments involving the Asp95 amide required additional refocus-
ing of the relatively large intraresidual 3JN’,Cg coupling amount-
ing to 2.25 Hz.[54] Separate experiments were performed for in-
dividual amides in order to adjust D to 2/1JC’,N according to
previously determined one-bond coupling constants.[44c] For
details regarding all modifications of the basic pulse scheme of
Figure 3 in the various [15N,1H]-TROSY-HNC quantitative J-corre-
lation experiments, see the Experimental Section.
Both the Asp95 NH and the Cys102 NH of oxidized flavodox-


in are hydrogen-bonded to FMN O(2), as attested by h3JC,N cor-
relations in [15N,1H]-TROSY-HNC spectra (Figure 4A). Although
the cross-peaks are of similar intensity, the h3JFMNC2,Cys102N’ cou-


Figure 4. Multiple-bond 13C,15N couplings in A) oxidized, and B) fully reduced D. vulgaris flavodoxin as determined by internally referenced quantitative J correlation.
All strips have a width of 0.24 ppm along the F3 (


1H) dimension and are centered at the chemical shifts indicated at the bottom. Positions in the F2 (
15N) dimension


are given at the top of each strip, along with the value of the 15N,13C transfer time D employed in the individual [15N,1H]-TROSY-HNC experiments. Positive and neg-
ative intensities are represented by black and red contours, respectively. The resulting values of trans-H-bond (hJ, magenta) and intramolecular long-range (J, cyan)
coupling constants are given in the lower part of the figure.
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pling constant is found to be larger as becomes apparent by
reference to the respective axial peaks. The reasons for the re-
duced overall intensity in the Cys102 strip are the faster trans-
verse relaxation of its amide nuclei and the longer D period
used. Of the two cross-peaks in the low-field half of the Asp95
strip, the one at 176.3 ppm is due to the intraresidual two-
bond coupling (2JC’,N=0.35 Hz) while the second exactly match-
es the Cys93 13C’ chemical shift[55] such that it is tentatively as-
signed to a four-bond interaction (4JCys93C’,Asp95N’=0.23 Hz)
along the protein main chain. In contrast, the large sequential
and intraresidual correlations with Gly94 C’ (d=173.7 ppm)
and Asp95 Cg (d=179.9 ppm), respectively, have been effec-
tively suppressed. No indication for the putative H-bond be-
tween the Asp62 amide and FMN O(4) could be obtained from
quantitative J-correlation experiments (not shown). The refer-
ence peak intensity determines an upper limit of 0.23 Hz for
the h3JFMNC(4),Asp62N’ coupling constant. The fact that transverse
15N magnetization of Asp62 decays more rapidly than that of
most other amides in flavodoxin[56] explains why this value is
higher than the one that could be readily measured for the
FMN C(2),Asp95 N’ interaction.
By similar methodology, Asp95/Cys102 to FMN O(2) H-bonds


were also directly observed through scalar couplings in the re-
duced state (Figure 4B). While the magnitude of h3JFMNC(2),Asp95N’
lies in the same range for both redox states, h3JFMNC(2),Cys102N’ is
significantly larger in reduced flavodoxin. Again, the overall
signal-to-noise ratio in the spectra of the latter species is appa-
rently lower, which is a consequence of: 1) lower protein con-
centrations, 2) higher buffer concentrations, 3) enhanced sol-
vent exchange due to higher pH values, and 4) the usually
shorter measurement times imposed by its limited stability. It
is therefore to be expected that the values reported for the hy-
droquinone species should be somewhat less precise than
those for the oxidized form. It should be mentioned here that
all quantitative J-correlation experiments of oxidized flavodox-
in were performed in triplicate in order to assess their preci-
sion. This was made possible by the high stability of this redox
state. In no case did the variations of measured coupling con-
stants exceed 0.04 Hz, indicating that—despite their very low
magnitudes—reliable values were being obtained.


Measurements of hJH,N and hJH,C coupling constants in
oxidized flavodoxin


Besides through-bond interactions between heteronuclei on
both sides of a H-bond, J couplings were detected between
the bridging hydrogen nuclei and the acceptor group hetero-
nuclei.[18,21, 24,25] E.COSY-type[57] methods for the determination
of h1JH,N rely on relatively large h2JN,N interactions either to sepa-
rate doublet components corresponding to the two spin states
of a passive 15N nucleus along an orthogonal dimension[58] or
to transfer magnetization to the acceptor nitrogen in order to
measure the 15N frequency difference in two subspectra repre-
senting the donor 1H a and b spin states.[18] As the h2JN,N cou-
plings observed in flavodoxin are far too small to give rise to
splittings, the second option, a 1H spin-state-selective (S3) 2D
[15N,1H]-TROSY-H(N)N experiment, was chosen here. Because of


the long h2JN,N transfer time required, it was essential to use a
version of the pulse sequence that selects for the TROSY com-
ponent during both D periods and either leaves 1H spin states
unperturbed or inverts them immediately before and after the
t1 evolution time[59,60] (for details see the Experimental Section).
The 15N(1)-{1H} doublet components of the Asp95 HN–FMN


N(1) cross-peak taken from the two 1H–S3 [15N,1H]-TROSY-H(N)N
subspectra of oxidized flavodoxin are shown in Figure 5A–C.
They exhibit a very small, yet measurable displacement of
0.25 Hz along the 15N dimension, corresponding to the inter-
molecular h1JAsp95HN,FMNN(1) coupling. Repeating the experiment
three times indicated an uncertainty of less than �0.1 Hz. The


Figure 5. Determination of A)–C) h1JAsp95HN,FMNN(1) and D)–F) 3JFMNH(3),N(1) in oxi-
dized flavodoxin. Contour plots A), D), and B), E) are taken from subspectra of
the 2D 1H-S3 [15N,1H]-TROSY-H(N)N experiment with selection of the 1HN b (no
1808 pulses before and after t1) and a spin states, respectively. Traces along the
F1 (


15N) dimension taken from A), B), and from D), E) are superimposed in C)
and F), respectively, where the solid line represent the 1HN b and the dashed
line the a spin state. The horizontal displacement between the two 15N-{1H}
doublet components corresponds to the C) h1J and F) 3J coupling constants as
indicated.
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sign of the coupling is opposite to that of the 1JH,N coupling of
the Asp95 autocorrelation peak (i.e. , positive). This is consistent
with results obtained for nucleic acid-base pairs, where h1JH,N
couplings were found to be positive and of approximately half
the size of the associated h2JN,N interaction.


[18,21,59–61] The extrac-
tion of the three-bond coupling between FMN N(1) and the
H(3) from the intramolecular 15N(3),15N(1) correlation in the
same spectrum is shown in Figure 5D–F. It is also positive and
has a value of 0.6 Hz, which is similar in magnitude to the
3JH(3),N(1) coupling (0.9 Hz) reported for oxidized riboflavin tetra-
butyrate dissolved in chloroform.[50] Analogous experiments di-
rected towards the measurement of h2JFMNH(3),Tyr100C’ and
h2JCys102HN,FMNC(2) employed a 1H-S3 [15N,1H]-TROSY-H(N)C pulse
sequence[25] with Tyr100 13C’ and FMN 13C(2) selective pulses,
respectively, and yielded coupling constants between 0 and
1 Hz (results not shown). Unfortunately, the variations upon re-
peated measurements were of the same order of magnitude,
indicating that the sensitivity was not sufficient to provide reli-
able results. Since information from h1JH,N and h2JH,C coupling
constants is to some extent redundant to that available from
h2JN,N and h3JC,N, respectively, and their precision depends
strongly on the signal-to-noise ratios that can be obtained,
these experiments were not attempted for reduced flavodoxin.


Correlations with chemical shifts and H-bond lengths


For both proteins[19] and nucleic acids[21] clear correlations of
the isotropic chemical shifts of the H-bonded proton and hJ
coupling constants have been observed. An H···O distance de-
pendence of dH,N in proteins has long been recognized,[15,16, 62]


with short H-bond lengths corresponding to larger values for
the chemical shift. Although density functional theory calcula-
tions indicate that angular dependencies cannot be neglect-
ed,[63] trans-H-bond scalar couplings are predominantly deter-
mined by donor–acceptor distances and an exponential rela-
tionship between h3JC’,N and the N···O distance [(h3JC’,N=�5.9V
104 HzVexp[�4VRNOW�1])] in proteins has been established
empirically.[42] Nitrogen–nitrogen and carbon–nitrogen hJ cou-
pling constants measured for flavodoxin in both redox states
are summarized in Figure 6 along with the donor 1HN chemical
shifts. The correlation between the two parameters is obvious.
Downfield shifts of the amide proton resonances of Asp95 and
Cys102 by 1.47 and 1.83 ppm, respectively, upon two-electron
reduction are accompanied by increases in the h2JFMNN(1),Asp95N’
and h3JFMNC(2),Cys102N’ coupling constants. In the same sense,
h3JFMNC(2),Asp95N’ and


h4JFMNN(3),Asp95N’ become slightly larger and the
h4 JFMNN(1),Cys102N’ interaction is exclusively observed in the re-
duced state. Conversely, h3JTyr100C’,FMNN(3) coupling is only detect-
able in the oxidized state, where the chemical shift of the
proton within the H-bond is 1.77 ppm downfield from that in
the reduced state.
Qualitatively, these results are in accordance with donor–


acceptor distances measured in low-temperature crystal struc-
tures of oxidized and fully reduced flavodoxin[3f] (Figure 1);
that is, the Asp95 N’···N(1) and Cys102 N’···O(2) distances
become shorter when flavodoxin is reduced. Interestingly, a
somewhat larger Asp95 N’···N(1) distance was observed in a


more recent 2.5 W refined X-ray structure of the oxidized apo-
flavodoxin–FMN complex[64] and since, additionally, the Asp95
N�H···N(1) bond angle (122.58) deviates considerably from opti-
mal geometry it has been considered unlikely that this H-bond
actually occurs.[65] This conclusion appears to be in contradic-
tion with our results. However, it should be noted that the
h2JFMNN(1),Asp95N’ coupling constants are about one order of mag-
nitude smaller than h2JN,N values measured in nucleic acid-base
pairs[17,18, 21,41,66] and between imidazole nitrogens of two histi-
dine residues in a protein,[67] suggesting that the Asp95 N�
H···N(1) H-bond is weak but not absent in solution. Further-
more it cannot be ruled out that the detected “h2JN,N” couplings
include a contribution from a second pathway via the Asp95
N�H···O=C(2) H-bond and the coupling constants are the com-
posite of two-bond and four-bond scalar interactions across
two distinct H-bonds.
In reduced FMN the negative charge of the anionic isoalloxa-


zine ring was found to be located at the N(1)–C=O(2)
moiety.[15] When bound to apoflavodoxin, strengthening of in-
termolecular H-bonds in this region occurs upon two-electron
reduction, as evidenced by increased hJ coupling constants in-
volving the 15N(1) and 13C(2) nuclei. This may reflect partial
charge delocalization through the amide groups of Asp95 and
Cys102, as previously suggested on the basis of 1H chemical
shifts.[34c]


Figure 6. Comparison of hJ coupling constants and 1HN chemical shifts in oxi-
dized (left) and fully reduced (right) flavodoxin. Vertical scales on the left-hand
and right-hand sides apply to chemical shifts and coupling constants, respec-
tively, for both redox states. Experimental data involving FMN N(3)H, Asp95
HN’, and Cys102 HN’ donor groups are represented in red, green, and blue, re-
spectively. The lower limit for hJN,N and


hJC,N couplings to give rise to detectable
cross-peaks in quantitative J correlation experiments (“detection limit”) depends
on the reference peak intensity and the noise level in the individual spectra
and was found to vary between 0.13 and 0.18 Hz. No information was
obtained for putative through-hydrogen-bond scalar couplings between
Asp62 15N’ and FMN 13C(4) in the oxidized state and between Gly61 13C’ and
FMN 15N(5) in the reduced state, where the experimental sensitivity was consid-
erably lower.


1530 G 2004 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim www.chembiochem.org ChemBioChem 2004, 5, 1523 – 1534


F. Lçhr et al.



www.chembiochem.org





Through-hydrogen bond couplings gave little information
about the H-bonding pattern of the N(5)�C(4a)�C=O(4)
moiety of FMN, information that would be indicative of a con-
formational change of the apoprotein backbone in response to
reduction of the cofactor. While measurement of h3JGly61C’,FMNN(5)
in reduced flavodoxin was impossible for reasons mentioned
above, an upper limit can be given for the FMN 13C(4)–
Asp62 15N’ scalar coupling in the oxidized species, which pre-
cludes a strong H-bond interaction. This is consistent with the
comparatively high-field chemical shift (d=8.78 ppm) and H/D
exchange characteristics of the Asp62 amide proton.[34] Fur-
thermore, structural investigation of oxidized D. vulgaris flavo-
doxin in solution[4e] revealed an even longer donor–acceptor
distance for the putative H-bond than in the crystal structure.
The elongation of the Tyr100 (C’)O–FMN N(3) distance by


0.23 W observed in the X-ray structures is reflected by the fact
that a h3JTyr100C’,FMNN(3) coupling constant of 0.26 Hz is measured
in the oxidized state, whereas it is below the detection limit
(0.17 Hz) in the reduced state, which may be indicative of a
complete breakdown of the N(3)H hydrogen bond. Computa-
tional and electrochemical investigations of model systems im-
plied that hydrogen bonding at this position has a marked
effect on the redox potential of the flavin system, predicting
modulations of up to 80 mV.[68] Systematic replacement of the
FMN N(3)H–apoprotein H-bond acceptor in conjunction with
1H–15N NMR studies on Clostridium beijerinckii flavodoxin pro-
vided further evidence that this interaction contributes to co-
factor binding primarily in the oxidized state and is least im-
portant for the fully reduced state.[69]


In conclusion, we have demonstrated that the measurement
of hJ couplings is suitable for the identification of intermolecu-
lar H-bond interactions in protein–cofactor complexes. Though
small, their magnitudes can be determined precisely by the
use of TROSY-based[70] quantitative J-correlation experiments in
conjunction with high polarizing fields. Therefore, subtle
changes of H-bond strengths upon reduction of the flavin in
D. vulgaris flavodoxin could be probed through concomitant
hJN,N and hJC,N coupling constants. Differential thermodynamic
stabilization of the three accessible redox states of flavodoxin-
bound FMN by H-bond interactions is likely to contribute to
the observed shifts of midpoint potentials relative to free FMN.
The results presented here suggest trans-H-bond scalar cou-
plings as a useful tool with which to investigate correlations
between redox potentials and individual intermolecular H-
bond strengths in flavoproteins. More generally, owing to the
structural similarity between the isoalloxazine ring system and
nucleobases, it may be expected that hydrogen bridges at
macromolecular interfaces such as protein–nucleic acid com-
plexes might be identified in a similar manner.


Experimental Section


Sample preparation : Recombinant [U-15N]- and [U-13C,15N]-labeled
D. vulgaris flavodoxin was expressed in Escherichia coli TG1 and
grown on M9 medium containing [15N]ammonium chloride
(1 gL�1�1) as the sole nitrogen source and either unlabeled or
[13C6]glucose (2 gL�1) as well as unlabeled or [13C3]glycerol as


carbon sources. Protein expression was induced by the addition of
isopropyl b-d-thiogalactopyranoside (IPTG; 20 mm) when the cells
reached an O.D.600 between 0.4 and 0.5. The protocol for purifica-
tion has been described elsewhere.[34a,36] Oxidized flavodoxin was
dissolved in potassium phosphate buffer (pH 7.0, 20 mm) at con-
centrations of 4.5 mm and 2.1 mm for 15N- and 13C/15N-labeled pro-
tein, respectively. Samples were placed in Shigemi microcells with
total volumes of 300 mL. To obtain the hydroquinone redox state,
flavodoxin solutions (500 mL, 4.0 mm


15N-labeled and 1.5 mm
13C/


15N-labeled) containing sodium pyrophosphate (pH 8.5, 100 mm)
were made anaerobic by successive cycles of degassing and flush-
ing with oxygen-free argon. NMR tubes sealed with serum caps
were connected to a vacuum line through syringe needles. A
threefold molar excess of anaerobic sodium dithionite solution pre-
pared in the same buffer was added by gas-tight Hamilton syringe.
All samples contained D2O (5%), sodium azide (0.02%), Pefabloc
protease inhibitor (50 mgmL�1), EDTA (0.3 mm), and 4,4-dimethyl-4-
silapentane-1-sulfonate (DSS; 0.15 mm).


NMR spectroscopy : All pulse sequences applied in this study were
of the TROSY[70] type and employed a gradient echo/anti-echo co-
herence selected, sensitivity-enhanced detection scheme.[71] Experi-
ments were performed at sample temperatures of 300 K on Bruker
Avance spectrometers operating at 1H Larmor frequencies of
800.13 or 900.13 MHz. Quantitative J-correlation experiments em-
ployed conventional 5 mm single-axis (at 800 MHz) or three-axis
gradient (at 900 MHz) 1H{13C,15N}-triple resonance probes. E.COSY-
type hJH,N and hJH,C measurements were carried out at 900 MHz by
use of a cryogenic z-gradient 1H{13C,15N}-triple resonance probe.
Proton chemical shifts were referenced with respect to internal
DSS, while indirect calibration of 13C and 15N chemical shift scales
employed consensus X ratios.[72]


The HNN-COSY[40] experiment for the measurement of homonu-
clear 15N,15N couplings was implemented essentially as described
by Dingley and Grzesiek.[17] Three modifications are worth mention-
ing, however: firstly, the rectangular 15N refocusing pulses in the
centers of the fixed J evolution delays D were replaced by pairs of
1.5 ms WURST-20[73] adiabatic pulses (80 kHz sweep), applied at D/
4 and 3D/4, to obtain a more uniform transfer efficiency over the
widely dispersed 15N chemical shifts of FMN and protein backbone.
Secondly, the evolution of 1JN,H couplings in t1 was refocused by a
pair of 1H 1808 pulses.[74] This removes splittings from cross-peaks
involving protonated nitrogens while preserving the 1H spin state
corresponding to the slowly relaxing 15N doublet component
during both de- and rephasing periods D. Thirdly, to reduce signal
overlap a third dimension was introduced in a constant-time
manner by shifting one of the adiabatic 15N 1808 pulses of the
second D period as a function of t2.


Heteronuclear 13C,15N coupling constants involving the isoalloxa-
zine 15N(3) nucleus of oxidized flavodoxin were measured by the
scheme described in Figure 3. To refocus 2JC(4a),N(3) in the reduced
species, 2.6 ms G3 Gaussian cascades,[75] applied at 103.9 ppm,
were centered in the two D periods. The phase f3 in the pulse se-
quence of Figure 3 was inverted to select the low-field 1H (semi-
TROSY) component of the FMN 1H{15N(5)} doublet and the 1H2O-
selective pulses were not applied. For the determination of scalar
interactions between amide nitrogens of apoflavodoxin and the
isoalloxazine 13C2 nucleus in both redox states, the pulse sequence
was supplemented with a train of 13Ca-selective adiabatic inversion
pulses during the two D periods. Pulses were spaced at 2.7 ms and
had a WURST-20 shape with a 15 kHz sweep and a duration of
3 ms. When the h3JAsp95N’,FMNC(2) interaction was probed, 2.6 ms G3 in-
version pulses, positioned slightly downfield from the side-chain
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13COg resonance of Asp95 at 180.6 ppm, were additionally applied
in the center of D.


Measurements of JN,N in both redox states and of JC,FMNN(3) in the
oxidized state were performed at 800 MHz, while the remaining ex-
periments were carried out at 900 MHz proton frequency. In all ex-
periments the 1H carrier was centered in the amide region of the
spectrum. Gaussian-shaped water flip-back pulses of 2 ms duration
were applied at the H2O resonance through phase modulation of
the radio frequency[76] to avoid saturation of exchanging protons
due to gradient dephasing[45] and to achieve effective solvent sup-
pression. The spectral width in the 1H dimensions was set to
9.0 ppm and the number of data points was adjusted to obtain ac-
quisition times of, typically, 70 ms. The 15N carrier frequency was
set at 144 and 137 ppm for [15N,1H]-TROSY-HNN-COSY experiments
on oxidized and reduced flavodoxin, respectively. In [15N,1H]-TROSY-
HNC experiments the 15N carrier was positioned approximately on-
resonance with the respective H-bond donor N�H group. Further
acquisition parameters and time requirements of the individual
quantitative J correlations are listed below.


Oxidized flavodoxin: [15N,1H]-TROSY-HNN-COSY (D=170 ms): spec-
tral widths (SWs) in indirectly detected dimensions F1(


15N)=
99.5 ppm, F2(


15N)=8.5 ppm, data size 192 (t1)V24 (t2) complex
points, acquisition times t1max=23.7 ms, t2max=33.6 ms, number of
scans per FID (NS)=8, recording time=71 h; [15N,1H]-TROSY-
HNFMNN(3)C (D=15 ms): SW (F1,


13C)=69.0 ppm, SW (F2,
15N)=


22.0 ppm, 56 (t1)V12 (t2) complex points, t1max=4.0 ms, t2max=
6.7 ms, NS=4, recording time=2.5 h; [15N,1H]-TROSY-HNFMNN(3)C
(D=163 ms): SW (F1,


13C)=73.1 ppm, SW (F2,
15N)=22.0 ppm, 76


(t1)V24 (t2) complex points, t1max=5.1 ms, t2max=13.4 ms, NS=32,
recording time=113 h; [15N,1H]-TROSY-HNAsp95C (D=125 ms): SW
(F1,


13C)=30.0 ppm, SW (F2,
15N)=7.0 ppm, 66 (t1)V36 (t2) complex


points, t1max=9.7 ms, t2max=56.4 ms, NS=16, recording time=
112 h; [15N,1H]-TROSY-HNCys102C (D=146 ms): SW (F1,


13C)=
30.0 ppm, SW (F2,


15N)=7.0 ppm, 58 (t1)V18 (t2) complex points,
t1max=8.5 ms, t2max=28.2 ms, NS=32, recording time=90.5 h. Re-
duced flavodoxin: [15N,1H]-TROSY-HNN-COSY (D=170 ms): SW (F1,
15N)=112.1 ppm, SW (F2,


15N)=11.8 ppm, 184 (t1)V32 (t2) complex
points, t1max=20.2 ms, t2max=33.4 ms, NS=8, recording time=
90.5 h; [15N,1H]-TROSY-HNFMNN(3)C (D=12 ms): SW (F1,


13C)=
73.6 ppm, SW (F2,


15N)=15.0 ppm, 128 (t1)V16 (t2) complex points,
t1max=7.7 ms, t2max=11.6 ms, NS=4, recording time=15 h; [15N,1H]-
TROSY-HNFMNN(3)C (D=153 ms): SW (F1,


13C)=66.9 ppm, SW (F2,
15N)=15.0 ppm, 112 (t1)V20 (t2) complex points, t1max=7.4 ms,
t2max=14.6 ms, NS=16, recording time=90 h; [15N,1H]-semi-TROSY-
HNFMNN(5)C (D=12 ms): SW (F1,


13C)=98.2 ppm, SW (F2,
15N)=


40.0 ppm, 112 (t1)V16 (t2) complex points, t1max=4.5 ms, t2max=
4.4 ms, NS=4, recording time=15 h; [15N,1H]-TROSY-HNAsp95C (D=
129 ms): SW (F1,


13C)=32.0 ppm, SW (F2,
15N)=20.0 ppm, 80 (t1)V


12 (t2) complex points, t1max=11.0 ms, t2max=6.6 ms, NS=32, re-
cording time=89.5 h; [15N,1H]-TROSY-HNCys102C (D=144 ms): SW
(F1,


13C)=32.0 ppm, SW (F2,
15N)=20.0 ppm, 48 (t1)V12 (t2) complex


points, t1max= t2max=6.6 ms, NS=32, recording time=48 h.


The determination of one-bond JH,N coupling constants was carried
out with a 1H–S3 2D [15N,1H]-TROSY-H(N)N experiment.[59] Modifica-
tions of the original pulse sequence included the use of adiabatic
15N 1808 pulses during D[60] and gradient coherence selection. In
addition, the two pairs of 1H 908 pulses flanking the t1 evolution
time were replaced by 908x1808f908x composite pulses, where the
phase f was altered between �x and �y to select either TROSY of
anti-TROSY components during t1. The two data sets were record-
ed in an interleaved manner using JN,N evolution delays (D of
120 ms and spectral widths of 127.5 and 15.2 ppm in the 15N (carri-


er position: 137.1 ppm) and 1H (carrier position at the 1H2O reso-
nance) dimensions, respectively. Time domain data comprised 1396
(t1)V1024 (t2) complex points, corresponding to acquisition times
of 120.1 ms in the nitrogen dimension and 75 ms in the proton di-
mension. The total recording time was 66 h with 16 scans per FID.


Spectra processing was performed with Bruker XWIN-NMR (version
2.6) software. Linear prediction was employed to extend acquisi-
tion data in the 15N dimensions (t2 only) of all 3D experiments by
approximately half of their original length. Prior to zero-filling and
Fourier transformation, time domain data were apodized with
squared-cosine functions in all dimensions. Contour levels of all
spectra shown in Figures 2, 4, and 5 are plotted on an exponential
scale with a factor of 1.2.


Nitrogen–nitrogen coupling constants were calculated from the
ratio of cross-peak and diagonal peak heights according to J= [arc-
tan(�Icross/Idia)1/2]/pD. By contrast, peak volumes were measured for
the evaluation of 13C–15N coupling constants to account for differ-
ential line widths of cross-peaks and axial peaks along the 13C di-
mension in HCN-type quantitative J-correlation experiments,
caused by faster relaxation of transverse magnetization compo-
nents that give rise to cross-peaks and by unresolved passive split-
tings only occurring for the latter.
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Integrating Input from Multiple Signals: The
VirA/VirG Two-Component System of
Agrobacterium tumefaciens
Aindrila Mukhopadhyay, Rong Gao, and David G. Lynn*[a]


Introduction


Agrobacterium tumefaciens successfully induces crown gall
tumors in hundreds of host species.[1–3] The signals that medi-
ate host perception, the process of xenognosis, must be both
sufficiently specific to ensure precise host commitment and
yet appropriately general to detect multiple hosts. These com-
plex requirements leading to tumorgenesis are apparently
regulated by a single VirA/VirG two-component signaling
system. VirA, the sensor kinase, responds cooperatively to
three separate signals, phenols (for example, acetosyringone
(AS)), monosaccharides (via the periplasmic sugar-binding pro-
tein ChvE)[4,5] and acidic pH, to control both the rate and mag-
nitude of virulence (vir) gene induction.[6–10] While models for
the activation of response regulators such as VirG have been
proposed (for reviews see refs. [11–13]), and signal-dependent
phosphorylation have been demonstrated for several systems
in vivo,[14–17] the mechanism of signal perception, sensor activa-
tion, and cascade regulation in two-component systems
remain an area of active investigation.[18–21]


The ability of VirA to integrate three separate input signals
makes it one of the more complex sensor/transmitters. Never-
theless, several features make this system suitable for more de-
tailed analysis. The structurally defined input signals have ena-
bled mechanistic models for signal perception to be devel-
oped.[8,16, 22] Several mutant alleles that alter both signal per-
ception[23–25] and transmission[22] are known. The complications
presented by signal-dependent expression of virA and virG[26–30]


have been addressed with the constitutive T5 phage promoter
PN25, successfully decoupling VirA/VirG expression from signal
activation.[31] Moreover, these constructs have allowed the at-
tachment of affinity tags to active alleles for rapid isolation of
proteins with labile 32P phosphates directly from bacterial cul-
tures. Finally, autophosphorylation of a His474 of the kinase
domain of VirA and the phosphotransfer to the Asp52 residue


of VirG have been demonstrated in vitro.[16,32,33] Here we report
evaluation of the entire phosphorylation cascade in vivo and
reveal two separate phosphotransfer pathways. These two
pathways may be regulated by separate input signals; this ex-
plains much of the genetic evidence for the response to multi-
ple inputs. However, it is also possible that a single ratcheting
mechanism[22] operates to transmit all signal inputs.


Results


In vivo phosphorylation of VirG


The native virG promoter in Agrobacterium is under complex
regulation[27,28, 30] and pYW48, containing PN25-6XHis-virG and
virA, was constructed to decouple virG expression from signal
activation.[31] As shown in Figure 1A, vir gene expression in the
pTi-cured A136 background containing pYW48 and the report-
er construct pSW209 (PvirB :lacZ) was similar to that of the A348
control containing wild-type promoters of virG and virA. Nei-
ther constitutive expression of virG nor addition of the N-termi-
nal 6XHis-tag significantly altered VirG function.
For in vivo phosphorylation, A136 strains carrying pYW48


were phosphate starved overnight in induction media, then
pulsed with H3


32PO4, and AS (200 mm) was added at progres-
sively later times during the labeling period. The 6XHis tagged
VirG was affinity enriched by Ni-resin purification. As can be
seen in Figure 1B, phosphate labeling could be detected as


[a] Dr. A. Mukhopadhyay, R. Gao, Prof. Dr. D. G. Lynn
Center for Fundamental and Applied Molecular Evolution
Department of Chemistry and Biology, Emory University
Atlanta, GA 30322 (USA)
Fax: (+1)404-727-6586
E-mail : david.lynn@emory.edu


Bacteria, fungi, and plants exploit histidine sensor kinase/re-
sponse regulators to mobilize complex responses to inputs as di-
verse as environmental stimuli and hormonal regulation. More
than 50 such two-component systems are found in many organ-
isms, yet the mechanisms of signal perception, phosphotransfer
regulation, and even the nature of the activating signals remain
poorly defined. Here we resolve each phosphate transfer event in
vivo for the Agrobacterium tumefaciens virulence two-compo-
nent system VirA/VirG. The input signals for this system are
known, and the complex autocatalytic regulation of the signaling


components has been removed. Two separate and independent
phosphotransfer events are resolved, an initial ATP!sensorHis~
PO4!receiver~PO4, that may be activated by xenognostic sugar/
low pH, and a subsequent ATP!His~PO4!VirG~PO4 that re-
quires xenognostic phenol activation. The identification of these
separate pathways places biochemical limits on the regulated
steps in this two-component signal transduction module and fur-
ther extends the model of how a single sensor is able to integrate
multiple input stimuli.
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early as 15 minutes after AS exposure, reached a maximum
within 1 h, and did not increase significantly over 3 h. Without
AS, no significant VirG~ 32P accumulates in vivo (Figure 1B,
lane 4), even though equivalent quantities of the 6XHis-VirG
protein are present (Figure 1C, lane 4).
To further examine the AS dependence of VirG phosphoryla-


tion, a simple analogue of the natural MDIBOA inhibitor of vir
gene induction,[34] hydroxy furanone (HF) was employed as an
inhibitor. As shown in Figure 2A, 100 mm HF completely inhib-
its vir gene induction by 100 mm AS. Likewise, HF inhibits accu-
mulation of VirG~P under the same conditions (Figure 2B).


Role of VirA in VirG phosphorylation


Agrobacterium strains carrying a VirA(G665D) allele[25] are leaky
and show basal vir expression that is further elevated with AS
induction (Figure 3A). Likewise, strains containing VirA(G665D)
show phosphate accumulation without AS induction (Fig-
ure 3B, lane 4), and the level of phosphorylation increases with


AS induction (lane 5). The level of phosphorylation in both
wild-type and mutant strains (lanes 1–3) is in qualitative agree-
ment with the observed vir gene expression.


Figure 1. A) vir gene expression via PN25-6XHis-virG. Activation of PvirB was
measured in terms of b-galactosidase activity by using the reporter construct
PvirB :lacZ (pSW209) after 8 h of cocultivation with indicated AS concentrations
in Agrobacterium strains (&) A348(pSW209), containing PvirG-virG, and (*)
A136(pSW209/pYW48), containing PN25-6xHis-virG. Both strains contain native
virA. Each concentration represents triplicate analyses expressed as �SD.
B) Effect of AS induction on the phosphorylation of VirG in vivo. Phosphor-
image of Ni-resin enriched 6XHis-VirG from A. tumefaciens strain carrying
pYW48 radiolabeled with H3


32PO4 (30 mCimL
�1) in the presence of AS (200 mm)


for progressively shorter time periods of 3 h (lane 1), 1 h (lane 2), 15 min
(lane 3) and without AS for 3 h (lane 4). C) anti-RGSHis immunoblot analysis of
the blot shown in panel B.


Figure 2. Effect of inhibitors on the accumulation of VirG~P in vivo. A) A. tu-
mefaciens carrying pYW48 was assayed for vir gene induction (PvirB :lacZ,
pSW209) after 8 h in 100 mm AS, with or without 100 mm HF. B) Phosphorimage
of the Ni-resin purified 6XHis-VirG from bacterial cultures radiolabeled with
H3
32PO4 for 3 h with either 100 mm AS and 100 mm HF (lane 1) or with 100 mm


AS alone (lane 2). C) anti-RGSHis immunoblot analysis of the blot shown in
panel B. D) Molecular structure of hydroxy furanone (HF).


Figure 3. Role of VirA in vir gene induction and VirG phosphorylation. A) Ex-
pression of PvirB :lacZ (pSW209) was measured after 16 h of co-cultivation with
(filled bar) or without (open bar) 100 mm AS in A136 containing virA (pYW48)
or virA(G665D) (pAM30) and PN25-6xHis-virG. B) Phosphorimage of Ni-resin en-
riched 6XHis-VirG from H3


32PO4 radiolabeled (3 h) A. tumefaciens strains carry-
ing pYW47 (-VirA) with 200 mm AS (lane 1), pYW48 without AS (lane 2), pYW48
with 200 mm AS (lane 3), pAM30 (VirAG665D) without AS (lane 4) 200 mm AS, and
pAM30 (VirAG665D) with 200 mm (lane 5). C) anti-RGSHis immunoblot analyses of
the blot shown in panel B.
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The VirG phosphoprotein


Both homology modeling[35] and mutagenesis[32] experiments
suggest D52 as the site of phosphorylation in VirG. The hydro-
lytic instability of such acyl phosphates, particularly under base
and acid catalysis, is well known[36] and can be employed as a
chemical test. Accordingly, Ni-resin-enriched fractions from la-
beled bacteria were resolved by SDS-PAGE, transferred to PVDF
membranes and treated with either 1n HCL or 3n NaOH for
45 minutes at room temperature prior to phosphorimaging. As
shown in Figure 4A, the VirG~P was stable under neutral con-


ditions, but both acid and base hydrolyzed the 32PO4 while not
significantly removing the protein from the membrane (Fig-
ure 4B).
To evaluate the site of phosphorylation, Agrobacterium


strains carrying PN25-6XHis-virG (D52E) were constructed with
(pAM21) and without (pAM19) virA. The D52E substitution rep-
resents a very conservative change, but one known to disable
vir gene expression.[37] Consistent with the functional analysis,
the D52E allele did not accumulate phosphate (Figure 4C,
lanes 3 and 4) with AS-induced VirA.


In vivo phosphorylation of VirA


In addition to autocatalytic virA expression with signal induc-
tion[27] and the chemical instability of His~P intermediates, the


membrane localization of VirA further complicates in vivo la-
beling protocols. Since the C-terminal cytoplasmic portion of
VirA retains the ability to respond to AS induction,[38, 39] a PN25-
6XHis-virA(aa285–829) construct was generated in pYW21 (Fig-
ure 5A, Table 1). Consistent with the wild-type protein, strains


carrying pYW21 remained fully AS dependent, even though re-
moval of the periplasmic domain eliminated cooperative sugar
activation and reduced maximal activity (Figure 5B). In alleles
carrying the G665D substitution,[25] the constitutive basal vir
expression was still further induced by AS.
VirA belongs to a family of hybrid sensor kinases that con-


tain an additional C-terminal domain, aa711–829, which is ho-
mologous with the receiver of response regulators. Deletion of
the receiver domain from VirAwt increases basal activity.[38,40] As
shown in Figure 5C, the basal vir gene expression with
VirA(aa285–711) (pAM28) was also further induced by AS.
Moreover, in strains expressing VirA(aa285–711)(G665D)
(pAM23), vir gene expression was comparable to that achieved
with full length VirAwt in the presence of glucose (Figure 3A).
Removal of the VirA-receiver domain therefore at least partially
complements the loss of sugar/pH synergistic activation.
VirA(aa285–829) is phosphorylated in vivo with or without


AS (Figure 6A, lanes 1 and 2). This phosphate accumulation in-
creases with AS induction in both VirA(aa285–829) and in al-
leles carrying the G665D substitution. The relative amount of
phosphate accumulation is justified relative to Western analysis


Figure 4. A) Chemical stability of VirG~P. Three equivalent PVDF membranes
with Ni-resin enriched 6XHis-VirG from A. tumefaciens strain A136 carrying
pYW48 radiolabeled with H3


32PO4 either in the presence (lane 1 in each) or the
absence (lane 2 in each) of 200 mm AS, were treated with either TBS at pH 7.0
(neutral), 1n HCl (acid), or 1n NaOH (base) for 1 h at room temperature prior
to phosphorimaging. B) anti-RGSHis immunoblot analyses of the blot shown in
panel A. C) in vivo phosphorylation of VirGD52E. Phosphorimage of Ni-resin en-
riched 6XHis-VirG from A136 carrying pYW48 radiolabeled with H3


32PO4 for 3 h
with 200 mm AS (lane 1) or without AS (lane 2) and compared with enriched
fractions from A136 carrying either pAM19 (VirGD52E, �VirA) with 200 mm AS
(lane 3) or pAM21 (VirGD52E, +VirA) with 200 mm AS (lane 4). D) anti-RGSHis
immunoblot analyses of the blot shown in panel C.


Figure 5. vir gene expression with PN25-6XHis-virA constructs. A) Physical
maps of VirA(aa285–829), VirA(aa285–829)(G665D), VirA(aa285–711), and
VirA(aa285–711)(G655D) used in A. tumefaciens strain A348–3 (DvirA, and Ti
plasmid-borne virG). B) Activation of PvirB was measured in terms of b-galactosi-
dase activity by using the reporter construct PvirB :lacZ (pSW209W) after 16 h of
cocultivation without AS (open bar) or with 100 mM AS (filled bar) in Agrobac-
terium strains containing broad-host-range vector-borne PN25-6XHis-
virA(aa285–829) (pYW21) or PN25-6XHis-virA(aa285–829)(G665D) (pYW39). C) b-
Galactosidase activity measured as in B), in Agrobacterium strains containing
broad-host-range vector-borne PN25-6XHis-virA(aa285–711) (pAM28) or PN25-
6XHis-virA(aa285–711)(G665D) (pAM23).


ChemBioChem 2004, 5, 1535 – 1542 www.chembiochem.org B 2004 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim 1537


Integrating Input from Multiple Signals



www.chembiochem.org





(data not shown) as well as to background phosphorylation
(e.g. , see band 1).


The VirA phosphoprotein


The remaining panels of Figure 6 compare the acid and base
sensitivity of phospho-VirA(285–829). As shown in Figure 6C,
mild base treatment removes the VirA phosphate that accumu-
lates without AS induction (lane 2). In contrast, this phosphate
is partially resistant to acid treatment (Figure 6B, lane 2). The
additional phosphate accumulation induced by AS (Figure 6B,
lanes 1 and 3) or in the constitutive G665D alleles (Figure 6B,
lanes 3 and 4), is removed by acid treatment; this results in
equivalent amounts of phosphate remaining for all four VirA
samples. An identical membrane washed sequentially, first
under acidic then basic conditions, lost all accumulated phos-
phate (Figure 6D). These data suggested that a mixture of


acid-labile and base-labile phosphates exist in AS-induced
VirA(aa285–829).
Reasoning that the receiver domain might contain a phos-


phorylated site, the VirA(aa285–711) and VirA(aa285–711)
(G655D) alleles were constructed. Phosphate accumulation in
these alleles mirrored that seen in VirA(aa285–829), both with
respect to the G665D substitution and AS induction (Fig-
ure 7A). However, the base labile phosphate could no longer
be detected (Figure 7C), and all the accumulated phosphate
was completely removed by acid treatment alone. Such acid


Table 1. Bacterial strains and plasmids.


Strain/
plasmid


Relevant characteristics Ref.


E. coli
XL1-Blue recA1 endA1 gyrA96 thi-1 hsdR17 supE44 relA1


lac[F’ proAB lacIqZ M15 Tn 10(Tcr)]
Stratagene


XL10-Gold Tcr(mcrA)183 (mcrCB-hsdSMR-mrr)173 endA1
supE44 thi-1 recA1 gyrA96 relA1 lac Hte [F’ proAB
lacIqZM15 Tn10 (Tcr) Amy CamR


Stratagene


A. tumefaciens
A136 Strain C58 cured of pTi plasmid, Rifr, Nalr [51]


A348–3 A136 containing pTiA6NC, DPvirA -virA [16]


Plasmids
PCR2.1 TA cloning vector ,ColE1, Apr Invitrogen
pVRA8 PvirA-virA


wt from pTiA6 in pUCD2, pBR322ori, IncW,
Apr/Kmr/Specr


[16]


pMutA PvirA-virA
G665D in pUCD2, pBR322ori, IncW, Apr/Kmr/


Specr
[25]


pYW47 PN25–6xHis-virG in pYW15b, Ap
r [31]


pYW48 4.5 Kb KpnI fragment containing PvirA-virA cloned
into pYW47, Apr


[31]


pGP408 750bp fragment containing virGD52E Apr [a]
pAM19 PN25–6xHis-virG


D52E in pYW15b, Apr this study
pAM21 4.5 Kb KpnI fragment containing PvirA -virA cloned


into pAM19, Apr
this study


pYW21 PN25-6xHis-virA(aa258–829) in pYW15b, Ap
r [39]


pYW39 PN25-6xHis- virA(aa258–829)(G665D) in pYW15b,
Apr


[31]


pYW45 PN25-6xHis-LZ-virA(aa258–829) in pYW15b, Ap
r [39]


pAM22 PN25-6xHis- LZ-virA(aa258–711) in pYW15b, Ap
r this study


pAM23 PN25-6xHis- virA(aa258–711)(G665D) in pYW15b, Ap
r this study


pAM28 PN25-6xHis- virA(aa258–711) in pYW15b this study
pAM30 4.5 Kb KpnI fragment containing PvirA-virA


G665D


cloned into pYW47, Apr
this study


pRG90 PN25-6xHis-LZ- virA(aa258–829)(H474Q) in pYW15b,
Apr


this study


pRG110 PN25-6xHis-LZ- virA(aa258–829)(D766N) in pYW15b,
Apr


this study


pSW209 PvirB :lacZ fusion derived from pSW243 cd, IncP,
Kmr


[b]


pSW209W Truncated version of pSW209, IncP, Specr, Kmr [31]


[a] A. Das, University of Minnesota (USA). [b] S. C. Winans, Cornel Universi-
ty (USA).


Figure 6. In vivo phosphorylation of VirA(aa285–829). Four identical PVDF
membrane blots containing Ni-resin enriched fractions from radiolabeled
(25 mCi H3


32PO4mL
�1 for 2.5 h) A. tumefaciens strains carrying broad-host-


range vector-borne PN25-6XHis-virA(aa285–829) (pYW21) with 200 mm AS
(lane 1) or without AS (lane 2) and PN25-6XHis-virA(aa285–829)(G665D)
(pYW39) with 200 mm AS (lane 3) or without (lane 4), in each panel and treated
with either A) TBS at pH 7.0 (neutral), B) 1n HCl (acid), C) 3n NaOH (base), or
D) sequentially with acid and base prior to phosphorimage analyses.


Figure 7. In vivo phosphorylation of VirA(aa285–711). Three identical PVDF
membrane blots containing Ni-resin enriched fractions from H3


32PO4 radiola-
beled A. tumefaciens strains carrying PN25-6XHis-virA(aa285–711) (pAM28) with
200 mm AS (lane 1) or without AS (lane 2) and PN25-6XHis-virA(aa285–711)
(G665D) (pAM23) with 200 mm AS (lane 3) or without AS (lane 4), in each panel
and treated with either A) TBS at pH 7.0 (neutral), B) 1n HCl (acid), or C) 3n
NaOH (base). Anti-RGSHis immunoblot analyses of the blots in A, B, and C are
shown in the corresponding lower panels.
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lability and base stability is uniquely characteristic of His~P.
Based on receiver homology comparisons, the partial acid sta-
bility and base lability of the other phosphate in VirA(aa285–
829) was anticipated to be the D766 acyl phosphate but nei-
ther hydroxyl amine nor borohydride treatments were found
that could remove the phosphate.
Site-specific substitutions were introduced into the more


stable leucine zipper fusion constructs reported previously
(Figure 8).[22] Alleles carrying the H474Q substitution show no
accumulation of phosphate (Figure 8B, lane 1); this suggests
that initial phosphorylation is dependent on initial H474 phos-
phorylation. Alleles carrying the D766N substitution, however,
still accumulate phosphate; this further suggests that D766 is
not the residue that receives the phosphate from H474.


Discussion


The modularity of the sensor-transmitter/response regulator
proteins probably contributed to the extraordinary number
and variety of these input/output (I/O) modalities.[11] VirA, for
example, tolerates radical domain truncation, and many of the
individual domains retain function when expressed individual-


ly.[29,38] Moreover, these apparently simple two-component
signal-transduction systems can be both specific and tightly
regulated. The acyl=P of VirG forms in vivo only under appro-
priate inducing conditions, and natural and synthetic inhibitors
of vir gene expression inhibit VirG phosphorylation. The simple
addition of one more methylene in VirG(D52E) prevents phos-
phorylation.
The VirA/VirG system is, however, distinctive among these


systems for two reasons. First, it integrates multiple input sig-
nals—maximal induction requires acidic pH, monosaccharides,
and phenols. Second, VirA carries an additional receiver
domain at its C terminus. We show here that the cytoplasmic
VirA(aa285–829) constitutively autophosphorylates in vivo, in-
dependently of the presence of xenognostic phenol AS, and
this phosphorylation requires the C-terminal receiver domain.
In previous studies, analysis of in vivo phosphorylation in a


eukaryotic histidine sensor kinase homologue, DokA, which
also contains a receiver domain, revealed a signal-dependent
phosphorylation on a serine residue.[18] Like acyl phosphates,
serine phosphates in proteins are labile to mild base treat-
ment. However, serine phosphates are generally acid stable,
while acyl phosphates are known to be partially or completely
hydrolyzed under acidic conditions,[41] much as was seen here
for VirG. The VirA~P formed in the absence of AS displayed
partial sensitivity to acid, more consistent with an acyl phos-
phate, but neither borohydride or hydroxyl amine treatments
removed the phosphate. Moreover, VirA(285–829) alleles carry-
ing a D766N mutation (the conserved aspartate in the receiver
domain) do autophosphorylate, but are inactive in vivo. There-
fore D766, though functionally required,[38] appears not to
serve as a site of phosphorylation. Finally, the VirA(aa285–829)
allele carrying a H474Q mutation at the conserved histidine
residue in the kinase domain does not autophosphorylate and
is not functional in inducing vir gene expression. Taken togeth-
er, these results are most consistent with an ATP!H474~
PO4!receiver domain phosphotransfer that operates constitu-
tively in VirA(aa285–829) (Scheme 1).
This internal phosphotransfer pathway is not sufficient to


induce VirG phosphorylation. Rather, VirA(aa285–829) accumu-
lates histidyl phosphate only under inducing conditions; this


Figure 8. In vivo phosphorylation of LZ-VirA(aa285–829) without AS. Phosphor-
image of Ni-resin enriched fractions from H3


32PO4-labeled A. tumefaciens
strains carrying indicated LZ-VirA constructs. A) Lanes: 1: pYW45, LZ-
VirA(aa285–829) ; 2: pRG110, LZ-VirA(aa285–829)(D766N). B) Lanes: 1: pRG90,
LZ-VirA(aa285–829)(H474Q); 2: pYW45, LZ-VirA(aa285–829). Anti-RGSHis im-
munoblot analyses are shown in the corresponding lower panels.


Scheme 1. Model for the AS-mediated activation of the VirA/VirG two-component system.
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results in multiple phosphorylations of VirA in vivo. Strains car-
rying the G665D alleles show constitutive histidine phosphory-
lation that is further elevated by AS induction. Therefore, an in-
dependent sensor/response regulator phosphotransfer path-
way, ATP!VirA-H474~PO4!VirG-D52~PO4, requires xenog-
nostic phenol activation (Scheme 1).
Previous genetic analyses of signal-induced activation in


VirA are consistent with these two phosphotransfer pathways.
It has been suggested that the receiver module interacts with
the kinase module to repress its activity,[29] and phosphoryla-
tion of the receiver could relieve this repression. Thus, the
phenol-independent receiver phosphorylation pathway ap-
pears to be necessary for optimal vir gene expression while
the phenol induced ATP!VirA-H474~PO4!VirG-D52~PO4
pathway is indispensable. Interestingly, synergistic signals, such
as sugars and low pH, are also known to be necessary, but not
sufficient to induce vir gene expression without phenol in
wild-type strains. Deletion of the VirA receiver domain causes
drastic lowering in this synergistic effect of sugars.[29,38] These
results are consistent with a model that sugar/ChvE[4] regulates
phosphorylation of the terminal receiver domain of VirA,[42]


that is, the first step in Scheme 1. ChvE, a periplasmic sugar-
binding protein, was found to mediate monosaccharide sens-
ing in VirA. Interaction of a ChvE/sugar complex with the peri-
plasmic domain could then result in some piston/tilt/rotation
motion in the transmembrane regions that transmits through
the cytoplasmic domains to activate phosphorylation of the
VirA receiver. Truncation of the periplasmic domain may dereg-
ulate this pathway and allow VirA(aa285–829) to phosphorylate
the receiver constitutively. However, it is not clear whether the
level of this constitutive phosphorylation is sufficient to com-
pletely relieve repression by the receiver domain.
Some hybrid histidine kinases, for example, Sln1p, BvgS,


employ a multistep phosphorelay through additional receiver
domains to allow integration of multiple signals at the inter-
mediate step.[43,44] However, there is no indication that a similar
phosphorelay mechanism exists in the VirA/VirG system.
Following previous leucine-zipper fusion strategies devel-


oped in chemotaxis systems,[45] we showed that the dimer in-
terface for the predicted coiled coils within the phenol signal-
input domain of VirA can adopt active, inactive, and partially
active dimer interfaces.[22] We concluded that activity is defined
by the relative orientation, or phase, of the coiled-coil inter-
face. Others have also found critical coiled coils within input
domains and argued for a role of these regions in kinase acti-
vation.[46–48] Therefore, an alternate explanation for VirA activa-
tion requires all inputs—sugar, pH, and phenol—to be trans-
mitted via a “ratcheted” access to the most active coiled-coil
interface. By this analysis, removal of the periplasmic domain
allows access to a coiled-coil conformation that activates VirA
receiver phosphorylation, and phenol exposure drives access
to a conformation capable of phosphorylating VirG. While the
precise role of D766 and the exact residue that receives the
phosphate have yet to be determined, this model places full
responsibility for signal propagation on the linker domain. The
degree of coupling between these two inputs remains an
important area for further investigation.


As functionally modular as the VirA protein appears, input
responses remain complex and sensitive to environmental con-
ditions. For example, isolation of VirA as inner-membrane prep-
arations[16] removes the requirement for xenognosin-induced
phosphorylation. The extent to which this responsiveness is
modulated by other proteins, as in the case of ChvE, or simply
a reflection of the “hair trigger” of the conformations of this
signal integrator needs to be resolved. Nevertheless, the ability
of VirA/VirG to integrate three separate inputs certainly pro-
vides critical information for this pathogen, and understanding
its mechanisms may allow these multi-input benefits to be
extended into other molecular I/O applications.


Experimental Section


Bacterial strains and plasmids: Strains and plasmids are shown in
Table 1. A. tumefaciens strains were grown in LB medium or AB
minimal medium at 28 8C. E. coli strains were grown in LB medium
at 37 8C and used as the cloning host.


Construction of expression vectors: Construction of pYW47 and
pYW48 is described in previous work.[31] For pAM19, DNA that enc-
odes amino acids 2–300 of VirGD52E was amplified by PCR from the
encoding plasmid, pGP408, by using primers A-GON, 5’-
GGGGTACCTCAGGCTGCCATCGTCCC-3’ (KpnI), and S-GON, 5’-
GGGAGCTCAAACACGTTCTTCTTATC-3’ (SacI). PCR products were
cloned into the PCR2.1 vector (Invitrogen) as per the manufactur-
er’s instructions, and plasmid transformation into E. coli strains fol-
lowed a heat-shock protocol with XL1-blue competent cells (Strata-
gene). The D52E mutation introduces a SacI restriction site in the
virG orf, hence a partial digestion with SacI followed by a complete
KpnI digest was used to obtain the 750 bp virG orf. The desired
fragment was released and cloned into the corresponding sites in
the multicloning site (MCS) of pYW15b to give plasmid pAM19.
The 4.5 Kb KpnI PvirA-virA fragment from pVRA8 was cloned into
pAM19 to give pAM21, and the 4.5 Kb KpnI PvirA-virA(G665D) frag-
ment from pMutA was cloned into pYW47 to create pAM30. Con-
struction of vectors containing the C terminus cytoplasmic do-
mains of virA, that is, VirA(aa285–829), VirA(aa285–829)(G665D),
and LZ-VirA(aa285–829) have been reported previously.[22] In this
study, similar constructs of virA with the receiver domain truncated,
that is, VirA(aa285–711), were generated by using site-specific mu-
tagenesis designed to introduce a STOP codon at the position cor-
responding to aa712 of virA. Amplification of the entire vector was
carried out using pfu polymerase (Stratagene). Overlap primers 5’-
AATAAGGCACCGCGTTGAAACGGGGAGATTGTG-3’, and 5’-CACAAT-
CTCCCCGTTTCAACGCGGTGCCTTATTT-3’, were used to introduce a
single nucleotide mutation in the orf of virA to give a STOP codon
at the aa712. The PCR protocol used 100 ng template DNA,
10 pmol of each primer. The PCR product mixture was treated with
DpnI for 2 h at 37 8C to completely digest the original template
DNA. 3 mL of the resulting PCR mix was used to transform Ultra
competent XL10-gold cells via heat shock. Transformed colonies
were analyzed by restriction digestion of isolated plasmids as well
by IPTG induction to examine expression and size of proteins.
STOP codon incorporation in pYW45 and pYW39 led to the
generation of pAM22 encoding PN25-6XHis-LZ-virA(aa285–711) and
pAM23 encoding PN25-6XHis-virA(aa285–711)(G665D) respectively.
An internal HindIII site in the virA orf was used along with the
HindIII site in the MCS downstream of virA to digest pAM22. The
HindIII fragment from pAM22 containing the STOP codon was
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ligated into pYW39 digested with HindIII to generate pAM28, en-
coding PN25-6XHis-virA(aa285–711).


Plasmid DNA was isolated with QIAprep spin columns (Qiagen)
and plasmid constructs were confirmed by restriction-digestion
analysis. Restriction enzymes and T4 DNA ligase were obtained
from Promega or New England Biolabs. Plasmid transformation
into Agrobacterium was achieved with a Gene pulser and a 0.2 cm
electroporation cuvette (Bio-rad) at 2.5 KV, 400 W, and 25 KF. Elec-
trocompetent Agrobacterium cells were prepared as described
previously.[49]


vir gene induction: pSW209 and pSW209W carry the b-galactosi-
dase reporter construct PvirB :lacZ and were used to assay vir gene
expression in Agrobacterium. Bacteria were grown in 20 mL of LB
medium to an OD600 0.4–0.6 mL


�1 in the presence of the appropri-
ate antibiotics. The bacterial cell mass was harvested by centrifuga-
tion for 10 minutes at 7000g and 4 8C. The pellet was diluted to an
OD600 of ~0.1 mL�1 into tubes containing a total of 1 mL induction
medium (I.M.),[49] and this was cultured at 28 8C with shaking at
225 rpm. b-Galactosidase activity was determined as described by
Miller.[50] For concentration-dependent vir gene induction assay, in-
dicated quantities of AS were used, and the cultures were assayed
after the indicated induction period (usually 16 h). For inhibition
assays with hydroxy furanone (HF, Fluka), I.M. with 1% glycerol was
used as carbon source.


In vivo protein phosphorylation: Overnight cultures (15 mL) of
the various Agrobacterium strains were grown in LB media contain-
ing appropriate antibiotics to an OD600 of 0.4–0.8 mL


�1. The bacte-
ria were harvested at 7000g and 4 8C. Overnight phosphate starva-
tion was performed by resuspending bacteria at an OD600 of
0.15 mL�1 in phosphate-deficient I.M. (15 mL, per liter: 3.9 g MES
hydrate, 50 mL of 20x AB salts,[49] 1% glucose, (or 1% glycerol for
inhibition experiments with HF)) with appropriate antibiotics. After
12 h of phosphate starvation, H3


32PO4 (NEN Dupont) was added at
a specific activity of 40 mCimL�1, and the phenolic inducer, aceto-
syringone (AS) was added as indicated. Labeling was allowed to
proceed for the indicated time intervals before the bacteria were
harvested at 4 8C for 10 min at 7000g. They were then resuspend-
ed in denaturing lysis buffer (1 mL, at pH 7.6, Qiagen), and lysed
by sonication on ice for 30 s with microtip pulses at 28% of 600 W
(ColeParmer 600 W Ultrasonic Homogenizer). The lysate was clari-
fied by centrifugation at 13000g, and the supernatant used in Ni-
resin purification as per the Qiagen protocol for denatured pro-
teins by using modified denaturing wash (with 25mm imidazole,
pH 7.5) and elution (with 500mm imidazole, pH 8.6) buffers. The
eluants were resolved by SDS-PAGE (Novex, 14% for VirG, 10–12%
for VirA) and electro-blotted (Trans-blot, Bio-rad) onto nitrocellu-
lose (Bio-rad) or PVDF (NEN Dupont) membranes for visualization
by phosphorimaging and immunoblot (Western) analyses.


Immunoblot analyses: To detect the 6XHis-tagged proteins, the
electro-blotted nitrocellulose (BioRad) or PVDF (NEN Dupont) mem-
branes were probed first with anti-RGSHis monoclonal Ab (Qiagen)
at 1:200 dilution. Visualization was achieved by using alkaline
phosphatase-conjugated rabbit-anti-mouse secondary antibody
(Pierce), 1:1000 dilution, followed by 1-Step NBT/BCIP (Pierce)
developing.


Analysis of phosphoprotein chemical stability: A set of equiva-
lent electroblotted PVDF membranes was incubated at room tem-
perature for 45 min to 3 h in either 3n NaOH (base), 1n HCl (acid),
or TBS at pH 7 (control), washed with TBS, dried and evaluated by
phosphorimaging.
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Analysis of Platinum Adducts with DNA
Nucleotides and Nucleosides by Capillary
Electrophoresis Coupled to ESI-MS:
Indications of Guanosine 5’-Monophosphate
O6–N7 Chelation
Ulrich Warnke,[b] Christina Rappel,[c] Heiko Meier,[d] Charlotte Kloft,[b]


Markus Galanski,[c] Christian G. Hartinger,[c] Bernhard K. Keppler,[c] and
Ulrich Jaehde*[a, b]


Introduction


Cisplatin (cis-diamminedichloroplatinum(ii), CDDP) is one of
the most widely used antitumor drugs and is effectively ap-
plied in the therapy of testicular and ovarian cancer. It is gen-
erally accepted that the ultimate target of cisplatin and its ana-
logues is DNA. The anticancer activity of these compounds is
derived from their ability to cross-link the DNA nucleotides in
cancer cells and thereby modify the conformation of the
DNA.[1,2] The major platination site of cisplatin is known to be
the N7 atom of guanine; this predominantly results in 1,2-
d(GpG) intrastrand cross-links (65%; p= linking phosphate
group, dG=2’-deoxyguanosine). 1,2-d(ApG) intrastrand, 1,3-
d(GpNpG) intrastrand, and interstrand cross-links are formed to
a minor extent (dA=2’-deoxyadenosine, dN=2’-deoxynucleo-
side).[3–8] Formation of intrastrand adducts was found to cause
inhibition of DNA replication.[9] As a last consequence adduct
formation leads to the induction of programmed cell death
(apoptosis). DNA binding has been investigated in numerous
studies[7,10,11] including research into the kinetics of cross-link-
ing DNA with cisplatin.[11–15]


One theory, postulated when research in this field began,
considered participation of the O6 atom of the guanine residue
in binding with cisplatin; this would result in a bidentate O6–
N7 chelate complex (Scheme 1a). Chelation of different metal
centers by the N7 atom and either the O6 or the 6-NH2 moiety
of purine bases (guanine and adenine, respectively) has been
suggested. The theory that an O6–N7 chelate is formed when


guanosine is platinated was proposed several times and is still
discussed, although it is controversial.[16–22] First results ob-
tained from 1H NMR spectroscopy indicated that an O6–N7 che-
late is probably not formed.[23] On the other hand, formation of
analogous O6–N7 chelate complexes has been observed for
some related sulfur derivatives with palladium(ii)[24] and in a
CuII complex with 6-thio-9-methylpurine.[25] Additionally, in the
case of CuII, a deprotonated theophylline ligand was found to
coordinate through O6 and N7.[26]


In organometallic platinum(iv) chemistry, the crystal struc-
ture of a trimethylplatinum(iv)–theophylline hexamer with O6–


DNA is the ultimate target of platinum-based anticancer therapy.
Since the N7 of guanine is known to be the major binding site of
cisplatin and its analogues, adduct formation with model nucleo-
tides, especially 2’-deoxyguanosine 5’-monophosphate (dGMP),
has been studied in detail. During the last few years a coupled
capillary eletrophoresis/electrospray-ionization mass spectrometry
(CE/ESI-MS) method has been advantageously used in order to
separate and identify platinum adducts with nucleotides in sub-
millimolar concentrations in aqueous solutions. Beside the bis-
adduct, [Pt(NH3)2(dNMP)2]


2� (NMP=2’-deoxynucleoside 5’-mono-
phosphate), and the well-known monochloro and monohydroxo


adducts, [Pt(NH3)2Cl(dNMP)]� and [Pt(NH3)2(dNMP)OH]� , respec-
tively, a third kind of monoadduct species with a composition of
[Pt(NH3)2(dNMP)]� can be separated by CE and detected through
the m/z values measured with ESI-MS. Different experimental
setups indicate the existence of an O6–N7 chelate, whereas the
formation of N7–aPO4 macrochelates or dinuclear species is un-
likely. Additionally, offline MS experiments with 2’-deoxyguano-
sine (dG) and stabilization of the controversially discussed O6–N7
chelate by oxidation with hydrogen peroxide support the as-
sumption of the existence of O6–N7 chelation.
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N7 chelation has been reported.[27] 1H and 31P NMR spectros-
copy supported by molecular mechanics revealed that, instead
of the O6–N7 bidentate coordination, N7–aPO4 macrochelation
might occur during the reaction of cisplatin and 2’-deoxygua-
nosine 5’-monophosphate (dGMP; Scheme 2a).[28,29]


However, to date no structural information has been ob-
tained confirming the existence of a direct bond between the
guanine O6 atom and PtII coordination compounds when they
are coordinated to the N7 atom of the guanine. Some recent
investigations on the hydrolysis of platinum complexes and
their binding behavior toward nucleotides demonstrated the
suitability of capillary electrophoresis (CE) in this field of re-
search. The possibility of simulating physiological conditions in
the experimental setup is especially noteworthy.[30–37]


In order to investigate the impact of individual platinum–
DNA adducts on antitumor activity, as well as the toxicity of
platinum complexes used in cancer therapy, a method for the
separation and identification of platinum adducts with nucleo-
tides was developed that utilizes capillary electrophoresis
coupled to electrospray-ionization mass spectrometry (ESI-
MS).[34,38, 39] This powerful analytical technique combines both
the high separation efficiency of CE and the high selectivity of
MS. Online coupling allows distinct investigations of the struc-
ture of analytes directly after separation in the capillary. The
benefit of applying CE is the possibility of separating positively
and negatively charged, as well as neutral species in aqueous
media in one single run. Generally, in positive CE mode, all
peaks found with migration times shorter than the electro-
osmotic flow (EOF) bear positive charges. Anions, in contrast,
migrate slower than the EOF, and neutral compounds are
found to comigrate with the EOF. Direct introduction of the
end of the capillary into the ESI source allows detection in the
gas phase of species present in the solution.[40,41]


Applying this method to the monitoring of the reaction of
nucleotides with cisplatin, we observed well-separated individ-
ual platinum adducts. In this report, we present detailed inves-
tigations of adduct formation of 6-oxopurine nucleotides and
nucleosides upon interaction with cisplatin by means of a cou-
pled CE/ESI-MS method with different reaction conditions and
ESI-MS in offline mode. The results suggest that for the interac-
tion of platinum(ii) complexes with DNA purine bases (and de-
rivatives of them) O6–N7 chelation is a possible coordination
mode.


Results and Discussion


In previous work, the feasibility of CE equipped with a UV/Vis
diode array detector[30–33,35,36] or coupled to an ESI-MS system
for the separation and identification of cisplatin adducts with
nucleotides has been demonstrated.[34,36–39] With respect to
structure–activity relationships and in order to elucidate the
mode of action of anticancer platinum complexes, CE can, due
to high separation efficiency, advantageously be used a) for in-
vestigations in buffered aqueous solutions, even in the pres-
ence of high chloride concentrations, b) for the identification
of platinum adducts with nucleotides at submillimolar concen-
trations (0.05 mm), and c) for the separation of platinum ad-
ducts due to their charge and radii.


The charge of the complexes under investigation depends
on the conditions of the CE (pH 7.4) and MS (acidic sheath
liquid). To give an example: Under CE conditions (buffered so-
lution at pH 7.4 or higher) the monochloro adduct between


Scheme 1. Structural formulae of the proposed O6–N7 chelates for the reaction
of cisplatin with 2’-deoxyguanosine 5’-monophosphate (dGMP; a) and 2’-de-
oxyinosine 5’-monophosphate (dIMP; b).


Scheme 2. Structural formulae of the macrochelate complex formed between
dGMP and cisplatin through N7 and aPO4 (a) and a dimeric complex formed
between two cisplatin and two dGMP units (b).
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cisplatin and dGMP is a single negatively charged complex,
whereas under MS conditions with an acidic sheath liquid the
phosphate oxygen atoms become protonated with the result
being a single positively charged complex.


Results obtained with experimental setup A


CE/ESI-MS was applied to examine the reaction of dGMP with
cisplatin. Incubation of cisplatin and dGMP at a molar ratio
of 1:1 (0.5mm) in water at 37 8C resulted in the formation
of three different monoadducts and the bisadduct
[Pt(NH3)2(dGMP)2]


+ (m/z : 922; see Figure 1 for the single-ion


electropherograms). Two of the monoadduct peaks could be
assigned to the monochloro and the monohydroxo adducts,
[Pt(NH3)2Cl(dGMP)]+ and [Pt(NH3)2(dGMP)OH]+ , with m/z values
of 611 and 593, respectively. These m/z values are in good
agreement with the calculated ones (Table 1). Surprisingly, a
third monoadduct peak migrating faster than all other plati-
num–dGMP adducts could be observed with an m/z value of
575; this is in accordance with a [Pt(NH3)2(dGMP)]+ species
(Figures 1 and 2).


When dGMP was exchanged with the structurally similar nu-
cleotide 2’-deoxyinosine 5’-monophosphate (dIMP, equivalent
to dGMP without the 2-NH2 group; Scheme 1b) and the same
experimental setup was applied, a qualitatively comparable


peak pattern was observed (data not shown). In
migration order, peaks with m/z values of 560, 578,
596, and 892 were determined to represent a
[Pt(NH3)2(dIMP)]+ species, the monohydroxo, the
monochloro, and the bisadduct [Pt(NH3)2(dIMP)2]


+ ,
respectively. In Figure 3 the full mass scan obtained
for the peak migrating with the highest velocity,
[Pt(NH3)2(dIMP)]+ , is displayed.


The following species could account for m/z values
of 575 and 560 (corresponding to incubation with
dGMP or dIMP):


1) a platinum O6–N7 chelate (Scheme 1)
2) an N7–aPO4 macrochelate (Scheme 2a)
3) a doubly charged dinuclear species (Scheme 2b)


Although mass peaks at m/z values of 575 and 560
are assignable to the doubly charged dinuclear spe-
cies [Pt2(NH3)4(dGMP)4]


2+ and [Pt2(NH3)4(dIMP)4]
2+ , re-


spectively, the existence of such Pt–dNMP adducts
can be ruled out by taking into account the differ-
ence in the isotopic pattern of singly and doubly
charged ions (NMP=2’-deoxynucleoside 5’-mono-


Table 1. Calculated m/z ratios of cisplatin–2’-deoxynucleotide adducts (cor-
responding to protonated analytes with respect to the acidic sheath liquid
used).


Nucleotide Adduct type Formula m/z


dGMP [Pt(NH3)2(dGMP)]+ [a] [C10H19N7O7PPt]
+ 575


[Pt(NH3)2(dGMP)OH]+ [C10H21N7O8PPt]
+ 593


[Pt(NH3)2Cl(dGMP)]+ [C10H20ClN7O7PPt]
+ 611


[Pt(NH3)2(dGMP)2]
+ [C20H33N12O14P2Pt]


+ 922
dIMP [Pt(NH3)2(dIMP)]+ [a] [C10H18N6O7PPt]


+ 560
[Pt(NH3)2(dIMP)OH]+ [C10H20N6O8PPt]


+ 578
[Pt(NH3)2Cl(dIMP)]+ [C10H19ClN6O7PPt]


+ 596
Pt(NH3)2(dIMP)2]


+ [C20H31N10O14P2Pt]
+ 892


[a] O6–N7 chelate.


Figure 2. Full-scan mass spectrum at 24.54 min. The mass track of the O6–N7-
dGMP–cisplatin species is shown in Figure 1 (Exp. A; 6 h incubation of dGMP
with cisplatin; see the Experimental Section).


Figure 1. Single-ion electropherograms of the individual adduct peaks. The chelate with an
m/z value of 575 was formed in a solution of cisplatin and dGMP (molar ratio 1:1; Exp. A;
6 h incubation at 37 8C; see the Experimental Section).
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phosphate). In fact, isotopic patterns with a mass-unit differ-
ence of 1 m/z are detected, a fact indicating the existence of
singly charged species (compare Figures 2 and 3), while
doubly charged ions would result in an isotopic distribution
with Dm/z=0.5 between the isotope peaks.


A N7–aPO4 macrochelate, which has already been de-
scribed,[28,29] can not be conclusively excluded by applying ex-
perimental setup A. Comparison of the product distribution of
the incubation of cisplatin with either dGMP or dIMP (both at
molar ratios of 1:1) gives another hint of the existence of the
proposed O6–N7 chelate or at least of a coexistence of both
the latter and the N7–aPO4 macrochelate. Whereas the ad-
ducts [Pt(NH3)2Cl(dNMP)]+ and [Pt(NH3)2(dNMP)OH]+ of both
nucleotides were formed to nearly the same extent, the
relative peak area between the
dGMP bisadduct, [Pt(NH3)2-
(dGMP)2]


+ , and the O6–N7 che-
late shows a ratio of 2:1, while
in the case of dIMP a reciprocal
ratio was found (Figure 4). This
striking difference is not explain-
able by macrochelate formation
since, due to the coordination
sphere at the platinum(ii)
center, there should be no re-
markable preference for a N7–
aPO4 species if either dGMP or
dIMP are used. These significant
deviations in product distribu-
tion are rather explainable by a
marked difference in the pKa


values of the N1 atom of the
purine bases. The proton at the
N1 position of dIMP is found to
be more acidic than the N1(H)
atom of dGMP (9.02 versus
9.49).[42] Moreover, it is known
that after coordination of plati-
num(ii) to the N7 atom the pKa


values of the N1 protons are additionally decreased by nearly
one unit.[43] This change in acidity of the N1(H) proton may be
the driving force for the formation of the O6–N7 chelate, espe-
cially in the case of dIMP.


Results obtained with experimental setup B


In order to support the hypothesis of O6–N7 chelate formation,
experiments have also been carried out under more physiolog-
ical conditions in buffered solution at pH 7.4. CE/ESI-MS and
offline-MS experiments resulted in a similar peak pattern and
equivalent m/z values. In the case of a cisplatin-to-dGMP incu-
bation ratio of 1:1, signals in the mass spectra were observed
that are in accordance with the calculated m/z ratio for the
O6–N7 chelation (Figures 5 and 6). The O6–N7 chelate peak
could be detected even in samples incubated at a cisplatin-to-


Figure 4. Comparison of the relative peak areas between dGMP– and dIMP–
platinum adducts (Exp. A; 5 h incubation; see the Experimental Section).


Figure 5. Single-ion electropherogram and mass spectrum at 7.6 min of the chelate with an m/z value of 575 formed
in a buffered solution (pH 7.4) containing cisplatin and dGMP (molar ratio 1:1; Exp. B; 24 h incubation at 37 8C; see
the Experimental Section).


Figure 3. Full-scan mass spectrum at 18.10 min, related to the mass track of
the O6–N7-dIMP–cisplatin species (Exp. A; 5 h incubation of dIMP with cisplatin ;
see the Experimental Section).
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dGMP ratio of 1:2. Furthermore, experiments have shown that
the chelate seems to be rather stable once it is formed, since
subsequent addition (after incubation for 24 h of cis-
platin with dGMP at a molar ratio of 1:1) of a twofold
excess of dGMP does not substantially shift the equi-
librium towards the formation of the bisadduct.


With the intention of definitely excluding the pres-
ence of the N7–aPO4 macrochelate species, cisplatin
was also incubated with 2’-deoxyguanosine under
physiological conditions (pH 7.4). Since adduct forma-
tion with dG results in a series of neutral species that
cannot be separated with the applied experimental
setups, the measurements were performed by using
offline ESI-MS (see Table 2 for the expected m/z
values of the adducts). Actually, the m/z value of 495
for the postulated O6–N7 chelate could also be de-
tected in case of incubation with dG (Figure 7). In
comparison with the intensities obtained for the che-
late peaks after incubation of cisplatin with dGMP or
dG, the chelate peak assigned to [Pt(NH3)2(O


6–N7-
dG)]+ (m/z 495) was found to have lower intensity.
Consequently, for the reaction between cisplatin and


dGMP, coexistence of the O6–N7 chelate and the N7–
aPO4 macrochelate is conceivable and explains the
differences in peak intensities.


Since platinum(iv) complexes are known to be
more stable and kinetically inert and since an analo-
gous O6–N7 chelation has been reported for a tri-
methylplatinum(iv)-theophylline hexamer, we tried to
trap the O6–N7 chelate as its platinum(iv) species by
oxidation with hydrogen peroxide.[20] In order to oxi-
dize PtII to PtIV, H2O2 (30%, 2.3 mm) was added to the
cisplatin–dG reaction mixture after 24 h of incubation
(1 mm, 1:1, in 20 mm ammonium acetate buffer at
pH 7.4 and 37 8C). To ensure that the suggested O6–
N7 chelate was formed, ESI-MS measurements of the
solution were performed before addition of hydro-
gen peroxide and resulted in a comparable full-scan
spectrum to that described before (see Table 2). After
addition of H2O2, the solution was kept over night at
37 8C. Afterwards, ESI-MS experiments were again
performed. Beside several oxidation products, mass-
to-charge ratios for the oxidized bisadduct and the
platinum(iv) monoadducts could be observed as
being in good agreement to the calculated ratios
(see Table 3). A peak with an m/z value of 529 strong-


ly indicates the existence of the dihydroxoplatinum(iv)–O6–N7-
dG chelate [Pt(NH3)2(O


6–N7-dG)(OH)2]
+ .


Figure 6. Offline mass spectrum of cisplatin incubated with dGMP (molar ratio 1:1, 1mm)
for 7 h at pH 7.4 and 37 8C (Exp. B; see the Experimental Section).


Table 3. Calculated m/z values of the oxidized cisplatin–dG adducts.


Oxidized adduct type Formula m/z


[Pt(NH3)2(dG)(OH)2]
+ [a] [C10H20N7O6Pt]


+ 529
[Pt(NH3)2(dG)(OH)3]


+ [C10H22N7O7Pt]
+ 547


[Pt(NH3)2Cl(dG)(OH)2]
+ [C10H21ClN7O6Pt]


+ 565
[Pt(NH3)2(dG)2(OH)2]


+ [C20H33N12O10Pt]
+ 796


[a] O6–N7 chelate.


Table 2. Calculated m/z ratios of cisplatin–dG adducts.


Adduct type Formula m/z


[Pt(NH3)2(dG)]+ [a] [C10H18N7O4Pt]
+ 495


[Pt(NH3)2(dG)OH]+ [C10H20N7O5Pt]
+ 513


[Pt(NH3)2Cl(dG)]+ [C10H19ClN7O4Pt]
+ 531


[Pt(NH3)2(dG)2]
+ [C20H31N12O8Pt]


+ 762


[a] O6–N7 chelate.


Figure 7. Offline mass spectrum of cisplatin incubated with dG (molar ratio 1:1, 1mm) for
6 h at pH 7.4 and 37 8C (Exp. B; see the Experimental Section).
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Conclusion


A coupled capillary electrophoresis/electrospray-ionization
mass spectrometry approach was applied to contribute to the
controversial discussion about the existence of an O6–N7 che-
late formation between cisplatin and dGMP.


CE/ESI-MS analysis of a 1:1 (molar ratio) mixture of cisplatin
and dGMP showed, apart from the bis(dGMP) adduct, a
series of monoadducts which could be identified as
[Pt(NH3)2Cl(dGMP)]+ and [Pt(NH3)2(dGMP)OH]+ . The structure
of a compound with an m/z value of 575, which migrated
faster than the other adducts, is in accordance with the com-
position [Pt(NH3)2(dGMP)]+ . The exchange of dGMP for the
closely related analogue dIMP resulted in the formation of cor-
responding adducts. Due to differences in pKa values at the N1
position of dGMP and dIMP, a significant deviation in relative
product distribution was observed, including a peak with an
m/z value of 560 that was assignable to the corresponding O6–
N7 chelate [Pt(NH3)2(O


6–N7-dIMP)]+ .
In order to prove the proposed structure and to exclude the


formation of other compounds with equivalent m/z ratios, for
example, an N7–aPO4 macrochelate, dGMP was exchanged for
dG in offline ESI-MS experiments. Upon interaction with cis-
platin a peak with an m/z value of 495, assignable to
[Pt(NH3)2(dG)]+ , was found. Due to the missing phosphate
moiety of 2’-deoxyguanosine, the N7–aPO4 macrochelate can
be excluded.


Since O6–N7 chelation is described in platinum(iv) chemistry,
hydrogen peroxide was added to a cisplatin–dG incubation
mixture to trap the O6–N7 platinum(ii) chelate and to stabilize
it as the corresponding platinum(iv) species. Indeed, an m/z
value of 529, in accordance with [Pt(NH3)2(O


6–N7-dG)(OH)2]
+ ,


could be detected.
In conclusion, the obtained results indicate that O6–N7 che-


lation is a possible coordination mode for the interaction of
platinum(ii) complexes with DNA oxopurine nucleotides and
derivatives.


Experimental Section


Due to the controversy about the existence of an O6–N7 chelate
and in order to avoid systematic errors, the experiments were per-
formed in two independent laboratories by using two different
experimental setups (Exp. A and Exp. B).


Experimental setup A (Exp. A)


Chemicals and sample preparation : 2’-Deoxymononucleotides and
cisplatin were purchased from Sigma (Deisenhofen, Germany).
Methanol, acetic acid, sodium hydroxide, and ammonia were from
Merck (Darmstadt, Germany). All solutions were prepared with pu-
rified water taken from a Millipore Milli-Q plus system (Eschborn,
Germany) and all chemicals used were of analytical grade. All buf-
fers were degassed by sonication and filtered through 0.45 mm
membrane filters (Sartorius, Gçttingen, Germany) prior to use. De-
oxymononucleotides (dGMP, dIMP) were incubated with cisplatin
at 37 8C in a molar ratio of 1:1 to give final concentrations of
0.5mm.


CE/ESI-MS investigations : CE/ESI-MS analyses were performed by
using a Hewlett–Packard 3DCapillary Electrophoresis system equip-
ped with a UV/Vis diode-array detector (at 254 nm) coupled to a
Finnigan LCQ mass spectrometer. The background electrolyte
(BGE) consisted of 32mm acetic acid adjusted to pH 9.7 with 25%
ammonia solution. Samples were injected into a fused silica capilla-
ry that was 76 cm long (22 cm effective length [UV/Vis], 75 mm i.d. ,
365 mm o.d. , kept at 23 8C) by applying 50 mbar pressure for 7 s.
Capillaries were preconditioned by standard rinsing procedures
(0.1m sodium hydroxide and BGE for 15 min each prior to use;
BGE, sodium hydroxide, and BGE again between separations). At
the capillary inlet, voltages of 15–20 kV were applied. After separa-
tion within the capillary, the 2’-deoxymononucleotides and plati-
num adducts were analyzed by utilizing the sheath liquid approach
in the positive ionization mode. Sheath liquid consisting of metha-
nol (50%), water (49%), and acetic acid (1%) was delivered at a
flow rate of 5–8 mLmin�1. The electrospray needle was set at
+3.5 kV with respect to the heated sampling capillary, thereby
resulting in overall voltages of 11.5–16.5 kV.


Experimental setup B (Exp. B)


Chemicals and sample preparation : Cisplatin was prepared in-house
by following the synthetic procedure described elsewhere.[44] 2’-De-
oxyguanosine·monohydrate was purchased from Aldrich (Austria).
Sodium 2’-deoxyguanosine 5’-monophosphate and ammonium ace-
tate were purchased from Fluka (Buchs, Switzerland). Buffer solutions
were prepared with HPLC gradient grade water purchased from Carl
Roth (Karlsruhe, Germany). Prior to use all buffer solutions were fil-
tered through 0.2 mm membrane filters (Sartorius, Gçttingen, Germa-
ny) and degassed in an ultrasonic bath. Cisplatin, 2’-deoxyguanosine,
and 2’-deoxyguanosine 5’-monophosphate solutions were prepared
in 20 mm ammonium acetate buffer at pH 7.4. Immediately after dis-
solving and mixing, the samples were incubated at 37 8C.


CE/ESI-MS investigations : CE/ESI-MS measurements were performed
on a Hewlett–Packard 3DCapillary Electrophoresis system equipped
with a diode-array detector coupled to an esquire3000 ion-trap MSn


(Bruker Daltonics, Bremen, Germany) through a sheath-flow elec-
trospray-ionization interface (Bruker Daltonics, Bremen, Germany).
Fused-silica capillaries (50 mm i.d. , 80 cm total length) were pur-
chased from Polymicro Technologies (Phoenix, AZ, USA). Before the
first use, new capillaries were conditioned with 0.1m sodium hy-
droxide solution (60 min, HPLC grade; purchased from Fluka,
Buchs, Switzerland), water (10 min), and BGE (60 min, 20mm am-
monium acetate buffer at pH 7.4). Prior to each analysis, the capil-
lary was flushed with water (2 min), 0.1m sodium hydroxide so-
lution (3 min), and BGE (5 min). Capillary and sample-tray tempera-
tures were kept constant at 37 8C. Samples were dissolved in BGE
and injected into the capillary at 20 mbar for 20 s. At the capillary
inlet, a voltage of 20 kV was applied and kept constant during the
analysis. The sheath liquid consisted of methanol (80%), water
(19%), and acetic acid (1%) and was delivered at a flow rate of
4 mLmin�1 by using a 74900 syringe pump from Cole–Parmer In-
strument Company (Vernon Hills, IL, USA). Full scan data were ac-
quired by scanning from m/z values of 200–1200. The MS parame-
ters optimized for the O6–N7 chelate detection in the CE/ESI-MS ex-
periment (analysis time segment: 0–9 min) are given in Table 4.


Off-line mass spectrometry : The mass spectra were obtained on a
Bruker esquire3000 ion-trap instrument equipped with an orthogo-
nal ESI source. Samples were directly injected into the mass spec-
trometer after the appropriate incubation time at 37 8C. Since cis-
platin was incubated either with dG or with dGMP, two different
sets of acquisition parameters were used (Table 5).
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Table 5. Offline ESI-MS operating parameters optimized for the analysis of
the O6–N7 chelate formation between cisplatin and dG or dGMP.


Parameters Cisplatin+dG Cisplatin+dGMP


polarity positive positive
injection rate [mLmin�1] 4 4
HV capillary [V] 3320 3762
dry gas flow [Lmin�1] 9 9
dry gas temperature [8C] 200 200
nebulizer gas [psi] 10 10
skimmer 1 [V] 31.3 29.4
capillary exit offset [V] 71.8 71.1
octopole [V] 2.89 2.62
octopole D [V] 2.4 2.4
trap drive 51.9 35.9


Table 4. Acquisition parameters for the CE/ESI-MS experiments optimized
for the chelate-detection time segment.


Parameters Segment 1


time [min] 0–9
polarity positive
dry gas flow [Lmin�1] 10
dry gas temperature [8C] 250
nebulizer gas [psi] 10
sheath liquid [mLmin�1] 4
HV capillary [V] 3074
skimmer 1 [V] 31.9
capillary exit offset [V] 72
octopole [V] 2.68
octopole D [V] 2.4
trap drive 41.1
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Introduction


Triple-helical structures of DNA have been extensively studied
during the past two decades, in particular in the context of the
antigene strategy for the control of gene expression.[1] Se-
quence-specific DNA recognition by an oligonucleotide that
leads to the formation of a triple helix has largely been exploit-
ed in regulating gene expression at the transcriptional level,
and in directing modifications of genomic DNA at selected
sites through mutagenesis or homologous recombination.[2]


Triple-helix forming oligonucleotides (TFOs) are therefore pow-
erful gene-specific tools that can be employed in a wide range
of applications in experimental biology as well as gene-based
biotechnology and therapeutics. The formation of intermolecu-
lar triple-helical structures is based on the sequence-specific
recognition, by an oligonucleotide, of an oligopyrimidine·oligo-
purine sequence of double-stranded DNA.[3,4] The third-strand
oligonucleotide binds to the major groove of the double helix,
forming hydrogen bonds with the purine bases.


Intramolecular triple-helical DNA structures, on the other
hand, may be formed when oligopyrimidine·oligopurine mirror
repeat sequences undergo conformational rearrangements
while subjected to physical constraints and/or acidic condi-
tions.[5] Thanks to the completion of the sequencing of the
human genome and of those of several other organisms, and
also to the rapid development of visualizing and imaging tech-
niques, there is increasing interest in the study of intramolecu-
lar triple-helical structures that may be formed in living cells.[6]


DNA sequences capable of adopting any of the triple-helical
structures described above constitute potentially attractive
therapeutic targets. It therefore follows that synthetic mole-
cules possessing specific affinity towards such triple-helical
structures should be highly valuable tools for examining cellu-
lar mechanisms that regulate the expression of certain disease-


related genes and the DNA damage-repair machinery.[6] Triplex-
specific binding compounds should thus function as structural
probes, specifically targeting the sites where DNA triple helices
are formed.


We have recently reported the design and synthesis of a
series of DNA triplex-cleaving conjugates in which analogues
of the triple-helix-specific intercalating compound benzoquino-
quinoxaline BQQ 1 carrying different aminoalkyl side chains
were covalently linked to ethylenediaminetetraacetic acid


Oligonucleotide-directed triple-helix formation provides a rational
means to interfere with genomic DNA targets and to direct modi-
fications at specific sites. We have developed a new class of com-
pounds that, at low concentrations, efficiently targets and dam-
ages double-stranded DNA specifically at the site where a triple-
helical structure is formed. In these new compounds, a triple-
helix-specific intercalator—benzoquinoquinoxaline (BQQ)—was
coupled to one of two isomeric 1,10-phenanthrolinecarboxalde-


hyde derivatives. 1,10-Phenanthroline derivatives are known to
cleave DNA in the presence of copper ions. The obtained BQQ-
1,10-phenanthroline (BQQ–OP) conjugates were compared with
regard to their ability to cleave triple-helix DNA. Both conjugates
displayed a sequence preference inside the triple-helical site, as
judged from the more pronounced cleavage obtained at stretches
of T·A0T base triplets.
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[EDTA·FeII] .[7–9] In the presence of a reducing agent, EDTA·FeII


complexes are believed to generate freely diffusible hydroxyl
radicals, which in turn cause nucleic acid strand scission at sol-
vent-accessible sites.[10,11] It was demonstrated that benzoqui-
noquinoxaline–EDTA·FeII conjugates 2 act as triplex-specific


cleaving agents, causing cleavage of double-stranded DNA at
sites where a triple-helix structure is formed. Although these
derivatives proved to have an efficient double-stranded DNA
cleavage yield (72% at 5 mm BQQ-EDTA), their application in
cells is expected to be limited. Indeed, it has been reported
that EDTA·FeII-mediated cleavage of DNA was inhibited by the
presence of MgII, among other metal ions, when present in
stoichiometric amounts.[12]


In our search for triple-helix specific binding compounds
that would function under physiological conditions, we have
undertaken the synthesis of a new class of triplex-intercalating
cleaving agents incorporating 1,10-phenanthroline (OP) units
in their structures. 1,10-Phenanthroline derivatives are mainly
known for their nucleic acid cleavage activity and can also act
as antifungal agents.[13–18] Here we describe the first 1,10-phe-
nanthroline-based intercalating probes—3 and 4—capable of


recognising and binding triple-helical structures of DNA and
subsequently directing double-stranded DNA damage specifi-
cally at the triplex site. Furthermore, quantitative analysis of
the cleavage results showed that the new agents display an
additional sequence-specific binding preference towards
stretches located inside the targeted triple-helical structures.


Results and Discussion


Design and synthesis of BQQ–OP derivatives 3 and 4


The ability of copper(ii) complexes of 1,10-phenanthroline to
cleave the phosphodiester backbones of DNA has been exten-
sively studied for nearly two decades.[14,19–20] It has been shown
that both [(OP)2Cu]


2+ and oligonucleotide- or protein-conju-
gated OP-CuII are able to generate radical species that cause
DNA and RNA cleavage even in the presence of MgII ions.[21–22]


This “chemical nuclease” property has been widely exploited in
the structural analysis of nucleic acids, such as in footprinting,
and in the determination of secondary structures of ribosomal
RNA.[21, 23–27] Moreover, radical cleavage by CuII-1,10-phenan-
throline has recently been used to probe RNA tertiary struc-
tures in cell cultures.[28] In contrast to those involved in
EDTA·Fe-promoted cleavage of nucleic acids, the radical spe-
cies generated in a copper(ii)-phenanthroline reaction is not
diffusible and will therefore only target the sugars located in
the immediate vicinity of the DNA or RNA binding site. Conse-
quently, conjugation of 1,10-phenanthroline to a structure-
specific DNA-ligand, such as a triplex-intercalating compound,
should provide an excellent way to cause distinct site-specific
modifications and to probe the formation of DNA triple-helical
structures. Here we have chosen to explore the chemical nu-
clease properties of benzoquinoquinoxaline-OP conjugates in
targeting triple-helical structures of DNA and thereby to deter-
mine their potential as triplex-specific probes. Different meth-
ods of conjugating phenanthrolines with oligonucleotides or
proteins, by using either 5-iodoacetamido- or 5-nitro-1,10-phe-
nanthrolines, have appeared in the literature.[14,29] For our pur-
poses we needed a different functional group on the 1,10-phe-
nanthroline skeleton that would react efficiently with the pri-
mary aliphatic amino group in benzoquinoquinoxaline (BQQ,
1) in order to give a stable, readily purified and easily handled
product. We also planned to examine the two isomeric com-
pounds derived from conjugation of BQQ to either the 4- or
the 5-position of 1,10-phenanthroline so as to compare their
triplex-binding specificity and cleavage efficiency. For these
reasons, two 1,10-phenanthroline carboxaldehydes 7 and 8
(Scheme 1) were synthesized and condensed with BQQ 1 by a
versatile and simple reductive amination protocol.


Oxidation of 4-methylphenanthroline 5 (Scheme 1) to give
aldehyde 7 was achieved according to literature methods by
use of selenium dioxide (SeO2) in dioxane/water.[30] Unfortu-
nately, these conditions were not applicable to the preparation
of aldehyde 8 from 5-methylphenanthroline 6 (Scheme 1). In-
stead, the required aldehyde 8 was obtained by bromination
of the methyl group in 6 by treatment with N-bromosuccini-
mide, followed by conversion of the derived bromomethyl
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intermediate to the corresponding alcohol under hydrolytic
conditions, and subsequent oxidation with MnO2 (see Experi-
mental Section). Despite the success of this method in provid-
ing the desired carboxaldehyde, it required three steps and
the overall yield was low. We therefore reconsidered the use of
SeO2 under more drastic conditions, and indeed, when com-
pound 6 and SeO2 were heated for two hours at reflux in
ortho-dichlorobenzene,[31] the 5-carboxaldehyde derivative 8
was obtained in 62% yield.


Benzoquinoquinoxaline 1 has been shown to intercalate and
stabilize triple-helical DNA structures.[7] We have recently exam-
ined the effect of varying the length and character of the ami-
noalkyl side chain of BQQ 1 on the stabilizing properties of
BQQ–EDTA derivatives 2.[9] Triplex-directed cleavage was ob-
tained in all three cases, although differences in the DNA cleav-
age efficiencies of these agents were observed. Most impor-
tantly, it was shown that the two conjugates with six- and
eight-membered aminoalkyl linkers retain an affinity toward
triple-helix structures comparable to that of 1 itself. So as to
maintain a six-atom separation between the phenanthroline
and BQQ units in our new conjugates, compounds 7 and 8
were condensed with a benzoquinoquinoxaline derivative pos-
sessing an aminopropyl side chain (1). Previous triplex-directed
DNA cleavage experiments and modelling studies on conju-
gates 1 and 2 had indicated that the aminoalkyl side chain
adopts a position in the minor groove.[7,8] It is anticipated on
this basis that the 1,10-phenanthroline component in our new
conjugates should similarly reside in, or close to, the minor
groove.


The terminal amino group in the side chain of BQQ 1 react-
ed smoothly with both phenanthrolinecarboxaldehydes 7 and
8 (Scheme 1), and monitoring of the reaction mixture by 1H
NMR showed the gradual disappearance of the aldehyde
proton signal. The derived imine intermediates were then re-


duced by sodium borohydride
(NaBH4), which provided BQQ–
OP conjugates 3 and 4, respec-
tively, in pure form.


BQQ–OP-mediated double-
stranded cleavage of DNA


Conjugation of 1,10-phenanthro-
line to TFOs had been reported
earlier, and sequence-specific
cleavage of double-stranded
DNA at triplex sites was ach-
ieved even though these triple-
helix structures are only moder-
ately stable. In contrast, the
intercalating-cleaving BQQ–OP
complexes 3 and 4 would be ex-
pected to promote and stabilize
the triple-helix structure formed
in the presence of a TFO. We
have demonstrated the specifici-
ty and efficiency of DNA cleav-


age by BQQ–OPs 3 and 4, in the presence of a cognate TFO,
on the following targets: an 80 bp restriction fragment, in
order to study the cleavage pattern with nucleotide resolution,
a 2719 bp double-stranded DNA fragment, and the corre-
sponding supercoiled DNA plasmid, in order to assess the
selectivity of the BQQ-mediated cleavage.


Triplex-directed cleavage of a short DNA fragment


We examined the ability of BQQ–OPs 3 and 4 to direct DNA
double-stranded cleavage specifically to the triplex site and an-
alysed the cleavage patterns of the two compounds on both
oligopurine and oligopyrimidine strands (Figure 1A and B). In
separate experiments, we radiolabelled the 3’-end of either
strand of an 80 bp DNA fragment. This fragment possesses a
27 bp oligopyrimidine·oligopurine sequence capable of form-
ing an intermolecular triple-helix structure in the presence of a
specific TFO.[32] The cleavage experiments were initiated by hy-
bridization of the double-stranded DNA with the specific 27-nt
TFO (S) thus forming a triple helix. In parallel, incubation of the
DNA with a non-specific oligonucleotide (NS) of equal length
was used as a control. The different BQQ–OP derivatives 3 and
4 were evaluated for their ability to perform triplex-directed
cleavage. In the presence of TFO (S), CuII ion and 3-mercapto-
propionic acid (MPA), both BQQ–OP derivatives caused double-
stranded cleavage of the 80 bp DNA fragment specifically at
the site where a triple-helix structure was formed (Figure 1A
and B, lanes 2 and 4). On the other hand, replacement of the
specific triplex-forming third strand with a control oligonucleo-
tide (NS) that is not capable of forming a triple-helix structure
did not lead to any cleavage under the same experimental
conditions (Figure 1A and B, lanes 1 and 3).


Analysis of the resulting double-stranded cleavage patterns
by BQQ–OP derivatives was carried out by use of the Image


Scheme 1. Synthesis of BQQ–OP conjugates 3 and 4 : a) SeO2 in dioxane-water (96:4), b) SeO2 in ortho-dichloroben-
zene (please see safety recommendations in ref. [31]), c) 1) BQQ 1 in methanol/dimethylformamide (2:1), 2) NaBH4 in
dichloromethane/methanol (1:1).
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Gauge (Fujifilm) quantification program. Interestingly, as
judged from the intensities of the bands inside the triple-helix
site, we observed that the double-stranded cleavage by the
two reagents 3 and 4 was not of equal strength over the
entire triplex site (Figure 1). We identified the nucleotides in
the oligopyrimidine·oligopurine sequence that had been ex-
posed to the highest rate of cleavage by use of G-sequencing
ladders. Figure 2 shows overlay plots representing the quanti-
fied cleavage of the two DNA strands by BQQ–OP 4. Analysis
of the plots indicated the presence of two major cleavage
sites, which correlated to two stretches of T·AOT base triplets
(· and O represent Watson–Crick and Hoogsteen hydrogen
bonding, respectively). DNA strand scission by metal com-
plexes of 1,10-phenanthroline is known to be a localized
event, owing to the character of the radical species produced
in situ. This could, in part, explain the detected sequence-
specific cleavage pattern of double-stranded DNA by BQQ–OP
derivatives. DNA cleavage by BQQ-EDTA-FeII derivatives, on the
other hand, indicated a similar but only weak sequence-specif-


ic preference in the triplex site under the same experimental
conditions.[8] It is further noteworthy that conjugation of BQQ
to either the 4- or the 5-position of 1,10-phenanthrolinecarbox-
aldehyde did not seem to affect the sequence-specific interca-
lation of these cleaving agents, as they showed similar cleav-
age patterns (Figure 1A and B) for both DNA strands. These
data highlight a new and interesting aspect of triplex-specific
probing of nucleic acids: the two newly designed cleaving
agents could preferentially target certain regions inside the
triple-helix site. However, triple helices with a broad diversity
of sequence composition will have to be investigated in order
to confirm the versatility of these findings. Studies along these
lines are in progress in our laboratories.


Triplex-directed cleavage of longer DNA fragments by BQQ–
OPs 3 and 4


We initially examined the triplex-specific cleavage of long DNA
fragments by BQQ–OP derivatives 3 and 4 through the use of
a 2718 bp linearized plasmid (pTLX).[32] This plasmid is a con-
struct derived from a pUC12 vector where a 27 bp oligopyrimi-
dine·oligopurine sequence has been cloned. The linear DNA
fragment was obtained by digestion of pTLX with the unique-
site restriction enzyme Xmn I, and was purified by precipita-
tion. Hybridization with TFO(s) led to the formation of a triple-
helix structure. This was followed by the addition of the
copper-chelated BQQ–OP compound 3 or 4, and the cleavage
reaction was initiated by addition of 3-mercaptopropionic acid.
Different concentrations of 3 and 4 were examined in order to
determine the optimum concentration leading to the most ef-
ficient triplex-directed cleavage. Double-stranded cleavage of
DNA at the triplex site would produce two distinct fragments
of approximately 1901 and 817 bp, if the cleavage were to
occur on average in the middle of the formed triplex. Indeed,
cleavage by the two BQQ–OP derivatives 3 and 4 at all the ex-
amined concentrations generated two fragments that correlat-
ed with the expected size of fragments, as shown in Figure 3
(lanes 2, 4, 6, and 8). This indicates that Cu2+ complexes of
BQQ–OP were able to recognise, bind and cleave a rather long
DNA fragment selectively at the site where a triple helix was
formed. Quantitative analysis of the separated bands revealed
that BQQ–OP 4 was the more efficient cleaving agent of the
two synthesized derivatives, since it gave a 61% yield of cleav-
age at 0.5 mm, while on the other hand BQQ–OP 3 gave only
45% under the same experimental conditions. In addition, the
new BQQ–OP 4 exhibits a much higher cleavage efficiency
than the previously studied BQQ-EDTA conjugates 2 under
similar reaction conditions.[8, 9] Indeed, more elevated concen-
trations (5–50 mm) of BQQ-EDTA derivatives 2 are necessary to
obtain comparable yields of DNA cleavage.


Control experiments were carried out in which TFO (S) was
replaced by a non-complementary oligonucleotide (NS). No
cleavage could be detected in any of these experiments, as
shown in Figure 3 (lanes 1, 3, 5 and 7). Our results clearly indi-
cate that the observed DNA scission by BQQ–OP derivatives is
indeed an event specific to the presence of a triple-helix struc-
ture and that BQQ–OP 4 is the most efficient triplex-specific


Figure 1. Triplex-directed cleavage of an 80-mer double-stranded DNA by BQQ–
OPs 3 and 4. A) The purine-rich strand (R*) of the double helix is 32P-radio-
labelled at the 3’-end. Lanes 1 and 2: cleavage by BQQ–OP 4 in the presence of
a non-specific (NS) and a specific (S) third strand oligonucleotide. Lanes 3 and
4: cleavage by BQQ–OP 3 in the presence of a non-specific (NS) and a specific
(S) third strand oligonucleotide. G-sequence ladder of R*-strand is marked G. Ct
is the control untreated 80 bp double-stranded DNA. B) The pyrimidine-rich
strand (Y*) is 32P-radiolabelled at the 3’-end. Lanes 1 and 2: cleavage by BQQ–
OP 4 in the presence of a non-specific and a specific third strand oligonucleo-
tide. Lanes 3 and 4: cleavage by BQQ–OP 3 in the presence of non-specific and
specific third strand oligonucleotide, respectively. G-sequence ladder of Y*-
strand is marked G. Ct is the control untreated 80 bp double-stranded DNA.
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cleaving agent among all BQQ-cleaving conjugates studied
until now.


Cleavage of plasmid DNA by BQQ–OP derivative 4


In order to investigate the outcome of the cleavage reaction
by BQQ–OP 4 when a supercoiled DNA plasmid was targeted,
we carried out triplex formation and triplex-directed cleavage
with supercoiled plasmid pTLX. In the presence of a specific
TFO (S), Cu2+ and a reducing agent, BQQ–OP 4 generated a
major linear fragment that was quantified to 66% of the total
treated DNA (Figure 4, lane 3). When this fragment was cleaved
by a unique-site restriction enzyme (Xmn I), two shorter frag-
ments were produced, corresponding to approximately 1901
and 817 bp (lane 5). Furthermore, the total value of these two
bands upon quantification also gave 66% of the treated DNA,
indicating that the linear fragment generated by BQQ–OP 4
(lane 3) was indeed the result of a specific cleavage at the tri-
plex site. Incubation of the DNA plasmid with a non-specific
oligonucleotide (NS) followed by treatment with BQQ–OP de-
rivative 4 and Cu2+ under the same cleavage conditions was


used as a control. In the absence of a triple-helical
structure, only a weak linear fragment was detected
(Figure 4, lane 2). The only product generated from
the subsequent cleavage of that fragment by Xmn I
corresponded to a linear fragment of almost the
same size as the linearized 2718 bp pTLX (Figure 4,
lane 4). Similar results were obtained when the plas-
mid was first linearized with Xmn I and then cleaved
with BQQ–OP 4 (Figure 4, lanes 6 and 7). These re-
sults indicate that the new cleaving agent BQQ–OP 4
is able to intercalate in the supercoiled DNA plasmid,
discriminating between double and triple-helix struc-
tures, and to cause efficient double-stranded cleav-
age at quite low concentrations.


Conclusion


Two major related topics are described in this work.
Firstly, the employment of a 1,10-phenanthrolinecar-
boxaldehyde functional group in the synthesis of
phenanthroline conjugates offers a very distinct ad-
vantage over other known methods for the coupling
of BQQ or other DNA-binding compounds, as both
the synthetic procedure and product purification are
simple and efficient. This strategy will very likely find
a general application in the conjugation of 1,10-phe-
nanthroline derivatives to different desired carrier
ligands.


Secondly, examination of the obtained BQQ-1,10-
phenanthroline (BQQ–OP) conjugates as cleaving
agents specific to triple-helix sites represents a key
step in the search for suitable triplex-specific probes
that might act in a structure-dependent manner
under physiological conditions. We showed that, in
the presence of CuII ions and a reducing agent, BQQ–
OP conjugates were able to cleave double-stranded


DNA specifically at the site where a triple helix was formed. In
particular, BQQ–OP conjugate 4 showed the highest cleavage
efficiency of all BQQ-cleaving agents so far studied, at low con-
centration. These compounds may therefore prove to be po-
tential candidates for probing the formation of both inter- and
intramolecular DNA triple-helical structures in cells, particularly
as DNA cleavage by OP derivatives is not inhibited by the pres-
ence of magnesium(ii) ions. Further studies will hopefully
show that BQQ–OP derivatives can be used as biologically
active molecules able to direct DNA damage at selected ge-
nomic sites and as valuable tools in the examination of triplex-
related biological processes.


Experimental Section


Synthesis of 1,10-phenanthroline-4-carboxaldehyde (7): Oxida-
tion of 4-methyl-1,10-phenanthroline (5) was achieved according
to the literature.[30] A solution of this compound (1 g) in dioxane/
water (30 mL, 96:4) was slowly added to a warm homogenous so-
lution of selenium dioxide SeO2 (1.22 g) in dioxane/water (30 mL,
96:4). The reaction mixture was heated at reflux for 2 h and was


Figure 2. Quantitative analysis of DNA cleavage by BQQ–OP 4 (Figure 1A and B, lanes 1
and 2). Radioactivity of each of the bands obtained from cleavage of R* (bottom) and
Y* strand (top) is quantified by phosphorimager. The sequence is shown in the middle. The
open and filled bars represent the DNA-cleavage profiles in the presence of a non-specific
and a specific oligonucleotide, respectively. Major cleavage sites correspond to stretches of
T·A0T base triplets (· and 0 represent Watson–Crick and Hoogsteen hydrogen bonding,
respectively).
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then passed through a pad of celite 524. The solvent was concen-
trated at reduced pressure, and the residue was dissolved in di-
chloromethane and washed by repeated extraction with water. The


organic layers were collected, and
the solvent was evaporated. The
crude product was purified by
neutral Al2O3 gel column chroma-
tography (7% water) with di-
chloromethane/ethanol (95:5) as
eluent (50% yield). 1H NMR
(CDCl3): d=10.62 (s, 1H; Ar�CHO),
9.52 (d, J=4.4 Hz, 1H; Ar�H), 9.31
(dd, J=4.4, 1.7 Hz, 1H; Ar�H), 9.08
(d, J=9.2 Hz, 1H; Ar�H), 8.38 (dd,
J=8.1, 1.7 Hz, 1H; Ar�H), 8.06 (d,
J=4.4 Hz, 1H; Ar�H), 8.03 (d, J=
9.2 Hz, 1H; Ar�H), 7.77 ppm (dd,
J=8.2, 4.5 Hz, 1H; Ar�H).


Synthesis of 1,10-phenanthroline-
5-carboxaldehyde (8): Two differ-
ent methods were employed for
the oxidation of 5-methyl-1,10-
phenanthroline.


A) Three-step procedure : 5-
Methyl-1,10-phenanthroline (6,
0.415 g) was suspended in dry
carbon tetrachloride (CCl4, 40 mL)
and the solution was maintained
under a nitrogen atmosphere. N-
Bromosuccinimide (0.456 g) and
benzoyl peroxide (0.052 g) were
added, and the solution was
heated at reflux for 45 min. A red-
dish solid that formed was filtered
off and washed twice with CCl4.


The supernatant was evaporated at reduced pressure. In situ hy-
drolysis of the obtained bromomethyl derivative was achieved by
treatment of the crude product (0.8 g), in dioxane (6 mL), with


Figure 3. Triplex-directed cleavage of a 2718 bp DNA fragment by BQQ–OPs 3 and 4. S and NS oligo are 27-mer
specific and nonspecific oligonucleotides, respectively. M is a DNA molecular weight marker VII (Roche Diagnostics).
Concentration of oligonucleotides and conjugate 3 and 4 are indicated. a) Full length DNA fragment; b) and c) are
the two fragments produced by the triplex-directed cleavage.


Figure 4. Triplex-directed cleavage of supercoiled and linearized plasmid (2718 bp) by BQQ–OP 4. S and NS oligo are 27-mer specific and non-specific oligonucleo-
tides, respectively. M is a DNA molecular weight marker VII (Roche Diagnostics). Concentration of oligonucleotides and conjugate 4 are indicated. Lanes 1 and 8 are
supercoiled and linearized plasmid, respectively. Lanes 3 and 7 are triplex-directed cleavage of supecoiled and linearized plasmid by conjugate 4, respectively. Lanes
2 and 6 are control cleavage reactions of supecoiled and linearized plasmid, respectively, in the presence of a non-specific oligonucleotide. Lanes 4 and 5 are the
respective products of lanes 2 and 3 after treatment with Xmn I. a) Full-length 2718 bp linear fragment; b) and c) are the two fragments obtained by cleavage
mediated by BQQ–OP 4.
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potassium hydroxide (2n, 60 mL) for 28 h with stirring at room
temperature. The mixture was then concentrated to a small
volume, and dichloromethane was added. After several aqueous
washings, the organic layer was dried over magnesium sulfate and
the solvent was evaporated. The crude hydrolyzed product
(0.185 g) was dissolved in dichloromethane (10 mL) and treated
with manganese dioxide (0.6 g) for 43 h with stirring at room tem-
perature. The precipitate was filtered off, and the solvent was
evaporated. The pure compound was obtained in 20% overall
yield after purification by neutral Al2O3 gel column chromatogra-
phy (7% water) with dichloromethane as eluent. MS [CI]: 209.0718
[M+H]+ ; C13H9N2O calcd 209.0715.


B) Oxidation with selenium dioxide : 5-Methyl-1,10-phenanthro-
line 6 (0.3 g) and SeO2 (0.38 g) were suspended in ortho-dichloro-
benzene (50 mL) and the mixture was heated at reflux for two
hours (because of the incompatibility of o-dichlorobenzene and ox-
idising agents[31] the use of a shield to protect the experimenter is
recommended), and then cooled to room temperature. Filtration
through a celite pad was followed by the addition of hydrochloric
acid (1n) to the filtrate. The aqueous phase was collected and
washed with dichloromethane and then neutralized by the addi-
tion of saturated aqueous sodium bicarbonate. Dichloromethane
was added, and extraction was repeated several times. The organic
layers were dried over magnesium sulfate, and the solvent was
evaporated at reduced pressure. The pure product was isolated as
a white powder after purification by neutral Al2O3 gel column chro-
matography (7% water) with dichloromethane as eluent (62%
yield). 1H NMR (CDCl3): d=10.15 (s, 1H; Ar�CHO), 9.48 (dd, J=8.5,
1.6 Hz, 1H; Ar�H), 9.10 (m, J=11.4, 4.2, 1.5 Hz, 2H; Ar�H), 8.18 (dd,
J=8.1, 1.6 Hz, 1H; Ar�H), 8.09 (s, 1H; Ar�H), 7.56 ppm (m, 2H; Ar�
H); MS [CI]: 209.0712 [M+H]+ ; C13H9N2O calcd. 209.0715.


Synthesis of 4- and 5-methyl-1,10-phenanthroline conjugates of
6-((3-aminopropyl)amino)-11-methoxy-benzo[f]quino[3,4-b]quin-
oxaline (3 and 4): BQQ 1 (0.05 g) and 1,10-phenanthroline-4-(or 5)-
carboxaldehyde (7 or 8, respectively, 0.022 g) were suspended in
dried methanol/dimethylformamide (12 mL, 2:1), and the mixture
was heated for 6 h at 70 8C. The precipitate was filtered and dried
at reduced pressure. The crude imine intermediate was reduced
without further purification according to the following protocol.
The crude imine was dissolved in dichloromethane/methanol
(12 mL, 1:1) and the mixture was cooled to 0 8C. Sodium borohy-
dride (NaBH4, 10 mg) was added in small portions, and the reaction
mixture was stirred at room temperature for 1.5 h. The reaction
was stopped by the addition of hydrochloric acid (0.5m, 2 mL), and
dichloromethane was added. After repeated washings with saturat-
ed aqueous sodium carbonate, the organic layers were dried over
magnesium sulfate, and the solvent was evaporated at reduced
pressure. The pure product was obtained after purification by neu-
tral Al2O3 gel column chromatography (7% water) with dichloro-
methane/ethanol (99:1) as eluent.


BQQ–OP 3 (55% yield): 1H NMR (CDCl3): d=9.34 (d, J=9.0 Hz, 1H;
Ar�H), 9.08 (m, 2H; Ar�H), 8.95 (d, J=7.8 Hz, 1H; Ar�H), 7.91(m,
4H; Ar�H), 7.68 (d, J=9.2 Hz, 2H; Ar�H), 7.39 (m, 6H; Ar�H), 4.43
(s, 2H; �N�CH2�Ar), 4.03 (m, 5H; OCH3 + CH2-a), 3.13 (t, J=
6.1 Hz, 2H; CH2-c), 2.25 ppm (q, J=5.9 Hz, 2H; CH2-b) ; MS [CI]:
576.2512 [M+H]+ ; C36H30N7O calcd. 576.2512.


BQQ–OP 4 (51% yield): 1H NMR (CDCl3): d=9.36 (d, J=9.1 Hz, 1H;
Ar�H), 9.1 (m, 2H; Ar�H), 9.0 (d, J=8.8 Hz, 1H; Ar�H), 8.53 (d, J=
8.8 Hz, 1H; Ar�H), 8.03 (d, J=8.8 Hz, 1H; Ar�H), 7.84 (d, J=9.5 Hz,
2H; Ar�H), 7.66 (d, J=8.9 Hz, 2H; Ar�H), 7.5 (m, 7H; Ar�H), 4.34 (s,
2H; N�CH2�Ar), 4.0 (m, 5H; OCH3 + CH2-a), 3.06 (t, J=6.6 Hz, 2H;


CH2-c), 2.17 ppm (q, J=6.3, 2H; CH2-b). MS [CI]: 576.2517 [M+H]+ ;
C36H30N7O calcd. 576.2512.


Triplex-directed cleavage of an 80 bp DNA fragment by BQQ–
OPs 3 and 4 : Two probe samples of an 80 bp DNA fragment incor-
porating an oligopyrimidine·oligopurine target were prepared as
follows.[32] The double-stranded DNA fragment was obtained from
plasmid pTLX by restriction enzyme digestion with Hind III and
EcoR I. The probes were 32P-radiolabelled at the 3’-end of either
the oligopurine- (R*Y) or the oligopyrimidine-rich strand (Y*R),
respectively. The probes were incubated overnight at +4 8C in
20 mm cacodylate buffer (pH 7.0, 50 mm NaCl) with either a specif-
ic (S) or non-specific (NS) oligonucleotide (Eurogentec). The se-
quences of the 27-nt specific and nonspecific oligonucleotides
were 5’-TTCTTCTTTTTTCTTCTTCTTTTTTCT-3’ and 5’-TCTCTCTCTCTC-
TCTCTCTCTCTCTCT-3’, respectively. BQQ–OP 3 or 4 (1 mm) was pre-
chelated with CuSO4 (2 mm, 15 min) prior to addition to each of the
probes. The DNA probes were incubated with the intercalator/
cleaving metal complex for 45 min at room temperature, and MPA
(2 mm) was added in order to initiate the reaction. The cleavage
reactions proceeded for 1 h at 37 8C and were stopped by ethanol
precipitation. The samples were analysed by 15% denaturing acryl-
amide gel electrophoresis (7m urea).


Triplex-directed cleavage of supercoiled and linear pTLX : A
2718 bp supercoiled DNA plasmid (pTLX) or a linearized 2718 bp
fragment was incubated with a specific (S) or a nonspecific (NS)
third-strand oligonucleotide in cacodylate buffer (20 mm, pH 7.0,
50 mm NaCl) at +4 8C overnight. Different final concentrations of
BQQ–OP 3 or BQQ–OP 4 were used: 0.25 mm, 0.5 mm and 1 mm.
The BQQ–OP derivatives were pre-incubated with CuSO4 (2 mm) at
room temperature for 15 min. The mixtures of BQQ–OP 3 or 4 and
CuSO4 were added to the supercoiled plasmid or the linear DNA
fragment, and intercalation was allowed to proceed for 45 min at
room temperature. The cleavage reactions were initiated by the
addition of MPA (2 mm). The reactions were allowed to proceed for
7 h at 37 8C and were analysed by standard 1% agarose gel elec-
trophoresis and ethidium bromide staining. Quantification of the
separated bands was carried out by use of Image Quant software.
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Synthesis and Degradation of Nucleobases and
Nucleic Acids by Formamide in the Presence of
Montmorillonites
Raffaele Saladino,*[a] Claudia Crestini,[b] Umberto Ciambecchini,[a]


Fabiana Ciciriello,[c] Giovanna Costanzo,[c] and Ernesto Di Mauro*[d]


Introduction


Since Bernal’s analysis of the physical basis of life,[1] several pre-
biotic scenarios invoking clays have been proposed.[2] Accord-
ingly, both the surface and, possibly, the interlamellar spaces
of clays might serve as favourable microenvironments (or mi-
croreactors) to concentrate organic building blocks for life-
related syntheses such as the formation of peptides and poly-
nucleotides.[3–5]


Montmorillonite is a naturally occurring clay characterized
by the ability to swell and exchange ions.[6–8] One single mont-
morillonite crystal consists of about 15 multilayers of silicium
(SiO2) and aluminium (Al2O3) oxides. Each layer is split into
three defined sheets built of two enclosing SiO2 units encom-
passing one Al2O3 unit. Due to disorder in the crystal, the
sheets carry a negative charge, compensated for by intercalat-
ed cations. The individual sheet may be readily separated by
dilution and reassembled by removal of water, so that metal
ions intercalated in the multilayered structure can be ex-
changed by other catalytically active metal ions or by H3O


+


ions. Because of their favourable physical and chemical proper-
ties, such as high surface area, large adsorption and ion-ex-
changing capacity, montmorillonites are widely employed as
catalysts in the synthesis of fine chemicals and drugs under
mild experimental conditions.[9–17] Remarkably, montmorillon-
ites catalyze the aldol condensations of formaldehyde into
sugars (“formose reaction”).[18,19] From these points of view
montmorillonites can be considered as primitive enzymes.
Their role in the synthesis of oligonucleotides up to the length
of small ribozymes has been reported in a system consisting of
the adsorption of a template on the mineral surface and re-
peated incubations with activated nucleotides.[20–22] It is also
relevant that nucleobases such as thymine, which are not nor-


mally intercalated into montmorillonite, are taken up through
specific molecular recognition processes based on hydrogen-
bond pairing with partner molecules localized in the interlam-
ellar region.[23]


Cairns-Smith has pointed out the possibility that imperfec-
tions in a growing crystal lattice are replicated upon crystal
growth. The fact that biopolymers formed in the montmoril-
lonite microenvironment could be determined by the informa-
tion encoded in the charge distribution of the layers suggested
a role for clays in a “rudimentary prebiological evolution pro-
cess”.[24] The template and the shielding properties proposed for
clays are of additional relevance. It was shown that montmoril-
lonite–nucleic acid complexes are resistant to biotic and abiot-
ic degradation;[25–27] this maintains their biological activity.[28–36]
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We describe the role of formamide, a product of the hydrolysis of
hydrogen cyanide, as precursor of several components of nucleic
acids under prebiotic conditions. When formamide is heated in
the presence of montmorillonites, the efficient one-pot synthesis
of purine, adenine, cytosine, and uracil is obtained. Along with
these nucleobases, several components of the inosine pathway
are obtained: 5-aminoimidazole-4-carboxamide, 5-formamido-
imidazole-4-carboxamide and hypoxanthine. This almost com-
plete catalogue of nucleic acid precursors is accompanied by N9-
formylpurine, which, containing a masked glycosidic bond in its


formyl moiety, is a plausible precursor of purine acyclonucleo-
sides. In addition, montmorillonites differentially affect the rate of
degradation of nucleobases when embedded in 2’-deoxyoligonu-
cleotides; namely, montmorillonites protect adenine and guanine
from the degradative action of formamide, while thymine degra-
dation is enhanced. The oligonucleotide backbone reactivity to
formamide is also affected; this shows that the interaction with
montmorillonites modifies the rate of abstraction of the Ha and
Hb protons on the sugar moieties.
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Taken together, these data suggest that the formation of clay–
nucleic acid complexes could have played an important role in
the preservation of genetic material under prebiotic condi-
tions.
Even though the potential role of montmorillonites in the


oligomerization and evolution of nucleic acids is well studied,
only a few data on the catalytic properties of these minerals
are available that could be connected with the prebiotic syn-
thesis of purines and pyrimidines, the building blocks for acti-
vated nucleotides.[37]


We have reported that formamide, a product of the hydroly-
sis of hydrogen cyanide present in the ocean of the primitive
Earth,[38] is a compound active in both the synthesis of nucleo-
bases[39,40] and in the selective degradation of DNA.[41,42] The
condensation of formamide into nucleobases is catalyzed and
modulated under catalytic conditions by different inorganic
compounds (CaCO3, silica, alumina, kaolin and zeolite).[43] We
have also observed the unprecedented syntheses of thymine,
5-hydroxymethyluracil and purine acyclonucleosides from for-
mamide in the presence of titanium dioxide.[44] The role of
these catalysts is not limited to the improvement of the yield
of reaction products, but also provides high selectivity. Since
formamide is able to degrade DNA,[41,42] our experimental ap-
proach consists of the parallel study of the formamide-based
syntheses and degradative pathways of nucleic acid compo-
nents under comparable experimental conditions.
This coupled approach is nec-


essary because in any physico-
chemical scenario dealing with
the origin of life, stability of the
precursor molecules is a major
concern.[45,46] Thus, in order to
evaluate the possible prebiotic
role of a given synthetic reaction
both the conditions that prefer-
entially lead to synthesis and
those leading to degradation
must be jointly determined.
Here we describe the role of
montmorillonites in both the
synthesis of purine and pyrimi-
dine derivatives starting from
formamide and in the selective
degradation of 2’-deoxyoligonu-
cleotides induced by montmoril-
lonite clays.


Results


Syntheses


We have selected montmorillonites KP-10, K-30, KSF and alumi-
nium-pillared clay (Al-PILC) as representative models of clay
catalysts, based on the widespread availability of the calcium
montmorillonites. The major physical and chemical properties
of these clays are reported in Table 1. The various montmoril-
lonites differ in pore size distribution, surface area, cation ex-


change capability (CEC) and acidity. KP-10 and KSF have high
Brønsted acidity, while K-30 has mainly Lewis acidity. The Al-
PILC, which is formed upon intercalation of polyaluminium-
hydroxide derivatives and subsequent calcination, has a very
narrow pore-size distribution in the micropore range combined
with a highly specific surface area and high shape selectivi-
ty.[47,48]


Briefly, the syntheses were performed by heating pure for-
mamide 1 (0.12 mol) at 160 8C for 48 h (Scheme 1)[43] in the
presence of catalytic amounts of the appropriate montmoril-
lonite (2.0% w/w). We focused on the characterization of the


more abundant purine and pyrimidine derivatives by gas chro-
matography, mass spectrometry and nuclear magnetic reso-
nance (1H and 13C NMR) analyses, and, when necessary, by
comparison with authentic samples after chromatographic
purifications.
We identified a large range of products. In accordance with


data previously reported in the literature, the condensation of
formamide performed in the absence of montmorillonite af-
forded 2 as the only recovered product (34.1 mg 2 per gram
formamide, Table 2, entry 1).[44] The reaction was also per-


Table 1. Physical and chemical properties of montmorillonites KP-10, K-30,
KSF and Al-PILC.


Clay Micropore volume [mLg�1] Surface
area


pH[a] CEC[b]


0–
80 nm


0–
24 nm


0–
14 nm [m2g�1]


[meqg�1]


KP-10 0.28 0.25 0.19 240 3.2 0.36
K-30 0.50 0.44 0.38 330 3.1 0.5
KSF 0.02 0.01 0.01 10 1.4 0.02
Al-PILC n.d.[c] n.d. n.d. 280 4.5 0.13


[a] Determined on 10% filtered suspension. [b] CEC: Cation exchange
capacity. [c] Data not available.


Scheme 1. Schematic drawing of montmorillonite-catalyzed purine and pyrimidine synthesis out of formamide.
*Montmorillonite: hAL-PILC, KP-10, K-30, KSF and Al-PILC.
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formed in the presence of homoionic calcium Al-PILC (CaAl-
PILC) as a reference of a neutral clay. In this latter case, 2 was
again obtained as the only recovered product (Table 2,
entry 2). In a similar way, the condensation performed in the
presence of homoionic neutral calcium K-30 (CaK-30) afforded
2 as the only recovered product. On the other hand, montmor-
illonites KP-10, K-30, KSF and Al-PILC yielded a complex mix-
ture of reaction products. Among these, purine 2, adenine (3),
hypoxanthine (4), 5-aminoimidazole-4-carboxamide (5 ; AICA),
5-formamidoimidazole-4-carboxamide (6 ; (fAICA), N9-formyl
purine (7), cytosine (8) and uracil (9) were isolated in varying
amounts depending on the experimental conditions (Table 2,
entries 3–6). Selected mass spectrometry data for products 2–9
are reported in Table 3. In the presence of montmorillonites,
the yield of 2 was always lower than in their absence, probably
because of the competitive production of several other com-
pounds (see above and Table 2). Purine derivatives 2–3 and 7,
and cytosine (8) were previously prepared from formamide by
using different metal oxides.[43,44] The formation of hypoxan-


thine 4, imidazole carboxamide
derivatives 5–6 and uracil (9)
from formamide alone has not
previously been observed. Prod-
ucts 4–6 were obtained in the
presence of KP-10, KSF and Al-
PILC (Table 2, entries 3–5), while
they were not obtained with K-
30 and CaAl-PILC (Table 2, en-
tries 2 and 6).


Steps on the route to inosine :
AICA (5) is a well-known inter-
mediate in the prebiotic synthe-
sis of hypoxanthine by polymeri-
zation of HCN.[49–52] AICA is usu-
ally formed by hydrolysis of 5-


aminoimidazole-4-carbonitrile (AICN), which serves as precur-
sor for the synthesis of adenine. In the late steps of the bio-
chemical pathway to inosine monophosphate (IMP), the eighth
intermediate is AICA linked to ribose-5’-monophosphate
(AICAR-5’-phosphate). AICAR-5’-phosphate is formylated by for-
myltransferase to give 5’-phosphoribosyl-4-carboxamide-5’-for-
mamidoimidazole (fAICAR-5’-phosphate). In the next step,
fAICAR-5’-phosphate is cyclized by IMP cyclohydrolase to IMP.
Based on this biochemical pathway, Zubay and co-workers


showed that AICA can be efficiently converted into hypoxan-
thine by treatment with ammonium formate as a formyl
donor.[53] In this case, fAICA (6) was suggested as a key inter-
mediate, even though it was not isolated from the reaction
mixture. Similarly, the authors proposed that in the AICN to ad-
enine conversion, formate and an ammonium ion were used
as reactants for the construction of the purine ring. In agree-
ment, Hill and Orgel showed that adenine may be formed
when the HCN tetramer is heated with ammonium formate at
110 8C.[54]


Since both AICA and fAICA were recovered in our reaction
mixtures, the question arises for the origin of HCN and ammo-
nium formate that are necessary for their formation. Forma-
mide decomposes at 190 8C to give HCN, NH3, CO and H2O.
This reaction is known to be catalyzed by the presence of
metal oxides.[55] Moreover, even though formamide is hydro-
lyzed slowly to give ammonium formate (Kw=1.1N10�10 s�1


corresponding to t1/2=200 y at 25 8C), the reaction can be effi-
ciently accelerated under the acidic clay conditions.[56] Thus, it
is reasonable to suggest that the decomposition of 1 to HCN
and its partial hydrolysis to ammonium formate are side-proc-
esses responsible for the synthesis of 5–6 and then of hypo-
xanthine 4. This hypothesis is confirmed by the low reactivity
observed with CaAl-PILC and by the recovery of appreciable
amount of formic acid in the reaction mixture (data not
shown). The Brønsted acidity of KP-10 and KSF appears to be
an important variable for the formation of 4–6. In fact, in the
case of K-30, which is characterized mainly by Lewis acidity,
these products were not recovered in the reaction mixture. To
the best of our knowledge, this is the first report dealing with
the prebiotic synthesis of compounds that are part of the cur-
rent biochemical pathway to IMP.


Table 2. Quantitative profile of products 2–9 obtained from formamide/montmorillonite systems.[a]


Catalyst Yield [mgg�1][b]


2 3 4 5[c] 6[c] 7[c] 8[c] 9


1 – 34.1 – – – – – – –
2 CaAl-PILC 1.0 – – – – – – –
3 KP-10 21.0 6.0 0.8 4.3 5.8 14.0 16.0 1.1
4 KSF 27.6 13.5 1.2 4.5 6.2 – 18.0 2.0
5 Al-PILC 19.2 2.7 0.4 – 6.6 – 14.4 1.3
6 K-30 3.1 22.0 – – – 21.0 11.0 0.5


[a] Products were identified by comparison of their retention times and mass spectra with those of authentic
samples. [b] Quantitative evaluations were performed by capillary gas-chromatographic analysis as described in
the experimental section. Because of the uncertainty of the number of formamide molecules involved in the
synthesis of the recovered products the yields were calculated as mg of product formed per gram of forma-
mide. [c] Products isolated by flash chromatography and identified by 1H and 13C NMR spectra.


Table 3. Selected mass spectrometry data of compounds 2–9.[a]


Products m/z (%)


Purine (2) 120 (100) [M] , 93 (37) [M�HCN], 86 (19) [M�2HCN]
Adenine (3) 135 (100) [M] , 108 (38) [M�HCN], 81 (18) [M�2HCN], 66


(21) [M�69], 54 (28) [M�3HCN]
Hypoxanthine
(4)


136 (100) [M] , 109 (3) [M�HCN], 81 (8) [M�HCN�CO],
54 (23) [M�2HCN�CO], 28 (45)


AICA (5) 126 (100) [M] , 110 (58) [M�NH2], 99 (37) [M�HCN], 82
(16) [M�NH2CO]


fAICA (6) 154 (100) [M] , 138 (41) [M�NH2], 125 (36) [M�HCO],
110 (68) [M�HCONH]


N9-formylpur-
ine (7)


148 (100) [M] , 121 (8) [M�HCN], 92 (18)
[M�HCN�HCO], 66 (28) [M�2HCN�HCO]


Cytosine (8) 111 (100) [M] , 95 (20) [M�NH2], 83 (28) [M�CO], 69 (45)
[M�NCO], 41 (58) [M�HNCO�HCN]


Uracil (9) 112 (100) [M] , 69 (74) [M�HNCO], 42 (21)
[M�HCNO�HCN]


[a] Mass spectrometry was performed with a Hewlett-Packard 5971 mass-
selective detector on a Hewlett–Packard 5890 III gas chromatograph with
FID detector. Samples were analyzed after treatment with N,N-bis-tri-
methylsilylacetamide and pyridine.
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Adenine and purine : All montmorillonites catalyze the syn-
thesis of 2 and 3, K-30 being the best catalyst for the produc-
tion of adenine (Table 2, entry 6). The reaction mechanism for
the formation of purine by heating pure 1, or by heating 1 in
the presence of HCN, was previously studied by 13C,15N-cou-
pling experiments by using doubly enriched HCN and forma-
mide.[57] These studies indicated that the adenine ring is built
up from three molecules of HCN and two molecules of 1,
while the purine scaffold is formed by two molecules of HCN
and three of 1. Probably, the formamide decomposition to
HCN in the presence of montmorillonites was an important
variable for the synthesis of 2 and 3.


A hidden glycosidic bond : The presence of ammonium for-
mate in the reaction mixture may be responsible for the recov-
ery of N9-formyl purine 7 supplying the formyl group at the
N9-position of the purine ring. As shown previously,[44] com-
pound 7 may be an important precursor of purine acyclonu-
cleosides under “formose reaction” conditions, mainly because
it contains a masked glycosidic bond in the N9-formyl moiety.


Pyrimidines : Cytosine 8 was always observed to be a signifi-
cant product, KSF being the best catalyst (Table 2). Because the
formation of a carbon–heteroatom bond is easier than that of
a carbon–carbon bond, prebiotic syntheses of cytosine have
usually been accomplished by condensation of three-carbon
precursors with urea and urea-like derivatives.[58] The most
prominent carbon fragments used for these transformations
were cyanoacetylene and cyanoacetaldehyde.[59–62] However,
these carbon fragments are not elemental precursors due to
the presence of preformed carbon–carbon bonds and they can
react with common nucleophiles more readily than forming 8.
These observations made the role of 8 in the origin of life con-
troversial.[63] Thus, the synthesis of 8 directly from formamide is
of special interest in the development of plausible prebiotic
scenarios including cytosine. The formation of uracil (9) is in
agreement with the well-known deamination process of cyto-
sine.[64–65] This reaction is pH dependent, and shows its minimal
rate in the pH range of 6–9. Given that acids catalyze the de-
amination process by protonation of the cytosine, the Lewis
and Brønsted acidities of montmorillonites are presumably the
major player in the formation of 9.


Degradations


Different factors control the interaction of nucleic acids with
clays, such as the type of clay,[66] the pH of the reaction
medium,[34–36] the size and molecular structure of the nucleic
acid[27,67] and the ionic strength.[66] In general, the decrease of
the pH and the increase of the concentration of cations favour
the adsorption process, probably due to the lowering of the
electrostatic repulsion between the phosphate moiety and the
clay surface. Purines are adsorbed more readily than pyrimi-
dines in the presence of monovalent and divalent cations[68]


even though double-stranded DNA molecules with different
G+C content are adsorbed equally well.[28] There are no data
on the tuning of the reactivity of polynucleotides with amides
in the presence of montmorillonites. We have investigated the
reaction of formamide with selected 2’-deoxyoligonucleotides,


dubbed polyA, polyG, polyT and polyC, in the presence of
montmorillonites.
The degradation pathway of purine[39] and pyrimidine[40]


bases into oligonucleotides by formamide alone has previously
been described. The decreasing order of sensitivity of the nu-
cleobases is : purine, inosine, guanine>adenine>cytosine@
thymine, this last compound being quite resistant. The chemi-
cal mechanisms involved have been determined.[39,40] For pu-
rines, degradation occurs by nucleophilic attack at the C-8 po-
sition, leading to degradative ring opening of the imidazole
ring. For pyrimidines, degradation occurs by nucleophilic
attack at the C-6 or at both C-4 and C-6 positions.[43] Following
degradation and removal of the heterocyclic purine or pyrimi-
dine bases, the two reactive protons Ha and Hg (as indicated
in Scheme 2) are available for b-elimination reactions. This


leads to cleavage of 3’- and 5’-phosphodiester bonds, respec-
tively. In the presence of a weak base, such as formamide, the
cleavage of the 3’-phosphodiester bond occurs preferentially,
based on known chemistry and on previous observations.[41,42]


Accordingly, when a 5’-labelled DNA strand is treated with for-
mamide, two bands are observed for each degraded base, cor-
responding to the cleavages of the couple of phosphodiester
bonds occurring at the 5’- and the 3’-end. The 5’-b-elimination
being less efficient than that at the 3’-end, the band produced
by this cleavage can be clearly observed only on 5’-end-label-
led DNA molecules, favoured by its occurrence in the label-
proximal position. Alternatively, when the formamide cleavage
reaction is performed on 3’-end-labelled DNA molecules, the
cleavage at the 5’-end is label-distal and is masked by the
robust band generated at the 3’-label-proximal side. Compari-
son of the effects of different amounts of montmorillonites on
the polyA degradation by formamide under standard condi-
tions revealed that Al-PILC and KSF have a similar reactivity,
while KP-10 and K-30 were both essentially inert (data not
shown). Thus, Al-PILC was selected as a model for reactive


Scheme 2. The cleavage of the 3’- and 5’-phosphodiester bonds by formamide.
Schematic representation of the degradation of the sugar moiety indicating the
two different b-eliminations.
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montmorillonites and its effects on the reaction of formamide
with 2’-deoxyoligonucleotides were studied in detail.


Degradation of polyA


Experiments were performed on a 46 bp oligomer made of a
30 bp polyA–polyT central segment and of mixed-sequence
terminal segments (as described in the Experimental Section),
labelled at the 5’- (Figure 1, panel A) or at the 3’-end (Figure 1,
panel B) of the polyA strand. Treatment of the polyA–polyT
oligomer with formamide in the presence of the amounts of
Al-PILC indicated at the top of the lanes, shows the selective
inhibition of the 3’-cleavage by the clay. At a concentration
higher than 100 ngmL�1, the 3’-cleavage is abolished, favour-
ing the detection of the cleavage at the 5’-end (panel A).
The cleavage pattern of the 3’-end labelled oligomer


(panel B) confirms this interpretation. With this terminal label-
ling, the decreased intensity of the 3’-cleavage at Al-PILC con-
centrations higher than 100 ngmL�1 allows the detection of
the otherwise hidden 5’-cleavage. This cleavage is still ob-
served at high Al-PILC concentrations. Moreover, the reactivity
towards formamide of the adenine base itself appears to de-
crease as a function of the increase of Al-PILC (arrowed in
Figure 1, panel B, top right). In conclusion, montmorillonite
modifies the b’-elimination reactions occurring at both the 5’-
and 3’-ends of a degraded adenosine residue by markedly and


selectively inhibiting the 3’-b-elimination and exerting little
effect on the cleavage of the 5’-phosphodiester bond.


Degradation of PolyG


The strong reactivity of guanines to formamide is well estab-
lished.[39,41] Accordingly, the oligomer containing the 30 bp
polyG stretch (Figure 2, panel A) is rapidly degraded in shorter
reaction times (see legend). At clay concentrations higher than
100 ngmL�1, aggregates form that are difficult to dissolve and
do not migrate into the gel (data not shown). Both the high
reactivity and the consequent fast elimination of both 5’- and
3’-phosphodiester bonds,[39,41] and the tendency to form aggre-
gates with clays prevent an analysis for polyG that is as infor-
mative as the one that can be performed on polyA. Conse-
quently, the effect of Al-PILC on the polyG-containing DNA
oligomer was not studied in further detail. Anyhow, the protec-
tion of the G residues by Al-PILC towards degradation by for-
mamide can be clearly observed on the G residues when em-
bedded in the mixed sequences polymer present in the polyT
construct (see Figure 2, panel B).


Degradation of PolyT


Thymine residues are highly resistant to formamide.[39,41] Analy-
sis of the polyT-containing oligomer (Figure 2, panel B) shows


that, at high Al-PILC concentra-
tion, both 5’- and 3’-b-elimina-
tions take place with equivalent
intensity, due to an appreciable
and unprecedented[39,40] degra-
dation of the T-residues. The
upper part of the gel (above the
arrowhead, showing the mixed-
sequence component of the
oligomer, as indicated) was ex-
posed a third of the time relative
to the polyT-containing lower
part of the gel in order to facili-
tate its quantitative evaluation.
The data reported in the pre-


vious sections for polyA and
polyG, and for polyC below, are
confirmed in their general trend
in this mixed-sequence tract
analysis. However, it should be
noted that the intensity of the
bands in a mixed-sequence tract
is influenced by the reactivities
of the bases that are in a more
label-proximal position. The re-
sulting information is therefore
biased by a context effect. This
fact is mentioned here in order
to point to the necessity of the
use of homogeneous polymers
in this type of assays and to the


Figure 1. Degradation of a 46 bp oligonucleotide containing an homogeneous polyA stretch by formamide in the
presence of increasing amounts of Al-PILC montmorillonite (mgmL�1). Panel A) 5’-end labelled. Panel B) 3’-end label-
led. The reactions were performed in the presence of the amount of montmorillonite indicated on top of each lane.
The sequence of the heterogeneous tract present at the 5’-end is indicated. The order of the DNA sequence sensitivity
to formamide is G>A>C>T.[39] One couple of bands resulting from both the 5’- and the 3’-b-eliminations relative to
a given degraded base (see text) is indicated. In the lowest part of the gel in panel B, allowing the highest resolution,
the bands resulting from the 5’- and 3’-cleavages for each given base tend to mingle due to relative differential migra-
tions; this leads to difficult local assignments. This problem is irrelevant for the overall interpretation of the analysis.
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risk of using a mixed-sequence analysis as an analytical short-
cut.


Degradation of PolyC


The effect of montmorillonite on the polyC-containing oligo-
mer is minor (Figure 2, panel C). The intensity of the homoge-
neous stretch is essentially unaffected, while that on the
mixed-sequence tract confirms the described inhibition of the
formamide reaction on As and Gs.


Discussion


The data reported here show that montmorillonites KP-10, K-
30, KSF and Al-PILC are selective catalysts for an unprecedent-
ed one-pot synthesis of purine and pyrimidine nucleobases
starting from a one-carbon atom fragment as simple as form-
amide.
Among the main four nucleobases found in RNA the two


pyrimidines and one purine, adenine, were contemporarily ob-
tained in yields that are quite high for a prebiotic process.
Montmorillonite K-30, characterized mainly by Lewis acidity,
was the best catalyst for the synthesis of both adenine and cy-
tosine, while the highest yield of uracil was obtained with KSF.
CaAl-PILC, which is a neutral clay, was only able to catalyze the
synthesis of purine; this showed the relevant role played by
the acidity of montmorillonite on the reaction pathway. On the
basis of data previously reported, HCN and NH3 (which are
formed by decomposition of formamide) were essential re-
agents for the construction of the purine and pyrimidine scaf-


folds. Uracil was probably ob-
tained from cytosine by a deami-
nation process.
Three compounds (AICA,


fAICA and hypoxanthine) that
were not previously obtained
from formamide alone, were re-
covered in acceptable yields. Ri-
bosyl derivatives of AICA and
fAICA are intermediates in the
late steps of the biosynthesis of
inosine monophosphate.


N9-formylpurine was also re-
covered when the condensation
of formamide was performed in
the presence of KP-10 and K-30.
In these latter cases, ammonium
formate, a product of hydrolysis
of formamide, was the donor of
the formyl moiety, in agreement
with data previously reported.[53]


N9-formylpurine is of great rele-
vance in the prebiotic synthesis
of nucleoside derivatives be-
cause it contains a masked gly-
cosidic bond. In fact, we have
previously shown that formyl pu-


rines react with formaldehyde (generated in situ from forma-
mide and TiO2) at the formyl moiety to give purine acyclonu-
cleosides.[44] The formation of the glycosidic bond between nu-
cleobases and sugars is a difficult synthetic step, and major
problems arose in demonstrating this condensation under pre-
biotic experimental conditions.[51,69] Apart from the synthesis
of cytosine arabinonucleoside, no prebiotic condensation of
uracil or cytosine with ribose is known.[70] The synthesis of acy-
clonucleosides reported here opens novel scenarios for the for-
mation of nucleic acids on primitive Earth.
We also observe that montmorillonites tune the reactivity of


formamide with 2’-deoxyoligonucleotides. Two major models
of interaction between oligonucleotides with clays have been
suggested. In the first, the oligonucleotides are partially ad-
sorbed and bound to the mineral surface, a part of the mole-
cule interacting on the edges of the clay.[71] The second model
claims that one end of the oligonucleotide is bound to the
clay surface, while the other part remains unbound.[72] At the
nucleobase level, purines interact with the clay surface more
efficiently than pyrimidines. In the specific case of adenine or
adenyl moieties of the GAAA RNA hairpin tetraloop, the an-
chorage site on the electronegative montmorillonite surface
was suggested to be the electropositive C-6 amino group.[73]


Moreover, the role of inorganic cations in the binding of oligo-
nucleotides on clays has been described (the so called “cation-
bridge model”).[36] As shown in Table 1, the pH value of the fil-
tered suspension for Al-PILC is 4.5. At this pH value DNA is effi-
ciently adsorbed on montmorillonite.[74] In agreement with this
observation, the oligonucleotides used for the formamide reac-
tions remained bound to the Al-PILC surface, and treatments


Figure 2. Degradation of the 46 bp oligomers containing 3’-labelled polyG (panel A), polyT (panel B) and polyC (panel
C) stretches. Experimental conditions as in Figure 1, except for the reaction time with polyG: 10 min. For polyT: two
different autoradiographic exposures of the gel are shown (see text).
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with defined amounts of sodium pyrophosphate were necessa-
ry to desorb the reaction products and analyze the samples. It
should be noted that, under these experimental conditions,
the oligonucleotides were not in equilibrium with the solution,
as evaluated by repeated washings with doubly distilled H2O.
Thus, the reactivity of oligonucleotide/Al-PILC complexes with
formamide can be conveniently used as a probe for the specif-
ic interactions between nucleobases and the mineral surface.
Irrespective of considering the generally accepted model, our
observations imply that relevant modifications of the confor-
mation of nucleobases and of their electronic distributions
occur upon the interaction of the oligonucleotides with clays,
as described below.
When treating oligonucleotides with formamide, two differ-


ent reaction pathways have to be taken into account: a) the
reactivity of the single nucleic bases, and b) the reactivity of
the polynucleotide backbone (as measured by the 3’- and the
5’-b-elimination processes).


a) Data reported in Figures 1 and 2 show that the degrada-
tion of the purines in polyA and polyG molecules is inhibit-
ed by high concentrations of Al-PILC, as indicated by the
decrease of the band intensities both in homopolymeric
stretches and in the mixed sequence segment. As for pyri-
midines, cytosine is unaffected, whereas degradation of
thymine is moderately activated. The differential behaviour
of purines and pyrimidines towards formamide in the pres-
ence of Al-PILC is possibly due to different sites of com-
plexation of the base with the negatively charged mineral
surface or with cation bridges. The fact that different metal
binding sites exist in nucleobases is well documented. En-
docyclic atoms in guanine (N-7), adenosine (N-7 and N-1),
cytosine (N-3), and thymine (N-3) are the major binding
sites for metal ions.[75] Exocyclic NH2 groups of adenine and
cytosine are poor ligands even when deprotonated.[75] As
previously reported, adenine and guanine react selectively
with formamide by nucleophilic addition to the C-8 posi-
tion of the purine ring.[39,41] Thus, the decreased reactivity
of purine nucleobases into polyA and polyG upon in-
creased concentration of Al-PILC might be explained by
the formation of complexes at the N-7 position and/or at
the exocyclic NH2 group. In both cases the electronic distri-
bution and the steric hindrance of the adjacent C-8 posi-
tion of the bases is highly modified, thus justifying a novel
pattern of reactivity. In the case of pyrimidines, this effect
is less pronounced, probably because of the known minor
efficiency of pyrimidines in the complexation with clay.


b) The effect of Al-PILC on the polynucleotide backbone reac-
tivity is unprecedented and selective. In the polyA context,
the predominant 3’-b-elimination is strongly inhibited
(Figure 1, panels A and B), while that at the 5’-end decreas-
es only at much higher concentrations. In the polyC con-
text (Figure 2) on the other hand, the 3’-b-elimination is
moderately affected only at high concentration of the clay.
The 5’-b-eliminations are observed neither for polyG nor
for polyC. An interesting, different behaviour is shown by
the polyT homopolymer: both 3’- and 5’-cleavages occur


with the same efficiency, and only at high clay concentra-
tion. Given that the cleavage of the phosphodiester bonds
occurs after the degradation of the corresponding base
(that is, in its absence), these effects are probably explained
by sequence-related chemical context effects on the sugar
moiety. It is known that the binding of nucleotides to
metal ions may distort the geometry of the molecule. Un-
fortunately, the determination of the effects of metal ions
on the conformation of nucleotides in the presence of co-
ordination to the nucleobase or to the sugar alone is still
lacking.[76] Thus, we can only hypothesize that the interac-
tion of the oligonucleotide with montmorillonites modifies
the sugar packaging modes. This would favour or disfavour
a specific b-elimination process (i.e. , 3’- versus 5’-cleavage)
depending on the nature of the nucleobases proximal to
the reactive site and on the type of interaction with metal
ions on the clay surface.


Conclusion


In conclusion, a whole set of nucleic acid precursors has been
obtained by condensation from a one-carbon prebiotic precur-
sor in the presence of montmorillonites. The physicochemical
conditions used in our catalytic system (temperature up to
160 8C and acid clay minerals) are consistent with a volcanic
prebiotic Earth scenario. The molecules produced are unstable
in the very conditions that lead to their synthesis : moderately
high temperatures and continued presence of formamide.
Framed in an origin-of-life perspective, these syntheses would
therefore be part of an ideal and genetically futile cycle of
synthesis and degradation unless provided with a way-out
towards stabilization. We hypothesize that polymerization
itself—obtained in an as yet undefined physicochemical sce-
nario—could provide such a way-out.
The pioneering observations that the rate of hydrolysis of


N-glycosyl bonds in deoxynucleosides is higher than that in
deoxynucleotides,[80–82] and that the rate of hydrolysis of free
deoxynucleosides[77,78] is 10–50 times higher relative to the rate
of cleavage of N-glycosyl bonds in single-stranded DNA[79] sup-
port this hypothesis.


Experimental Section


Materials : Formamide (Fluka, >99%), montmorillonites K-10, KSF,
Al-PILC, K-30 (Fluka) and 6-methoxypurine (Aldrich) were used
without further purification. Homoionic calcium Al-PILC (CaAl-PILC)
was made by following the procedure previously reported.[36] Gas
chromatography and mass spectrometry was performed by the
use of a HP5890II gas chromatograph and by a Shimadzu GC-MS
QP5050A spectrometer equipped with an AlltechR AT-20 column
(0.25 mm, 30 m). 1H and 13C NMR spectra were recorded on a
Bruker (200 MHz) spectrometer, and chemical shifts are reported in
ppm. Microanalyses were performed with a C. Erba 1106 analyzer.
Chromatographic purifications were performed on columns packed
with Merck silica gel, 230–400 mesh for flash technique. TLC was
carried out by using Merck Platten Kieselgel 60 F254.
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Formamide condensation : Formamide (5.7 g, 5 mL, 0.12 mmol)
was heated at 160 8C for 48 h in the presence of the appropriate
montmorillonite (2% w/w). The reaction mixture was allowed to
cool, filtered to remove the catalyst and evaporated under high
vacuum.


Gas chromatography and mass spectrometry of the crude reaction
mixture were performed by using an isothermal temperature pro-
file of 100 8C for the first 2 min, followed by a 10 8Cmin�1 tempera-
ture gradient to 280 8C and finally an isothermal period at 280 8C
for 40 min. The injector temperature was 280 8C. Chromatography
grade helium was used as carrier gas. The fragmentation patterns
were compared with those of authentic samples. 6-methoxypurine
was used as an internal standard. When necessary, the crude reac-
tion was purified by flash chromatography (CHCl3/CH3OH 9:1), and
the structures of isolated products were confirmed by spectroscop-
ic techniques (1H and 13C NMR) and by comparison with authentic
commercial samples.


Selected data for compounds 5–7:


5-aminoimidazole-4-carboxamide (5): m.p. 242–244 8C (lit. 250–
252 8C); 1H NMR (200 MHz, CDCl3): d=7.05 (br s, 2H; NH2), 7.39 (s,
1H; H2), 7.86 (br s, 3H; NH and NH2);


13C NMR (200 MHz, CDCl3):
d=118.95 (C), 137.87 (CH), 138.68 (C), 163.18 (C); for mass spec-
trometry data see Table 3.


5-formamidoimidazole-4-carboxamide (6): 1H NMR (200 MHz,
CDCl3): d=8.45 (s, 1H; CHO), 7.5–8.0 (br s, 4H; NH2), 6.71 (s, 1H;
CH); 13C NMR (200 MHz, CDCl3): d=163.56 (C), 156.97 (C), 140.04
(CH), 139.47 (C), 102.26 (C); for mass spectrometry data see Table 3.


N9-Formyl-purine (7): 1H NMR (200 MHz, CDCl3): d=5.11 (br s, 2H;
NH), 5.89 (s, 2H; NH2), 6.55 (s, 1H; H2), 6.67 (br s, 2H; NH2), 11.56
(br s, 1H; NH); 13C NMR (200 MHz, CDCl3): d=106.66 (C), 133.50 (C),
140.34 (CH), 150.76 (C), 171.22 (C); for mass spectrometry data see
Table 3.


DNA substrates : The differential effects of montmorillonites on
the degradation of polynucleotides was studied on homogeneous
or mixed-sequence polymers. The overall approach consisted of
the analysis of the degradation products of the following synthetic
2’-deoxyoligonucleotides: a) Homogeneous segments: two short
mixed-sequence tails (10 and 6 bases, respectively) and a central
30-base homogeneous stretch of Gs, As, Cs or Ts. b) Mixed-
sequence segment: a heterogeneous 40-base sequence.


Oligonucleotides used in the degradation of homogeneous se-
quences were:


Oli1: 5’-ACCTAACCGG[G]30CCGGTT-3’


Oli2: 5’-ACCTAACCGG[A]30CCGGTT-3’


Oli3: 5’-CCCGAACCGG[C]30CCGGTT-3’


Oli4: 5’-CCCGAACCGG[T]30CCGGTT-3’


These oligonucleotides were designed to be pair-wise complemen-
tary (Oli1 with Oli3 and Oli2 with Oli4). Upon annealing, 4-nucleo-
tide-long 5’ protruding tails remained at both ends that could be
used for selective labelling, as described.[44]


The mixed sequence used was made of Oli5 (40 bases) and Oli6
(44 bases) and was analyzed as described above:


Oli5: 5’-GTAACTCGGTGTTAGAGCCTGTAACTCGGTGTTAGAGCCT-3’


Oli6: 5’-CCGAAGGCTCTAACACCGAGTTACAGGCTCTAACACCGAGT-
TAC-3’


For both homo- and heterogeneous sequence oligonucleotides,
the degradation conditions used in this assay generally cause less
than one hit per molecule, as shown by the regularity of the cleav-
age patterns and by the presence of a substantial amount of un-
reacted molecules.


Degradations of oligonucleotides by formamide and montmoril-
lonite : Each oligonucleotide (2 mg) was annealed with the same
amount of the complementary oligomer and labelled with
[g-32P]dATP (Oli3 and Oli4) or with [g-32P]dCTP (Oli1 and Oli2). Label-
ling was performed by using the T7 Sequenase (USBC-Amersham
Biosciences), the labelled oligomer was purified on a 10% denatur-
ing acrylamide gel (acrylamide/bisacrylamide 19:1). The polyacryl-
amide was removed by a NuncTrap Probe Purification Column
(Stratagene), 2 pmol (typically 30000 counts per minute) of DNA
were processed for each sample. The DNA was precipitated with
ethanol and resuspended in formamide (5 mL, Fluka). 97% form-
amide (10 mL) containing the indicated amounts of Al-PILC mont-
morillonite were added. After 20 min at 110 8C, a solution of tetra-
sodium pyrophosphate (5N10�4m, final concentration, Sigma) dis-
solved in water was added to a final volume of 50 mL. The samples
were vortexed for 1 min, then centrifuged at 13000 rpm for
20 min. The wash was combined, precipitated with ethanol, resus-
pended in formamide buffer (5 mL), heated for 2 min at 95 8C and
loaded on a 16% denaturing polyacrylamide gel (acrylamide/bis-
acrylamide 19:1). For the analysis of the effect of formamide–mont-
morillonite on the heterogeneous sequence, the oligonucleotides
indicated above were labelled with [g-32P]dCTP.
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Introduction


Significant changes in society
and the environment contribute
to the emergence of multi-
drug-resistant bacteria and dif-
ferent cancer tumours. The
search for new and more
potent compounds has become
one of the important tasks of
pharmaceutical and medical sci-
ences. Therefore, the carbo-
hydrate-containing metabolites,
which show many different bio-
logical activities, are of great in-
terest.[1] Molecular biological en-
gineering of glycoside moieties
is a promising tool for the rational design of natural products,
and a number of new “unnatural” antibiotics have been gener-
ated by these attempts.[2, 3, 4] Surprisingly, little is known about
the “extending” glycosyltransferases involved in the biosynthe-
sis of oligosaccharide antibiotics.


Landomycin A, a member of the angucycline group of anti-
biotics, is produced by Streptomyces cyanogenus S136. This
compound contains an unusual hexasaccharide side chain con-
sisting of four d-olivose and two l-rhodinose moieties.[5] Land-
omycin A inhibits [H3]thymidine uptake in murine smooth
muscle and cell-cycle progression[6] and displays strong antitu-
mour activities, in particular against prostate cancer lines.[7] Its
unusual activities are due to the oligosaccharide chain, as land-
omycins with shorter sugar side chains express much weaker
antitumour activity.[8] As the hexasaccharide chain is involved
in DNA binding of the drug, it is a very interesting and unique
structural element. Only four glycosyltransferases (LanGT1,
LanGT2, LanGT3 and LanGT4) are responsible for the formation
and attachment of the hexasaccharide chain.[9] LanGT1 is an
olivosyltransferase, and LanGT4 is a rhodinosyltransferase, as
demonstrated by heterologous expression of the responsible
genes.[2] However, details of the biosynthesis of the hexasac-
charide side chain are so far not well understood. One reason


for this was that for a long time no protocol for the genetic
engineering of the producer strain S. cyanogenus S136 was
available, but Fedorenko and co-workers have recently devel-
oped a conjugation protocol that can now be used for the in-
troduction of genes into the strain.[10]


Such a targeted gene inactivation experiment has now been
successfully applied to elucidate the function of LanGT3 as an
olivosyltransferase attaching the fourth sugar of the growing
side chain of landomycin A.


The glycosyltransferase gene lanGT3, involved in the biosynthesis
of the angucyclic antibiotic landomycin A, has been characterised
by targeted gene deletion. A lanGT3 mutant was shown to pro-
duce landomycin E, which consists of a trisaccharide side chain


attached to the polyketide moiety. Expression of lanGT3 in the
mutant restored landomycin A production. Our results indicate
that LanGT3 is responsible for the transfer of the fourth sugar
during landomycin A biosynthesis.
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Results and Discussion


Inactivation of the lanGT3 gene


Identification of the function of LanGT3 was performed by tar-
geted gene disruption, which was achieved by homologous re-
combination between plasmid pOJDGT3 (Experimental Sec-
tion) carrying the deleted lanGT3 gene and the chromosomal
allele of this gene in S. cyanogenus S136. LanGT3 disruption
was achieved after a second crossover introducing the deleted
lanGT3 into the chromosome. The mutated region in lanGT3
was confirmed by Southern hybridisation and sequencing
analysis.


For complementation, plasmid pKCGT3—consisting of
lanGT3 ligated behind the ermE promotor—was introduced
into the mutant strain by intergeneric conjugation. As lando-
mycin A production was restored, we were able to rule out
any upstream or downstream polar effects.


Chromatographic separation of metabolites produced by
S. cyanogenus DlanGT3


No landomycin A could be detected in extracts of the lanGT3
mutant. A new landomycin derivative, with a UV/Vis spectrum
identical to that of landomycin A, was produced instead. HPLC-
MS investigations revealed the molecular mass of the new
compound to be m/z=711 amu. The mass difference with
landomycin A (374 amu) exactly matches the mass of the tri-
saccharide l-rhodinose-d-olivose-d-olivose. From this result we
concluded the new metabolite to be landomycin E, bearing
half of the hexasaccharide chain of landomycin A.


Structure elucidation


The S. cyanogenus DlanGT3 mutant accumulates only one
major product, which was identified as the known compound
landomycin E by TLC, HPLC-MS and NMR spectroscopy. The
NMR data (1H, 13C; see Table 1) revealed that this compound
consists of 37 carbons and of 44 protons; this is consistent
with the molecular formula of landomycin E (C37H44O14, MW=


712.75 g mol�1). Relative to the spectra of landomycin A, the
signals of three sugar moieties were missing, while the remain-
ing signals indicated one rhodinose and two olivose moieties.
The TLC, HPLC, UV, NMR and MS data were identical with
those of the previously described landomycin E.[8]


General implications


The unique landomycin A hexasaccharide is a deoxyoligosac-
charide containing four 2,6-dideoxy-glycosydic linkages and
two 2,3,6-trideoxy-glycosidic linkages. This is the longest
glycan so far reported in the family of angucycline and anthra-
cycline antibiotics.[1] The chemical synthesis of the landomyci-
n A hexasaccharide chain has been reported by several groups,
indicating the great importance of this side chain.[11, 12] This
process is very laborious, yields are low, and the stereochemi-
cal control is poor,[12] so knowledge about the biosynthesis of
this unique hexasaccharide is of particular interest. Recently,
we reported that four glycosyltransferases—LanGT1, LanGT2,
LanGT3 and LanGT4—are necessary to compose the hexasac-
charide chain during landomycin A biosynthesis.[9] From se-


Table 1. 1H and 13C NMR data for landomycin E.[a]


Position d 1H [ppm] Multiplicity d 13C [ppm]
(J [Hz])


1 156.3
2 6.62 s 117.8
3 142.9
3-CH3 2.30 s 21.4
4 6.71 s 123.1
4 a 139.3
5 a 2.85 dd (16.5, 3.5) 37.7
b 2.99 dd (16.5, 2)
6 5.14 m 60.2
6 a 145.1
7 182.4
7 a 120.3
8 151.2
9 7.49 d (9.5) 131.4
10 7.22 d (9.5) 126
11 158.3
11 a 116.8
12 191.1
12 a 140.5
12 b 116.2
1 A 5.13 dd (10, 1.5) 99.9
2 A a 1.81 ddd (12, 12, 10) 39.1
e 2.57 ddd (12, 5, 1.5)


3 A 3.60–3.69 m 70.0
4 A 3.11 dd (9, 9) 88.7
5 A 3.39–3.47 m 71.6
5 A-CH3 1.28 d (6) 18.4
1 B 4.64 dd (9.5, 1.5) 101.8
2 B a 1.39–1.49 m 37.4
e 2.35 ddd (12, 5, 1.5)


3 B 3.60–3.69 m 78.0
4 B 3.07 dd (9, 9) 76.0
5 B 3.39–3.47 m 73.2
5 B-CH3 1.35 d (6) 18.1
1 C 4.95 br s 96.2
2 C a 1.39–1.49 m 24.8
e 2.00–2.15 m


3 C a 1.66 m 26.4
e 2.00–2.15 m


4 C 3.55 br s 67.3
5 C 4.19 dq (7, 1.5) 68.0
5 C-CH3 1.143 d (6.5) 17.6


[a] 1H NMR data were recorded at 400 MHz in CD3OD, 13C NMR data at
75 MHz in [D6]acetone.
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quence similarities, LanGT2 is believed to be responsible for
the attachment of the first sugar to the polyketide moiety.
LanGT1 was shown to be a d-olivosyltransferase catalysing the
attachment of the sugar to the 4-OH group of a d-olivose al-
ready attached to a polyketide-derived aglycon.[2, 13] LanGT4
was shown to be a rhodinosyltransferase, exhibiting broad
substrate specificity.[13, 15] In this study we now report that
LanGT3 is involved in the attachment of the fourth sugar of
the hexasaccharide chain. In contrast to LanGT1 and LanGT4,
this enzyme seems to be much more specific, as we were not
able to synthesize novel urdamycin derivatives when express-
ing lanGT3 in different S. fradiae mutants.


The exact role of each glycosyltransferase in landomycin A
biosynthesis still remains to be elucidated, but it is now clear
that LanGT3 is a d-olivosyltransferase that introduces the
fourth sugar of the hexasaccharide side chain (Scheme 1). The


broad substrate specificity of LanGT1 and LanGT4 indicates
that both enzymes work iteratively, both twice on the growing
chain. In contrast LanGT3 shows very narrow substrate specific-
ity and acts only once during landomycin A biosynthesis.


Experimental Section


General genetic manipulation : Standard molecular biology proce-
dures were performed as described.[14] Isolation of E. coli DNA, DNA
restriction, DNA modification (such as filling sticky ends) and
Southern hybridisation were performed by the protocols of the
manufactures of the kits, enzymes and reagents (Amersham Phar-
macia, Boehringer Mannheim, Promega, Stratagene).


Intergeneric conjugation between E. coli and S. cyanogenus : In-
tergeneric conjugation between E. coli and S. cyanogenus was per-
formed as described earlier.[10] A frozen mycelial culture of S. cyano-
genus (1 mL) was diluted in TS broth[14] (9 mL) and was agitated at


28 8C and 180 rpm for 16 h. A proportion of this seed culture
(2 mL) was transferred into fresh TS broth (18 mL). The culture was
again agitated at 28 8C and 180 rpm for 16 h. The mycelium was re-
covered by centrifugation, washed once in fresh TS broth and re-
suspended in TS broth (2 mL; recipient culture). The E. coli donor
ET12567 (pUB307) was grown at 37 8C for 16–18 h in LB medium
plus apramycin (25 mg mL�1) and kanamycin (25 mg mL�1). Cells
were pelleted, washed once in LB medium and resuspended in TS
broth (1 mL; donor culture). Equal volumes of donor and recipient
cultures were combined, and samples (300 mL) were plated on oat-
meal medium [oat (30 g L�1), agar (18 g L�1), pH 7.2] . Plates were in-
cubated at 28 8C for 14–16 h and then covered with water (1 mL)
containing nalidixic acid (1 mg) and apramycin (0.5 mg) for selec-
tion of exconjugants. Incubation at 28 8C was continued for 7–9
days until exconjugants appeared.


Construction of gene inactivation and complementation plas-
mids : The 2.2 kb BamHI-SacI fragment from cosmid H2–26 contain-


ing lanGT3 gene was ligated into the same sites of
pUC19 to yield plasmid pUClanGT3. A unique NotI re-
striction site inside the gene lanGT3 was chosen for tar-
geted inactivation by shifting the reading frame. After
NotI restriction, treatment with the Klenow fragment of
E. coli DNA polymerase I and religation, the intended al-
teration was checked by DNA sequencing. The 2.2 kb
fragment was inserted into the BamHI-EcoRI sites of
pOJ260 mel to yield the inactivation construct pOJ-
lanGT3.


A plasmid for the complementation of the lanGT3
mutant was generated by ligation of a 2.2 kb BamHI-
EcoRI fragment from pUClanGT3 to the expression
vector pKC1218ermE.


Landomycin E production and purification : The S. cya-
nogenus DlanGT3 mutant strain was grown in SG
medium [soybean meal (10 g L�1), glucose (20 g L�1),
CaCO3 (2 g L�1), CoCl2 (1 mg L�1), starting pH 7.2] for
4 days at 30 8C in a rotary shaker at 200 rpm. The culture
broth was adjusted to pH 7 and extracted with an equal
volume of ethyl acetate. Extracts were dried in vacuo,
dissolved in CHCl3 and purified by column chromatogra-
phy on silica gel (column 2.5 M 25 cm, CHCl3/MeOH 96:4).
Yield of pure landomycin E: 25 mg L�1.


HPLC-MS : HPLC/MS was performed on a Waters Alliance
2695 system, equipped with a Waters 2996 photodiode


array detector and a Micromass ZQ 2000 mass spectrometer with
an APCI probe (solvent A: 0.1 % formic acid in H2O; solvent B: ace-
tonitrile; flow rate=0.5 mL min�1; 0–6 min 75 % A and 25 % B to
100 % B, linear gradient, 6–7 min 100 % B, 7–7.5 min 100 % B to
75 % A and 25 % B [linear gradient], 7.5–10 min 75 % A and 25 %
B). We used a Waters Symmetry C-18 column (4.6 M 50 mm, particle
size 5 mm). The column temperature was 23 8C and the UV detec-
tion wavelength was 451 nm. Under these conditions landomycin E
was detected at a retention time of 4.79 min, showing the typical
UV spectrum of the landomycins and a mass of 711 in the negative
mode APCI ([M�H]� , 52 %; 337, 100 %, landomycinone, M-olivose-
olivoserhodinose).
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The nontrivial nature of carbohydrate recognition, be it in
apolar or aqueous media, confronts the creation of truly effec-
tive saccharide receptors.[1] Understanding how biological sys-
tems continue to resolve this persistent problem and sculpt
exquisite macromolecular assemblies that mediate events such
as cell adhesion and signaling,[2] offers hope for unveiling
hidden principles for carbohydrate receptor design. Presented
herein is the direct thermodynamic basis of sialooligosacchar-
ide specificity of a cell-surface protein, Siglec[3a,b] (sialic acid-
binding immunoglobulin-like lectin) ; this reveals a hitherto
under-appreciated[4] entropically assisted aspect of carbohy-
drate–protein recognition. The best-characterized lectins dis-
play unfavorable entropy changes upon saccharide binding.[4]


During innate immune responses to viral infection or tumori-
genic processes, cells with aberrantly glycosylated surface pro-
teins are destroyed by human natural killer (NK) cells.[5a,b] This
occurs, in part, due to an attenuation of the inhibitory signals
delivered by cell-surface type I transmembrane glycoprotein re-
ceptors, such as Siglec-7.[6a–h] Sialooligosaccharide binding by
Siglec-7, the dominant lectin on the surface of NK cells, modu-
lates its target-cell killing activity.[6h] Despite advances on syn-
thetic sialooligosaccharide derivatives,[7a,b] understanding the
quantitative energetics of sialooligosaccharide recognition
have, heretofore, proven daunting. Even after extensive enzy-
matic and/or chemical treatments, removal of bound[8a,b] sialo-
glycoconjugates from eukaryotically expressed proteins re-
mains sufficiently incomplete as to shield the combining site
and obscure target detection. Our E. coli-based production of
homogeneously refolded Siglec-7,[9a,b] brings the prospect of
true evaluation of ligand-binding characteristics as it does not


suffer from such “masking effects”. As interactions essential for
defining the structure of b-sandwich nucleate its folding,[10] it
is necessary to determine the refolded Siglec-7 structure.[9b]


A solution far-ultra violet circular dichroism spectrum (Fig-
ure 1A) of highly purified unglycosylated unliganded Siglec-7


and one in which it was saturated with the saccharide disialyl-
lactose (Table 1), did not show drastic secondary-structural per-
turbation (b-sheet�40% and a-helix�11%). This is corrobo-
rated by a close three-dimensional similarity (rmsd 1.7 F for all
Ca atoms) of the former in the crystalline state,[9b] albeit with a
low primary-sequence identity with glycosylated Siglec-1
bound to 3’-sialyllactose.[11] High-sensitivity differential scan-
ning calorimetry (DSC) showed scan-rate and protein-concen-
tration-independent two-state thermal transition of Siglec-7
occurring without oligomeric change (Figure 1B). This is con-
sistent with the migration of Siglec-7 as a monomer in size-
exclusion fast-protein liquid chromatography and by matrix-as-
sisted laser desorption ionization mass spectrometry (see Sup-
porting Information). Insight into two thermodynamic domains
that subsist within the Siglec-7 monomer with cooperativity
index,[12] DHv/DHc�2 (Table 2), was gathered from the 1.45 F-
resolution crystal structure of the identical Siglec-7;[9b] this indi-


Figure 1. A) Circular dichroism spectra of 0.100 mm Siglec-7 in the far-UV
range, in 25 mm 2-morpholinoethanesulfonic acid (MES; pH 5.5) at 22 8C, with-
out (&) and with 1 mm (!) disialyllactose, recorded at 4 s intervals at a scan
rate of 50 nm min�1 and a band with of 1 nm. B) Typical DSC endotherms
showing the apparent excess heat capacity for the thermal unfolding of Siglec-
7 in 25 mm MES (pH 5.5) at 60 K h�1, without (&) and with 1.5 mm (!) disialyl-
lactose; Siglec-7 concentrations were 0.170 and 0.189 mm, respectively. The
buffer–buffer baseline-subtracted and protein concentration-normalized raw
data, whose pre- and post-transition baselines were connected by the progress
baseline option of ORIGIN and subsequently subtracted, are represented by
open symbols. The nonlinear least-squares fits of the data utilizing a two-state
transition model are shown as solid lines.
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cated that glycosylation has no significant effect on their over-
all conformation.


Siglecs share a wide cleft amid their two b-sheets ABED and
A’GFCC’, which form the b-sandwich.[6e,11,9b] Specifically, an in-
trasheet disulfide bridge linking Cys46 and Cys106 replaces the
immunoglobulin intersheet one, whilst the standard immuno-
globulin cysteine on the F strand is replaced by Phe123 in
Siglec-7, such that the distance between the Ca positions of
Cys46 and Phe123 is 9.6 F, as compared to the characteristic
6–8 F separation of immunoglobulin-like domains. Thus Siglec-
7 bestows on each of its b-sheets, a disposition of an inde-
pendent, thermally identical single DSC unfolding transition.
Concomitantly, since the two b-sheets dwell within the same
polypeptide chain, a character of simultaneous unfolding with
same Tm is conferred on both of them with a higher degree of
cooperativity than a putative single sheet; this explains the
twofold higher magnitude of DHv than DHc. The lack of sialo-
oligosaccharide-dependent alteration in the Siglec-7 thermal-
transition cooperativity index, notwithstanding increases in Tp ,
Tm , DHv, and DHc (Table 2), attests to a conservation of identity
of the constituent domains and combining-site architecture
prior and subsequent to sialooligosaccharide binding. The
thermodynamic evidence complements and extends the struc-
tural proposal,[11] of the evolution of a Siglec N-terminal V-set


domain from a canonical immunoglobulin domain. Were it not
for an exposure of sialic acid-binding residues by b-sandwich
widening, their burial in the hydrophobic core would have dis-
allowed sialooligosaccharide recognition. Sialooligosaccharide
binding preferentially to the folded state of Siglec-7 was suc-
cinctly underscored by increases in the Tp, Tm, DHv, and DHc


(Table 2) of thermal transition.
The pioneering work of Lemieux suggested that even with


precisely positioned hydroxyl groups and small hydrophobic
insignia in the saccharide, its resemblance to a water cluster
confounds how considerable energetic costs are overcome
before it is accepted by a receptor in a 55000-fold molar
excess of water molecules.[13] Isothermal titration calorimetry
(ITC)[14] was a method of choice that permitted the measure-
ment of the quantitative thermodynamic parameters for carbo-
hydrate recognition by Siglec-7. Analyses of exothermic heat
change associated with its specific reaction with cognate disia-


lyllactose at 277 K (Figure 2A, B)
and 298 K (Figure 2C), or 3’-sia-
lyllactose, 6’-sialyllactose, 3’-sia-
lyllactosamine, at 277 K returned
stoichiometry close to one; this
indicated that each Siglec-7 V-
set domain contained a single
saccharide binding site. Moder-
ate free-energy changes, 4–
6 kcalmol�1, comparable to typi-
cal lectin–saccharide reactions,
led us to test the promiscuity of
its combining site at 100-fold
molar excess of saccharide.
Here, no reaction of lactose or
the tumor-associated Thomsen–


Friedenreich antigenic disaccharide (Figure 2D) was observed
(Table 3). The specific binding nature of Siglec in solution
points to the remarkable selectivity of Siglec-7 for sialooligo-
saccharide at modest affinities.


Lack of sialic acid or its methoxy ester binding by Siglec-7
(Table 3) was unanticipated, since nearly all direct interactions
between Siglec-1 and 3’-sialyllactose in the crystal structure of
the complex occurred through the terminal sialic acid group.[11]


Taken together, sialic acid and a linked saccharide in concert
influence recognition by Siglec-7, the minimum glycotope
being a disaccharide containing Neu5Ac at its nonreducing
end. Given this and that the glycan pool from Siglec-7 contains
sialylated and core-fucosylated bi-, tri-, and tetra-antennary oli-
gosaccharides,[6f] it is tempting to speculate that the type 2
glycosynapse,[2] supports cis event(s) amongst two or more re-
ceptor molecules on the same NK cell surface, such as homo-
philic Siglec-7–Siglec-7 and/or heterophilic Siglec-7–sialoglyco-
conjugate. It is plausible that trans-orientated interaction(s)
occur between Siglec-7 on NK and sialoglycoconjugate on the
target-cell surfaces, as well as soluble endogenous sialoglyco-
conjugate–Siglec-7 ones. Enzyme-linked immunosorbent assay
of biotinylated polyacrylamide-conjugated sialooligosaccharide
with Siglec-7-Fc chimeras immobilized by protein A,[6c] and flu-
orescently tagged whole-cell binding assays with a COS cell


Table 1. List of saccharide compounds used in this study.


Saccharide Structural formula


sialic acid Neu5Ac
sialic acid methoxy ester methyl-O-Neu5Ac
lactose b-d-Gal-(1!4)-d-Glc
Thomsen–Friedenreich
antigen


b-d-Gal-(1!3)-d-GalNAc


disialyllactose a-Neu5Ac-(2!8)-a-Neu5Ac-(2!3)-b-d-Gal-
(1!4)-d-Glc


3’-sialyllactose a-Neu5Ac-(2!3)-b-d-Gal-(1!4)-d-Glc
6’-sialyllactose a-Neu5Ac-(2!6)-b-d-Gal-(1!4)-d-Glc
3’-sialyllactosamine a-Neu5Ac-(2!3)-b-d-Gal-(1!4)-d-GlcNAc
3’-sialylfucosyllactose a-Neu5Ac-(2!3)-b-d-Gal-(1!4) [a-l-Fuc-(1!


3)]-d-Glc
3’-sialyl Lewisa a-Neu5Ac-(2!3)-b-d-Gal-(1!3) [a-l-Fuc-(1!


4)]-d-GlcNAc
3’-sialyl Lewisx a-Neu5Ac-(2!3)-b-d-Gal-(1!4) [a-l-Fuc-(1!


3)]-d-GlcNAc


Table 2. Thermodynamic quantities from DSC for the thermal unfolding of siglec-7 at a scan rate of 60 8C h�1.


[Siglec-7] Saccharide [Saccharide] Tp Tm DHo
c DH


o


v DH
o


v/DH
o


c


[mm] [mm] [8C] [8C] [kcalmol�1] [kcalmol�1]


0.170 – 47.35 47.31�0.02 46.0�0.2 96.6�0.6 2.10
0.189 disialyllactose 1.5 49.98 49.61�0.03 51.4�0.4 109.0�1.0 2.12
0.117 6’-sialyllactose 0.2 47.38 47.36�0.01 50.1�0.2 101.0�0.5 2.02


Model-independent parameter : the temperature at which the unfolding transition peak is at maximum, Tp, was
obtained from raw DSC data. Model-dependent parameter: the melting temperature at half the peak area, Tm,
was obtained by DSC data analyses as described. An ideal cooperative, two-state transition system composed
of a single entity displays DHc=DHv, while for an entity composed of two unfolding units, the calorimetric
enthalpy (DHc) estimated from the area under the transition, per unit is one-half of the predicted van’t Hoff
enthalpy (DHv) for unfolding of the whole entity.[12]
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line derived from the kidney of the African green old-world
monkey, Cercopithicus aethiops[6d] could not detect Siglec-7’s


ability to recognize the fucosylated tumor cell antigens 3’-sialyl
Lewisx or 3’-sialyl Lewisa. However methods that require ligand
alteration sometimes camouflage authentic binding,[6g] espe-
cially so as Siglec-7 is constitutively masked on the NK cell sur-
face.[6h] Lack of masking in our receptor preparation in con-
junction with ITC that permits the direct detection of universal
signature of heats of binding in solution, not only enabled us
to uncover the ability of Siglec-7 to bind 3’-sialyl Lewisx (Fig-
ure 2E), 3’-sialyl Lewisa, and the fucosylated tetrasaccharide 3’-
sialylfucosyllactose, but also provide their energetic bases
(Table 3). Siglec-7’s reaction with 3’-sialyllactose or 3’-sialyllac-
tosamine is entropically enhanced, despite enthalpic losses, by
the presence of an a1–3-linked fucoside on the underlying Glc
or GlcNAc that forms the 3’-sialylfucosyllactose or 3’-sialyl
Lewisx epitope (Table 3). Siglec-7’s recognition of 3’-sialylfuco-
syllactose is also entropically enhanced by the presence of an
acetamido group at the 2’ position of the glucosyl moiety that
forms the 3’-sialyl Lewisx epitope (Table 3).


The results thus evoke a novel property for a Siglec competi-
tion with Selectin-mediated recognition process and unveil an
unexpected new target for tumor therapy, that is, a specific in-
hibition of the 3’-sialyl Lewisx/a–Siglec-7 complex. The results
(Figure 2E, Table 3) impinge on the ability of masked Siglec-7,
with its sialooligosaccharide site loaded with 3’-sialyl Lewisx/a-
like epitope(s), to bind a2–6-,[6c] or a2–8-linked[6d] sialooligosac-
charide efficiently. A nonrequirement of unmasking of Siglec-7
for it to bind a2–6- or a2–8-linked sialooligosaccharide in
trans, implies an extended site on the receptor for avid multi-
valent sialoglycoconjugate–Siglec-7 engagement in vivo and
highlights the nontrivial nature of tumor-cell escape from NK
surveillance.


Prior to this study, the quantitative preference, if at all, of
Siglec-7 for 3’-sialyllactose or 6’-sialyllactose was unclear. As
compared to Siglec-7’s reaction with 3’-sialyllactose (Kb=


1470m�1), preferential recognition of 6’-sialyllactose (Kb=


4130m�1) is entropic in origin, while that of disialyllactose (Kb=


10170m�1) stems from a more favorable enthalpic contribution
to the binding free-energy change at 277 K (Table 3). The basic
nature of the Siglec-7 combining site,[6e,9b] might explain the
sevenfold higher affinity for the more negatively charged


disialyl moiety that resides on
a number of glycoconjugates,
such as the gangliosides GT1b
and GD3.[6h,i] Siglec-7 recognizes
3’-sialyllactosamine with a simi-
lar affinity as it does 3’-sialyllac-
tose, despite a loss in enthalpy
change of 1.29 kcalmol�1 due to
a relatively more favorable en-
tropic component of 1.54 kcal -
mol�1. Siglec-7 also recognizes
the 3’-sialyl Lewisa and 3’-sialyl
Lewisx epitopes with similar
free-energy changes, despite dif-
ferent enthalpy and entropy. A
linear enthalpy–entropy-com-
pensation (EEC) relationship be-


Figure 2. Titration calorimetric analyses of saccharide recognition by Siglec-7.
Raw data obtained from A) 70 automatic injections of 1.5 mL aliquots of
15 mm disialyllactose solution, or D) 19 injections of 15 mL aliquots of 23 mm


Thomsen–Friedenreich antigen solution into 0.232 mm Siglec-7 solution in
25 mm MES (pH 5.5�0.1) at 277 K. The heats in D) are indistinguishable from
heats of dilution. Nonlinear least-squares fits by ORIGIN (B, C, E, solid lines) of
the incremental heat per mole of added ligand (&) for the titration follow
closely the molar ratio of the disialyllactose over Siglec-7 at B) 277 K and
C) 298 K and E) 3’-sialyl Lewisx at 277 K. The close fit of the data to the identi-
cal-site model shows that the disialyllactose binds to each Siglec-7 molecule
independently. The thermodynamic parameters at 298 K for the binding of
disialyllactose to Siglec-7 are Kb= (4.23�0.29) E 103


m
�1 and �DH


o


b=


5.13�0.37 kcal mol�1. Since Siglec-7 is monomeric in solution at pH 5.5 (see
Supporting Information), an identical-site model utilizing a concentration of
the protein monomer was the simplest binding model found to provide the
best fit to the ITC data. F) Enthalpy–entropy compensation plot of �DH


o


b as a
function of �TDS


o


b for the binding of sialooligosaccharides to Siglec-7. The
straight line obtained by linear-regression analysis with ORIGIN has a slope of
1.03�0.10 (r=0.973).


Table 3. Thermodynamic quantities for binding of saccharides to siglec-7 at 277 K.[a]


Saccharide Kb
[b] �DG


o


b �DH
o


b TDS
o


b


[M103
m


�1] [kcalmol�1] [kcalmol�1] [kcalmol�1]


sialic acid NB[c] NB NB NB
sialic acid methoxy ester NB NB NB NB
lactose NB NB NB NB
Thomsen–Friedenreich antigen NB NB NB NB
disialyllactose 10.17�0.49 5.08 3.56�0.10 1.52
3’-sialyllactose 1.47�0.14 4.01 2.69�0.48 1.32
6’-sialyllactose 4.13�1.87 4.59 2.06�0.75 2.53
3’-sialyllactosamine 2.25�0.28 4.26 1.40�0.19 2.86
3’-sialylfucosyllactose 3.25�0.35 4.46 1.58�0.15 2.88
3’-sialyl Lewisa 5.62�1.38 4.76 0.37�0.05 4.39
3’-sialyl Lewisx 5.43�0.58 4.74 1.09�0.07 3.65


[a] The stoichiometry (n) values ranged from 0.95 to 1.04 with uncertainties from 2% to 5%. [b] Kb refers to
equilibrium association constant. [c] No binding.
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tween the enthalpy change (DH
o


b) and entropy change (TDS
o


b),
with a slope close to unity (Figure 2F), indicating nearly com-
plete compensation, suggests that the group of analogous
species interact by the same mechanism; this implicates sol-
vent reorganization[15a–c] in sialooligosaccharide–Siglec-7 reac-
tions. A displacement of solvent molecules from hydrophobic
regions of the Siglec-7 and sialooligosaccharide, might provide
a favorable entropic contribution to complex formation, as
substantiated by the negative heat-capacity change (DCp),


[16] a
hallmark of hydrophobic forces. Disialyllactose–Siglec-7 reac-
tions (Figure 2A–C) displayed a temperature-dependent (275 K
to 298 K) linear increase in exothermicity that corresponded to
DCp=�86�15 calmol�1K�1, while the concomitant reduction
in equilibrium association constant was unrelated to any desta-
bilization effect, as confirmed by DSC (Figure 1B).


For the tested sialooligosaccharide recognition by Siglec-7,
favorable contributions to DG


o


b emanate from both enthalpic
and entropic sources (Table 3), unlike most carbohydrate–pro-
tein reactions.[4] The enthalpically supported role of hydrogen
bonding[17] in contributing favorably to DG


o


b, and entropic assis-
tance by apolar forces, such as stacking and C-H/p interac-
tions,[18] may be rationalized by examining the putative bind-
ing site of Siglec-7, which harbors a number of hydrophobic
(Tyr26, Trp132) and basic (Arg23, Arg120, Lys135) residues.[9b]


In addition to the conserved Arg124, which forms a salt bridge
with the carboxylate group of sialic acid, in the 3’-sialyllactose–
Siglec-1 complex,[11] hydrophobic contacts are formed between
the glycerol side chain of sialic acid and Trp106 (equivalent to
Trp132 in Siglec-7), and between the acetamido methyl group
of sialic acid and Trp2 (Tyr26 in Siglec-7). Whilst the energetic
contribution of stacking involving the hydrophobic face of the
saccharide and the aromatic side chains in the lectin binding
site is not unequivocal, its role in sialooligosaccharide recogni-
tion by Siglec is likely.


Biological receptor systems appear to solve the carbohy-
drate-recognition problem by evolving two distinct energetic
alternatives. The first broad class, which includes lectins and
periplasmic sugar binding proteins, takes advantage of the fact
that saccharides present a complex, divergent array of polar
(mostly hydroxy) functional groups capable of stereospecifical-
ly[19] donating and accepting hydrogen bonds. These proteins
predominantly recognize carbohydrates in an enthalpically fa-
vorable fashion that is offset by unfavorable entropy. The
second thermodynamic class of receptors, as exemplified by
Siglec-7 and antibodies, perceive the polyamphiphilicity[13] of
saccharides, thereby utilizing both enthalpic and entropic
forces to bind them. Optimizing the balance of hydrogen
bonding and hydrophobic interactions rather than maximizing
either of them appears to be effective for carbohydrate recep-
tors with the desired specificity. Knowledge of the thermody-
namic repertoire of carbohydrate–protein reactions[4] (see also
Table 3) extending to a range greater than previously believed,
provides a framework for future strategies that should not
ignore hydrophobicity in receptor design.


Siglec-7 binds fucosylated sialyl antigens (Figure 2E, Table 3),
as presented by mucin-type adhesion structures organized
with signal transducers in cholesterol-rich lipid microdomain,


the type 2 glycosynapse.[2] The extracellular portion of Siglec-7
comprises one N-terminal V-set immunoglobulin-like domain
that binds sialylated glycoconjugates and two C2-set immuno-
globulin-like domains. The cytoplasmic tail of Siglec-7 contains
an immunoreceptor tyrosine-inhibition motif that undergoes
tyrosine phosphorylation upon receptor engagement by its
ligand; this results in strong inhibition of NK cell cytotoxicity.[6]


One may now envisage identifying and dissecting the energet-
ics of the multicomponent reactions of Siglecs of cis and/or
trans, homophilic and/or heterophilic type(s) at the glycosy-
napse[2] utilizing the approach presented herein.
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The Core Structures of Roseophilin
and the Prodigiosin Alkaloids Define
a New Class of Protein Tyrosine
Phosphatase Inhibitors


Alois F�rstner,*[a] Kerstin Reinecke,[b] Heino Prinz,[b]


and Herbert Waldmann*[b, c]


Protein phosphorylation and dephosphorylation reactions are
at the heart of innumerable biological processes, and aberrant
protein phosphorylation contributes to the development of
many human diseases including cancer and diabetes.[1] Due to
this biological importance, protein kinases that catalyse protein
phosphorylation belong to the most intensively investigated
targets of current medicinal chemistry and chemical biology
research. Very recently, their natural antagonists, the protein


phosphatases (PPs), have also moved into the focus of a rapid-
ly growing number of research programs. However, despite
the fact that naturally occurring PP inhibitors are widely used
research tools in biology,[2] only a very limited number of differ-
ent PP inhibitors is currently available.[3–5]


This is particularly the case for the protein tyrosine phospha-
tases[4] and the dual-specificity phosphatases,[5] which are the
most promising drug targets. Therefore, the identification and
development of novel PP-inhibitor classes that are amenable
to rapid structure variation and optimisation of biological
activity and selectivity is of major importance to research in
chemical biology and medicinal chemistry.
In this paper we disclose that the pyrrole alkaloids roseophi-


lin 1 and nonylprodigiosin 6 (Tables 1 and 2, below) as well as
analogues thereof comprise such a new class of PP inhibitors.
Roseophilin, a secondary metabolite isolated from a culture
broth of Streptomyces griseoviridis displays potent cytotoxicity
against various human cancer-cell lines but its biological mode
of action remains elusive.[6] The prodigiosin antibiotics pro-
duced by a restricted group of actinomycetes are antibacterial,
cytotoxic and antimalarial agents,[7–9] and exhibit significant im-
munosuppressive properties at noncytotoxic doses.[8–10] First in-
sights into the structural requirements for the biological activi-
ty of these compounds have been gained and indicated that
an intact azafulvene structure might be required for biological
activity.[12,13] However, the molecular and cellular targets of
these compounds have not been identified unambiguously.
Having access to roseophilin and the prodigiosins through


total synthesis,[8, 11–15] and in the course of a program directed
at the identification and development of novel classes of phos-
phatase inhibitors[16–18] we investigated whether these alkaloids
are able to modulate the activity of selected but representative
members of this protein-dephosphorylating enzyme family.
Since the blueprint of the chosen synthesis routes (Schemes 1
and 2) is inherently flexible, various analogues and congeners
of the natural products have also been obtained. Specifically,
the heterocyclic perimeter of roseophilin was formed by addi-
tion of the metallated pyrrolylfuran segment to the macrotricy-


Scheme 1. General route for the synthesis of roseophilin and analogues there-
of.[15]
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clic ketopyrrole unit followed by deprotection and dehydration
of the resulting alcohol with formation of the azafulvene motif.
Variations of the substituents R1–R5 as indicated in Scheme 1
opened access to the functional analogues depicted in
Table 1.[15] Compounds belonging to the prodigiosin series
were formed by condensation of a suitable pyrrole-2-carbalde-
hyde with commercial 4-methoxypyrrolin-2-one followed by
conversion of the resulting enelactam into the corresponding
aryltriflate (Scheme 2). Subsequent palladium-catalysed cross
coupling with various (hetero)arylboronic acids completed the
pyrrolopyrromethene chromophore and allowed for systematic
variations of the substituents R1 and R2 as well as the hetero-
element X in the A-ring.[11–13] This modularity sets the basis for
a preliminary mapping of structure–activity relationships in this
series.
The screen included Cdc25A and VHR as two typical dual-


specificity phosphatases and PTP1B as a prototypical tyrosine
phosphatase. The vaccinia VH1-related phosphatase VHR is a
physiological regulator of extracellular regulated kinases be-
longing to the MAP kinase family and influences signalling
through the MAP kinase pathway.[19] The family of the Cdc25
dual-specificity protein phosphatases is critically involved in
cell-cycle control.[20]


PTP1B is a key negative regulator of insulin-receptor activity,
and PTP1B-inhibitors are expected to enhance insulin sensitivi-
ty and act as effective therapeutics for the treatment of type II
diabetes, insulin resistance and obesity.[4]


As compounds to be investigated in the phosphatase inhibi-
tion assay, roseophilin 1, its enantiomer 2, as well as analogues
3–5 were initially chosen (Table 1). Compound 3 lacks the two
substituents on the aromatic rings attached to the tricyclic
core of roseophilin that incorporates the electrophilic azaful-
vene unit. Compounds 4 and 5 no longer have an aliphatic
macrocyclic ring.
Roseophilin 1 is a weak inhibitor of the three tyrosine and


dual-specificity phosphatases investigated. However, its enan-
tiomer 2 significantly inhibits PTP1B as well as VHR. This result
is reminiscent of a previous report showing that roseophilin is
one of the extremely rare examples in which the non-natural


enantiomer exhibits higher cytotoxicity (factor 2–10) against
several cancer cell lines than the naturally occurring anti-
pode.[21] It is therefore tempting to speculate that phosphatase
inhibition is intimately linked to the still unknown mechanism
of action that is responsible for the cytotoxicity of this structur-
ally rather unique agent. Analogue 3, lacking the substituents
on the periphery, and compounds 4 and 5, devoid of the ali-
phatic ring, show similar activity. In general, the dual-specificity
phosphatase Cdc25A was less prone to inhibition by com-
pounds 1–5 than PTB1B and VHR.Scheme 2. General route for the synthesis of prodigiosin alkaloids.[11–14]


Table 1. IC50 values [mm] of the phosphatase inhibition by roseophilin and
selected analogues.[a]


Com-
pound


Structure IC50 Cdc25A IC50 PTP1B IC50 VHR


1 28�3 (3) 38�14 (5) 32�11 (4)


2 21�6.6 (4) 6�1 (3) 6�2 (3)


3 >50 10�2 (3) 15�3.4 (3)


4 34�21 (3) 6�2 (6) 9�7 (3)


5 40�16 (3) 3.3�1 (6) 4.9�3 (3)


[a] The dephosphorylation of 4-nitrophenyl phosphate (pNPP) was mea-
sured by its absorption change at 405 nm. The concentration [mm] of in-
hibitors for which the enzyme activity is reduced to 50% is shown for the
phosphatases Cdc25A, PTP1B and VHR as average, standard deviation
and number of independent experiments, respectively.
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Based on the hypothesis that the electrophilic azafulvene in-
corporated into compounds 1–5 is the key structural element
responsible for the observed activity, the related natural prod-
uct nonylprodigiosin 6 and several cyclic and acyclic analogues
thereof were investigated as possible inhibitors of the repre-
sentative phosphatases chosen. All prodigiosins embody an
azafulvene as characteristic motif, but differ from roseophilin in
its exact positioning within the heterocyclic perimeter as well
as in the type of aromatic rings forming their backbone.


The results of the inhibition studies are displayed in Table 2.
In fact, nonylprodigiosin 6 inhibited the dual-specificity phos-
phatase VHR and the tyrosine phosphatase PTP1B. The cyclic
analogues 7 and 8 displayed similar potency and selectivity. In-
vestigation of the open-chain prodigiosin analogues 10–15 re-
vealed an activity and selectivity pattern in which relatively
small structural changes result in significant variation of inhibi-
tory activity. Thus, compounds 10 and 11 either do not or only
weakly inhibit any of the phosphatases, whereas the close ana-


Table 2. IC50 values [mm] of the phosphatase inhibition by nonylprodigiosin and selected analogues.
[a]


Com-
pound


Structure Cdc25A IC50 PTP1B IC50 VHR Com-
pound


Structure Cdc25A IC50 PTP1B IC50 VHR


6 >50 10�3 (6) 21�8 (8) 13 >50 11�5 (5) 11�3 (3)


7 >50 23�11 (5) 28�13 (4) 14 >50 10�3 (5) 21�4 (3)


8 >50 24�8 (6) 41�8 (3) 15 >50 28�18 (5) 39�12 (4)


9 >50 >50 30�9 (6) 16 >50 46�6 (5) 8�5 (4)


10 >50 >50 >50 17 >50 >50 >50


11 >50 32�4 (5) >50 18 >50 16�9 (3) 21�12 (4)


12 >50 12�2 (5) 9�7 (5)


[a] The dephosphorylation of 4-nitrophenyl phosphate (pNPP) was measured by its absorption change at 405 nm. The concentration [mm] of inhibitors for
which the enzyme activity is reduced to 50% is shown for the phosphatases Cdc25A, PTP1B and VHR as average, standard deviation and number of inde-
pendent experiments, respectively.


ChemBioChem 2004, 5, 1575 –1579 www.chembiochem.org ; 2004 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim 1577



www.chembiochem.org





logue 12 targeted PTP1B and VHR. Compounds 13 and 14,
which have only one side chain, showed a similar activity pat-
tern. The thienyl analogue 15 was less potent.
Finally, congeners 16–18 were investigated as possible phos-


phatase inhibitors. Although these compounds no longer con-
tain an azafulvene, two of them inhibited the chosen phospha-
tases. Specifically, the vinylogous urethane 16 displayed pro-
nounced activity for VHR.
This result is particularly noteworthy since the natural prod-


uct pulchellalactam 19[22] was recently discovered to be an in-
hibitor of the tyrosine phosphatase CD45. This natural product,


isolated from the marine fungus Corollo-
spora pulchella, contains a 3-pyrrol-2-one
moiety similar to that occurring in 16–18.
Together these findings indicate that this
small heterocyclic system may constitute
an interesting pharmacophore for further
development of phosphatase inhibitors.
Interestingly, none of the prodigiosin


analogues inhibited the dual-specificity
phosphatase Cdc25A; this indicates that the positioning of the
electrophilic azafulvene in the heterocyclic framework may be
the decisive factor for inhibition of this enzyme by roseophilin
and its analogues.
From the data detailed above, however, the mechanism of


inhibition is not clearly obvious and may differ between en-
zymes and inhibitors. Tyrosine and dual-specificity phosphatas-
es employ a nucleophilic cysteine to cleave the P�O bond.
Therefore, it appears possible that the electrophilic groups em-
bodied in the natural products and their analogues may target
active site nucleophiles.
In conclusion we have discovered that roseophilin- and pro-


digiosin-type compounds define a new class of potent inhibi-
tors for tyrosine and dual-specificity phosphatases. Given the
fact that efficient routes to these heterocyclic systems are
available,[8, 11–15] the development of more potent and selective
phosphatase inhibitors based on the structure of these alka-
loids appears possible.


Experimental Section


Protein phosphatase inhibition assay : All assays were performed
in 96-well microplates and a final volume of 100 mL. Buffer condi-
tions were NaCl (50 mm), EDTA (1 mm), Dithioerythritol (DTE;
1 mm), Tris (50 mm, pH 8.0) for Cdc25; EDTA (5 mm), DTE (1 mm),
MOPS (25 mm, pH 6.5) for VHR and NaCl (50 mm), EDTA 2.5 mm),
DTE (2 mm), HEPES (25 mm, pH 7.2) for PTP1B. Enzyme concentra-
tions were chosen to yield absorption changes of 0.2 OD at
405 nm within 80 min for 4-nitrophenyl phosphate (pNPP) in the
absence of inhibitors. Inhibitors were added from 5 mm solutions
in DMSO to 50 mm for the highest concentrations. A dilution series
by a factor of 2 was generated for the inhibitors with the enzyme
solutions. After an incubation time of 30 min at room temperature,
pNPP (10 mL) was added to 50 mm for each well, and the plate was
transferred into a Multiscan Ascent plate reader (Thermo Labsys-
tems, www.thermo.com). The absorption at 405 nm was recorded
at 37 8C for 80 min. Relative enzyme activities (slopes) were calcu-
lated from the absorption at 30 and 60 min. The IC50 values were


obtained from a secondary plot of relative activity versus log inhib-
itor concentration as the inhibitor concentration for which the ac-
tivity was reduced to 50%. No assumptions concerning the inhibi-
tion mechanism (shape of the curve) were made.


Protein tyrosine phosphatase 1B (PTP1B) and the dual-specificity
protein phosphatase VHR were obtained from Biomol GmbH, Ham-
burg. The dual-specificity phosphatase Cdc25A was expressed in
E. coli from a human clone[23] as a cdc25a-His6-Tag construct in
pET9d, kindly donated by I. Hoffmann (DKFZ, Heidelberg). It was
localised in inclusion bodies of E. coli and could be purified and
stored in 8m urea. Enzymatic activity was recovered by tenfold di-
lution in EDTA (1 mm), DTE (1 mm), Tris (50 mm, pH 8.0).


We note that the IC50 values presented in this work were obtained
with the very simple non-natural model substrate p-nitrophenyl
phosphate. This assay is widely established in screens aiming at
the identification of phosphatase inhibitors (see refs. [16–20] and
references therein). pNPP is not a physiological substrate of phos-
phatases. In fact, it is a relatively small substrate that has to be ap-
plied at high (50 mm) concentrations in order to monitor dephos-
phorylation. The physiological substrates are large proteins that
generally are bound with much higher affinity (at much lower con-
centrations) before they are dephosphorylated specifically.
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An Axial Met Ligand at a Type 1
Copper Site is Preferable for Fast
Electron Transfer


Mark D. Harrison[a, b] and Christopher Dennison*[a]


The structure, spectroscopy and electron transfer (ET) reactivity
of the type 1 copper sites of cupredoxins have been extensive-
ly studied by site-directed mutagenesis.[1–4] All of these investi-
gations have highlighted the importance of the ligating resi-
dues, in particular the equatorial Cys ligand,[1] at the typically
distorted tetrahedral metal centre (see Figure 1). The axially co-
ordinating amino acid, which is usually a Met located ~3 -


from the metal, is the only nonconserved type 1 copper site
residue.[5] In the stellacyanin subfamily of the cupredoxins, a
Gln residue is found in the axial position and coordinates in a
monodentate fashion through its side-chain amide oxygen
atom (see Figure 1).[6–8] The influence of this natural variation
at a type 1 copper site on ET reactivity is not well understood
and the exact physiological function of the stellacyanins is not
known. Replacement of the axial Met ligand with a Gln has
been carried out in two cupredoxins and has been found to
result in a decrease in ET reactivity.[2,3] Herein we describe the
influence of the axial Gln to Met mutation on the ET reactivity
of a stellacyanin.


The Gln95Met variant[9,10] of umecyanin (UMC), the stellacya-
nin from horseradish roots, has spectroscopic properties[11] for
the CuII form that are consistent with the substitution of the
axial oxygen ligand with the thioether sulfur of the introduced
Met (see Figure 2). This is particularly apparent from the EPR
parameters,[12] since, due to coordination by an axial
oxygen,[3,7] the large gz and small Az values for the wild-type


Figure 1. The active site structures of the type 1 copper sites of plastocyanin
(PCu) and umecyanin (UMC).


Figure 2. The A) UV/Vis and B) EPR spectra of oxidised WT UMC and the
Gln95Met variant.
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(WT) protein are replaced with more typical values for a type 1
copper site in the Gln95Met variant. (Type 1 copper sites with
a weak axial Met ligand usually possess EPR spectra with gz�
2.24 and Az�5 mT.[3]) The low-energy UV/vis band is shifted
from 860 nm in WT UMC to 750 nm in the variant. This band
has been assigned to d–d transitions, and the increased
energy in Gln95Met UMC is consistent with a decreased axial
interaction.[4] The relatively weak axial bond is confirmed by
the paramagnetic 1H NMR spectrum of CuII Gln95Met UMC[13]


in which one of the CgH proton resonances of this residue is
observed at 22.4 ppm. The isotropic shift of this signal is very
similar to that seen in other cupredoxins with a long axial Cu�
S(Met) bond.[14,15] The reduction potential[16] of Gln95Met UMC
(420 mV) is significantly larger than the value of 290 mV for
the WT protein.[10] This is also consistent with the substitution
of a hard axial oxygen ligand with a softer sulfur donor. The re-
duction potential of Gln95Met UMC is a little higher than that
typically found for a type 1 copper site with a weak axial Met
ligand, but is almost identical to that found for the Gln99Met
Cucumis sativus stellacyanin variant.[4]


The influence of the Gln95Met mutation on ET has been as-
sessed by comparing the electron self-exchange (ESE) reactivity
of this variant with that of the WT protein. The ESE rate con-
stant is an intrinsic measure of the ET capabilities of a redox
metalloprotein and is a convenient way to assess relative reac-
tivities since the reaction has no driving force.[14] The ESE rate
constant of Gln95Met UMC was determined by 1H NMR
spectroscopy (at 40 8C) with the protein in 37 mm phosphate
buffer at pH* 7.5 (I=0.10m) as described previously (pH*=pH
uncorrected for the deuterium isotope effect).[14] Plots of T1


�1


and T2
�1 for the Ce1H protons of His44 and His90 in CuI


Gln95Met UMC against the concentration of CuII protein are
shown in Figure 3. The slopes of these plots, which provide
the ESE rate constants are 1.2C105


m
�1 s�1 (T1, &) and 8.2C


104
m


�1 s�1 (T2, &) for one of the resonances and 9.8C104
m


�1 s�1


(T1, *) and 8.3C104
m


�1 s�1 (T2, *) for the other. These give rise
to slope ratios (T2/T1) of 0.7 and 0.8 as expected for resonances
in the slow-exchange regime.[14] The determination of T1 values


is more precise[14] and thus an average ESE rate constant of
1.0C105


m
�1 s�1 is obtained for the Gln95Met UMC variant.


The ESE rate constant of the WT protein was determined by
using a similar approach and under identical conditions to
those described for the Gln95Met variant.[17] The imidazole ring
proton resonances of His44 and His90 in the CuI WT UMC can
be observed in a 1:1 mixture of the CuI and CuII proteins; this
demonstrates that ESE is quite slow in the WT protein. This is
confirmed by the lack of selection of resonances from protons
close to the active site and arising from the CuI protein in
water-eliminated Fourier transform (WEFT) spectra[14] of partial-
ly oxidised samples (resonances arising from active site pro-
tons of reduced Gln95Met UMC are observed in the corre-
sponding spectra of this variant). Only one of the His ligand
(Ce1H) imidazole ring proton resonances is well resolved in the
NMR spectrum of CuI WT UMC. This signal and the CeH3 reso-
nance of Met43, which is situated very close to the copper
site,[8] were used for determination of the ESE rate constant.
From the plots of T2


�1 against the concentration of CuII protein
shown in Figure 3, slopes of 1.8C104


m
�1 s�1 are obtained for


both resonances. This ESE rate constant is confirmed by the
analysis of the broadening of various resonances and also by
coalescence studies on 1:1 samples of CuI and CuII protein. The
ESE rate constant of WT UMC is consistent with a value of 6C
103


m
�1 s�1 determined previously for the native protein from


horseradish roots at a lower temperature (25 8C).[17]


The approximately fivefold increase in the ESE rate constant
upon mutating Gln95 into a Met in UMC indicates that the re-
placement of the strong Cu�O(Gln) bond with a weaker axial
Cu�S(Met) interaction results in a site with significantly en-
hanced ET reactivity. The ESE rate constant of the Gln95Met
variant (1.0C105


m
�1 s�1) is consistent with those of other cu-


predoxins with axial Met ligands.[14,18] Given that the axial Gln
ligand is well away from the surface of the protein, that it is
not in the purported ET pathway and that the Gln95Met muta-
tion does not significantly alter the spin-density distribution
onto the ligating residues,[13] the enhanced ET reactivity is
most likely due to a decreased inner-sphere reorganization
energy (li) for the copper site in this variant compared to the
WT protein. It should be noted that the Gln95Met mutation
might have altered the outer-sphere reorganisation energy of
UMC.


The crystal structures of CuII and CuI UMC have been deter-
mined recently at resolutions of 1.9 and 1.8 -, respectively, and
demonstrate an ~0.3 - increase in the Cu�O(Gln95) bond
length upon reduction (the Cu�S(Cys85) bond length increases
by <0.05 - upon reduction).[8] The relatively small ESE rate
constant for WT UMC can thus be attributed to a larger than
normal li value for its active site. The Gln95Met variant would
appear to possess a copper centre at which there is a signifi-
cantly smaller structural change upon redox interconversion.
Recent spectroscopic investigations of C. sativus stellacyanin
and its Gln99Met variant have provided information about
active-site differences between the CuII and CuI proteins.[4] The
0.5 - increase in the Cu�O(Gln99) bond length in the WT pro-
tein upon reduction seems to be accompanied by a minimal
alteration in the Cu�S(Cys89) bond. In the Gln99Met variant


Figure 3. Plots (40 8C) of T1
�1 (*, &) and T2


�1 (*, &) against [CuII] for the Ce1H
protons of His44 and His90 in Gln95Met UMC in 37 mm phosphate buffer at
pH* 7.5 (I=0.10m). Also shown are plots of T2


�1 against [CuII] for the ligand
His Ce1H (x) and Met43 CeH3 (+) protons of WT UMC.
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there is a more significant change in the Cu�S(Cys89) bond,
and it is assumed that there is very little alteration in the Cu�
S(Met99) interaction (as seen for native cupredoxins with an
axial Met ligand[5]). It has been suggested that this results in
similar li values for the two proteins, but ET reactivities have
not been measured.[4] The studies reported herein indicate that
a type 1 copper site with an axial Met ligand, rather than a Gln
ligand in this position, is preferable for fast ET. This is consis-
tent with the finding that the Met-to-Gln mutation at the
active sites of cupredoxins diminishes their ET reactivity.[2, 3]


This study also represents the first example of an active-site
mutation at a type 1 copper site that enhances ET reactivity.


Acknowledgements


We are grateful for financial support from the BBSRC (grant no.
13/B16498) and EPSRC (for a grant to purchase the NMR spec-
trometer). We thank Dr. Anthony Royston for assistance in acquir-
ing EPR spectra.


Keywords: cupredoxin · electron transfer · metalloproteins ·
mutagenesis · type 1 copper


[1] T. J. Mizoguchi, A. J. Di Bilio H. B. Gray, J. H. Richards, J. Am. Chem. Soc.
1992, 114, 10076–10078.


[2] A. Romero, C. W. G. Hoitink, H. Nar, R. Huber, A. Messerschmidt, G. W.
Canters, J. Mol. Biol. 1993, 229, 1007–1021.


[3] R. E. M. Diederix, G. W. Canters, C. Dennison, Biochemistry 2000, 39,
9551–9560.


[4] S. DeBeer George, L. Basumallick, R. K. Szilagyi, D. W. Randall, M. G. Hill,
A. M. Nersissian, J. S. Valentine, B. Hedman, K. O. Hodgson, E. I. Solomon,
J. Am. Chem. Soc. 2003, 125, 11314–11328.


[5] E. T. Adman, Adv. Protein Chem. 1991, 42, 145–197.
[6] P. J. Hart, A. M. Nersissian, R. G. Herrmann, R. M. Nalbandyan, J. S. Valen-


tine, D. Eisenberg, Protein Sci. 1996, 5, 2175–2183.
[7] C. Dennison, M. D. Harrison, J. Am. Chem. Soc. 2004, 126, 2481–2489.
[8] M. Koch, M. Velarde, M. D. Harrison, S. Echt, A. Messerschmidt, C. Denni-


son, unpublished results.
[9] The mutagenic primers (5’-GCCGTGTGGGCATGAAACTGAGCATCAACG


and 5’-CGTTGATGCTCAGTTTCATGCCCACACGGC) were used with
pMHCD1.4 as the template DNA[10] to convert Gln95 into Met (creating
pMHCD1.5) via QuikChange (Stratagene) site-directed mutagenesis, ac-
cording to the manufacturer’s protocols. Over-expression, refolding and
purification of Gln95Met UMC were as described for WT UMC.[10]


[10] M. D. Harrison, C. Dennison, Proteins 2004, 55, 426–435.
[11] UV/Vis spectra were acquired at 25 8C on a Perkin Elmer l35 spectro-


photometer in phosphate buffer (10 mm, pH 7.6). X-band EPR spectra
were recorded on a Bruker EMX spectrometer at �196 8C with the pro-
teins in 40% glycerol and Hepes (25 mm) at pH 8.0.


[12] EPR parameters, which were derived from simulations by using the pro-
gram SIMFONIA (Bruker) are, WT UMC: gx=2.033, gy=2.057, gz=2.320,
Az=3.3 mT, Gln95Met UMC: gx=2.025, gy=2.060, gz=2.240, Az=


4.7 mT.
[13] Paramagnetic 1H NMR spectra were acquired on a JEOL Lambda 500


spectrometer with the protein in phosphate buffer (10 mm). The direct-
ly observed isotropically shifted resonances of WT UMC have been
assigned previously[7] and are found at 51 and 48 ppm (His44/His90
Cd2H), ~30 ppm (His44/His90 Ce1H), 13.7 ppm (Asp45 CaH), �4.2 ppm
(His44/His90 CbH) and ~�6 ppm (Cys85 CaH) at 40 8C with exchangea-
ble resonances (observed in 90% H2O/10% D2O at pH 4.6 and 25 8C) at
~47 and 28.5 ppm (His44/His90 Ne2H). In the case of Gln95Met UMC,
the hyperfine shifted resonances are found at 57 and 48 ppm (His44/
His90 Cd2H), 33.5 ppm (His44/His90 Ce1H), 22.4 ppm (Met95 CgH),
16.0 ppm (Asp45 CaH), �3.5 ppm (His44/His90 CbH) and ~�8.5 ppm


(Cys85 CaH) at 40 8C. Exchangeable resonances are observed (in 90%
H2O/10% D2O at pH 4.8 and 25 8C) at 50.5 and 27.6 ppm (His44/His90
Ne2H).


[14] K. Sato, T. Kohzuma, C. Dennison, J. Am. Chem. Soc. 2003, 125, 2101–
2112.


[15] I. Bertini, S. Ciurli, A. Dikiy, R. Gasanov, C. Luchinat, G. Martini, N. Safarov,
J. Am. Chem. Soc. 1999, 121, 2037–2046.


[16] Direct measurement of the reduction potential at pH 7.2 [I=0.10m
(NaCl)] was carried out at ambient temperature (21�1 8C) as described
previously.[10] The Gln95Met UMC variant yields a good, quasireversible
response on a 4,4-dithiodipyridine-modified gold electrode, and the
anodic and cathodic peaks are of equal intensity with a separation of
~65 mV at scan rates of ~20 mVs�1.


[17] C. Dennison, G. Van Driessche, J. Van Beeumen, W. McFarlane, A. G.
Sykes, Chem. Eur. J. 1996, 2, 104–109.


[18] C. M. Groeneveld, G. W. Canters, J. Biol. Chem. 1988, 263, 167–173.


Received: May 13, 2004


ChemBioChem 2004, 5, 1579 –1581 www.chembiochem.org ; 2004 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim 1581



www.chembiochem.org






Oxidosqualene Cyclase Second-
Sphere Residues Profoundly
Influence the Product Profile


Silvia Lodeiro,[a] Michael J. R. Segura,[a] Martin Stahl,[b]


Tanja Schulz-Gasch,*[b] and Seiichi P. T. Matsuda*[a]


Oxidosqualene cyclases convert oxidosqualene (1) to cyclic tri-
terpene alcohols through cationic cyclization, rearrangement,
and deprotonation reactions.[1] These enzymes control the re-
activity of carbocations with a precision unrivalled by nonenzy-
matic catalysts, but how they utilize steric bulk and polar
groups to guide carbocation reactivity remains poorly under-
stood. Cycloartenol synthase is an oxidosqualene cyclase that
cyclizes oxidosqualene to the protosteryl cation (2), guides re-
arrangement to the lanosteryl cation (3), and promotes specific
deprotonation from C-19 to form cycloartenol (4 ; Scheme 1).
Lanosterol synthase is a mechanistically related enzyme that
catalyzes the same cyclization and rearrangement reactions,
and abstracts a proton from C-8 to form the tetrasubstituted
olefin in lanosterol (5). We describe herein mutagenesis experi-
ments and computer modeling that establish that second-
sphere oxidosqualene cyclase residues are a critical component
of the catalytic distinction between cycloartenol synthase and
lanosterol synthase.
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Tyr410, His477, and Ile481 are catalytically important resi-
dues in Arabidopsis thaliana cycloartenol synthase (AthCAS1).[2]


These residues are strictly conserved in cycloartenol synthases,
but animal and fungal lanosterol synthases maintain Thr, Cys
or Gln, and Val at the corresponding positions (Figure 1). Mu-


tating these residues in AthCAS1 to the corresponding lano-
sterol synthase residues allows some degree of lanosterol bio-
synthesis.[3] The AthCAS1 Ile481Val mutant produces 25% lano-
sterol, along with cycloartenol and parkeol (6 ; Table 1),[3a] and
the AthCAS1 Tyr410Thr mutant forms 65% lanosterol with 9b-


lanosta-7,24-dien-3b-ol (9b-D7-lanosterol, 7) and parkeol as by-
products (Table 1).[3b] Of all the AthCAS1 residues studied to
date, His477 has the strongest effect on the product profile.
The AthCAS1 His477Asn mutant biosynthesizes lanosterol
more accurately (88% lanosterol, 12% parkeol) than any other
described AthCAS1 mutant,[4] whereas the His477Gln mutation
strongly favors parkeol formation (73% parkeol, 22% lanoster-
ol, and 5% 9b-D7-lanosterol).[4]


Mutations at positions 410 and 481 have synergistic effects.
The AthCAS1 Tyr410Thr Ile481Val double mutant biosynthe-
sizes lanosterol more accurately than either single mutant
(Table 1).[3b,5] We anticipated that the three mutations that
promote lanosterol biosynthesis (His477Asn, Tyr410Thr, and
Ile481Val) would act synergistically to form lanosterol even
more accurately than the Tyr410Thr Ile481Val double mutant.
In contrast, we expected the parkeol-forming properties of the
His477Gln mutant to diminish lanosterol biosynthesis in the
Tyr410Thr Ile481Val double mutant background. We generated
the triple mutants and expressed them in the yeast strain
LHY4.[3a] In vitro assays coupled with GC-FID, GC-MS, and NMR
analyses established that both mutants generate essentially
the same product profile as the Tyr410Thr Ile481Val double
mutant (Table 1). The His477Asn mutation does not increase
lanosterol biosynthesis in the Tyr410Thr Ile481Val background;
the triple mutant actually produces less lanosterol than does
the His477Asn single mutant. Similarly, the Tyr410Thr and
Ile481Val mutations completely abolish the influence of
His477Gln, so that parkeol is not even produced as a measura-
ble by-product. Although His477Asn and His477Gln mutations
impart radically different catalytic properties on native
AthCAS1, this influence is preempted by the Tyr410Thr and
Ile481Val mutations. This catalytic hierarchy is unusual. Previ-
ous studies show synergistic effects between catalytically rele-
vant oxidosqualene cyclase mutations; combining catalytically
relevant mutations generates a multiple mutant with catalytic
properties distinct from either parent.[3b,6] We applied homolo-
gy modeling studies to investigate how changing the structure


Scheme 1. AthCAS1 mutants cyclize oxidosqualene (1) to cycloartenol (4), lanosterol (5), parkeol (6), and 9b-D7-lanosterol (7).


Figure 1. Representative cycloartenol synthases from Dictyostelium discoi-
deum[14] (DdiCAS1) and A. thaliana (AthCAS1), with representative lanosterol
synthases from the fungi Saccharomyces cerevisiae[15] (SceERG7) and Schizo-
saccharomyces pombe[16] (SpoERG7) and the animals Homo sapiens[17]


(HsaERG7) and Rattus norvegicus[18] (RnoERG7). Tyr410 (^), His477 (*), and
Ile481 (!) are labeled above the sequences.


Table 1. Products of AthCAS1 mutants.


AthCAS1 mutant 4 5 6 7


Native 99% 0% 1% 0%
I481V 54% 25% 21% 0%
Y410T 0% 65% 2% 33%
H477N 0% 88% 12% 0%
H477Q 0% 22% 73% 5%
Y410T/I481V 0% 78% <1% 22%
Y410T/H477N/I481V 0% 78% 0% 22%
Y410T/H477Q/I481V 0% 78% 0% 22%
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through mutations affects product specificity. The AthCAS1
structure was modeled as described previously for the closely
related (44% identical) human lanosterol synthase.[7] A key fea-
ture of the active site is a hydrogen-bonding network of resi-
dues that include Tyr118, His257, Tyr410, Asp483, Tyr532,
Tyr616, Tyr734, and Tyr737 (Figure 2). These residues are strictly


conserved in the known cycloartenol synthases, and all but
Tyr410 are also present in the known lanosterol synthases.
Tyr410 and Tyr532 are essential for cycloartenol biosynthe-
sis ;[3b,c] Asp483 and His257 correspond to the catalytically es-
sential yeast lanosterol synthase residues that were proposed
to be the active-site acid and base, respectively.[8] This hydro-
gen-bonding network would order the active-site structure
and may shuttle a proton from C-19 to the active-site acid
(Figure 2).
The Ile481 side chain is at the top of the active site and, by


interacting with the A ring, it orients the substrate in the bind-
ing site to avoid early reaction termination.[3a,7] Lanosterol syn-
thase has smaller residues at positions corresponding to
AthCAS1 Ile481 and Tyr410. The active site enlarges when
these residues are mutated to their lanosterol synthase coun-
terparts; this may compromise the mutants’ ability to fix the
position of the lanosteryl cation to promote deprotonation
from C-19.[3a,b]


His257 and Tyr410 are a H-bonded pair positioned near the
C-19 angular methyl group where deprotonation yields cyclo-
artenol. Distances after molecular dynamics simulations
(Moloc, Gerber Molecular Design) with constraint backbone
and flexible active-site side chains were 2.5 H for the Tyr410
oxygen and 2.7 H for the His257 Ne2 to either hydrogen atom
of the C-19 angular methyl group. Although Tyr410 appears to
be slightly closer to accept the proton, His257 is not dramati-
cally more distant. The difference in distances is relatively
minor, and considerable error could arise from assumptions


made in homology modeling and constraints during MD simu-
lations. Either residue could be the base or could influence de-
protonation by participating in the H-bonding network. The
experimentally established change in deprotonation position
in Tyr410 mutants is consistent with either possibility. If Tyr410
is the base, the Tyr410Thr mutation would abolish cycloartenol


biosynthesis by removing the
phenolic hydroxyl that would
be the proton acceptor. Alterna-
tively, the Tyr410Thr mutation
could alter the hydrogen-bond-
ing network and induce the
proton acceptor His257 to
change positions. The
Tyr410Thr mutant remains a
competent catalyst ; this sug-
gests that the change in H-
bonding does not abolish re-
protonation of Asp483.
His477 is not in the active


site, but is a second-sphere resi-
due that is hydrogen bonded
to Tyr410 (Figure 2) and strong-
ly affects its location and side-
chain orientation. His477 is hy-
drogen bonded to a backbone
carbonyl through Nd1 (donor)
and to Tyr410 via Ne2 (accept-
or). Changes at His477 strongly


affect the location, orientation, and electronics of the Tyr410
side chain. Mutating His477 to Asn keeps a nitrogen atom in
the position of Nd1 to form the hydrogen backbone interac-
tion. However, the Asn carbonyl oxygen is farther away, ap-
proximately in the position of the Cd2 of the native His. As a
result, the hydrogen bond with Asn477 pulls Tyr410 away from
the active site (Figure 3). Mutating His477 to Gln induces a less
dramatic change. The carbonyl oxygen of Gln is located be-
tween the Ne2 of His477 in wild-type AthCAS1 and the carbon-
yl oxygen of Asn in the His477Asn mutant. Changing the orien-
tation of Tyr410 disturbs the hydrogen-bonding pattern with
His257 and Tyr532, shifting the potential proton acceptors in
these three residues (Figure 3). In addition, the steric changes
induced by moving Tyr410 may affect product formation. Pull-
ing Tyr410 only slightly out of the active site with Gln477
might allow sufficient mobility for the base to access the C-11
proton to form parkeol. Further reduction of steric hindrance
through Tyr410 by Asn477 would further enlarge the active
site; this might allow sufficient rotation of the intermediate
cation that the C-8 proton would be accessible. Further muta-
genesis studies are in progress to clarify if these mutants gen-
erate diverse products because one base acquires access to
several protons or if multiple proton acceptors are involved.
The His477Asn and His477Gln mutations are catalytically irrele-
vant in the Tyr410Thr Ile481Val background because they are
outside of the active site and influence catalysis only through
interaction with Tyr410. Mutating Tyr410 to Thr relocates the
polar group away from position 477, and interrupts H-bonding,


Figure 2. Stereo representation of the AthCAS1 homology model showing mutated residues and residues crucial for
the deprotonation step.
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so that these residues no longer influence each other’s posi-
tions.
A previous effort to model AthCAS1 threaded the sequence


onto the Alicyclobacillus acidocaldarius squalene-hopene cy-
clase (AacSHC) crystal structure. This model oriented the
His477 side chain away from Tyr410 to mimic the AacSHC posi-
tioning, and it consequently could not explain the observed ef-
fects of His477 mutations.[3d] Although the primary sequence
alignment lacks inserts or gaps near His477, steric and electro-
static differences between residues require some reorientation
of backbone atoms (this rearrangement does not further affect
secondary structure). For this reason, the AthCAS1 model gen-
erated with a fully automated procedure could not predict
atoms in this region.
The influence of second-sphere residues on the oxidosqua-


lene cyclase product profile might be a necessary adaptation
to the unusual reactivity of the carbocationic intermediates
that these enzymes handle. Their active sites must be con-
structed from a limited set of amino acids to preclude nucleo-
philic attack on an intermediate carbocation. In particular,
these active sites are dominated by electron-rich but relatively
unreactive[9] aromatic residues that might stabilize carboca-
tions through p-interactions.[10] However, relatively few aromat-
ic amino acids are available for natural protein construction,
and this set may lack sufficient structural diversity to generate
the subtle alterations in active-site topology needed to form
the nearly 200 different cyclic products of the oxidosqualene
cyclase/squalene cyclase family.[1b] The experiments and model-
ing describe herein show that second-sphere residues can gen-
erate diversity in active-site topology by interactions with


active-site residues. The preponderance of Tyr in the active site
may reflect the fact that its hydrogen-bonding potential makes
it more responsive than Phe or Trp to neighboring residues;
this can alter the position or electronic properties of the tyro-
sine by interaction with the phenolic hydroxyl group.


Experimental Section


The AthCAS1 Tyr410Thr His477Asn Ile481Val and AthCAS1
Tyr410Thr His477Gln Ile481Val triple mutants were constructed by
oligo-directed mutagenesis by using ssDNA of the AthCAS1
Tyr410Thr Ile481Val double mutant and following established pro-
tocols.[11] Mutants were expressed in the yeast strain LHY4, as de-
scribed previously.[3b,6] Both recombinant yeast strains were grown
on a 1 L scale in inducing medium (1% yeast extract, 2% peptone,
2% galactose, 13 mgL�1 heme) supplemented with ergosterol
(20 mgL�1), and in vitro enzymatic reactions were performed with
racemic oxidosqualene as described.[12] The reactions were moni-
tored by TLC, and the products were isolated and purified by silica
gel chromatography. Products were identified by 500 MHz 1H NMR
analysis and by GC and GC-MS analysis of the trimethylsilyl (TMS)
derivatives. Ratios were determined by GC-FID quantitation. The
possibility that overlapping signals significantly distorted the num-
bers was precluded by quantitation using well-resolved 1H NMR
signals, which provided similar ratios. TMS-ethers of lanosterol and
9b-D7-lanosterol were previously found to comigrate on a Restek
Rtx-5MS column under diverse GC conditions,[3b,4] but have now
been successfully resolved by using a Rtx-35MS column (30 m,
0.25 mm id, 0.10 mm df). GC conditions: inlet and FID-detector,
280 8C; oven, 260 8C isothermal; split injection, ratio 40:1; column,
helium 1 mLmin�1 constant flow. Retention times: TMS-lanosterol,
15.9 min; TMS-9b-D7-lanosterol, 16.2 min.


Computational Methods


Molecular-modeling studies were performed on a Silicon Graphics
Fuel R14000 Workstation. MOE 2003.04 (Chemical Computing
Group Inc. , MontrLal, QuLbec, Canada) was used for sequence
alignment and homology modeling. Sequence information on
AthCAS1 and AacSHC was obtained from the Swiss-Prot database
(P38605 and P33247, respectively). The AacSHC crystal structure
(PDB entry 2SQC, resolution 2.00 H) obtained from the Protein Data
Bank (PDB) was used as template for homology modeling. Muta-
tions D376C and C435S were reverted to wild-type residues. All
water and inhibitor molecules, as well as the B-chain were re-
moved from the structure. Sequence alignment was performed by
using the MOE sequence-alignment module and applying the
BLOSUM 40 substitution matrix.[13] Conserved motifs and catalytic
residues were found to align appropriately. The stereochemical
quality of the final model structure was checked with the MOE pro-
tein report and manually refined. The mutations were manually in-
troduced to the wild-type AthCAS1 homology model. To relax the
mutated structures, short MD simulations (100 ps, gas phase) fol-
lowed by a minimization were performed with Moloc (Gerber Mo-
lecular Design). The cationic intermediate was manually docked to
the active sites of the model structures by using Moloc.
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Recognition of Remote Mismatches
by DNA Polymerases


Michael Strerath,[a, b] Jens Gaster,[a, b] and
Andreas Marx*[a, b]


The ability of DNA polymerases to selectively copy a template
strand according to the Watson–Crick rule is crucial for the sur-
vival of any species. Besides editing the insertion of a canonical
nucleotide opposite the corresponding template nucleobase,
most DNA polymerases proceed with extension from mis-
matched primer termini with significantly diminished efficiency
compared to matched substrates.[1] This is a crucial parameter
for the prevention of inadvertent sealing of mutations and
might allow other cellular processes to come into play to
repair the nascent DNA strand.[1] Thus, mismatch extension dis-
crimination significantly contributes to overall DNA polymerase
selectivity.[1] Several crystal structures of DNA polymerases
bound to their substrates indicate that the enzymes make
complex interactions with the primer–template complex and
nucleotide substrates during catalysis of DNA polymerization.[2]


Contact points with the primer–template complex are mani-
fold and reach upto several nucleotide pairs beyond the cata-
lytic center. These points of enzyme contact with the primer–
template complex might be responsible for the observed
discrimination of mismatch extension through auditing of
Watson–Crick hydrogen bonding patterns as well as shape
complementary.[1–3] Interestingly, it has been shown for Escheri-
chia coli DNA polymerase I, that it transfers the primer strand
to its 3’-5’-exonuclease site even when mismatches are located
at distal positions beyond the catalytic center.[4] Here we show
that the auditing of canonical base pairing within the primer–
template duplex applies to DNA polymerases that are deficient
of 3’-5’-exonuclease functionality and also originate from differ-
ent DNA polymerase families. Interestingly, DNA polymerase
discrimination of canonical over noncanonical duplexes con-
taining single mismatches up to four nucleotide positions
beyond the catalytic center, is further increased through chem-
ical modification of the primer strands. We show that these
features can be exploited for efficient DNA diagnosis by em-
ploying real-time polymerase chain reaction (PCR).
To test the action of distal mismatches in the primer–tem-


plate complex on DNA polymerase function, we designed
primer template complexes in which mismatches were moved
from the 3’-terminal position up to five positions away from
the catalytic center (Figure 1A). These DNA duplexes served as
substrates for single nucleotide (i.e. , dAMP) insertion opposite
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the canonical T residue in the template strand. We investigated
two DNA polymerases deficient of 3’-5’-exonuclease activity:
Thermus aquaticus (Taq) DNA polymerase, a member of DNA
polymerase family A and an exonuclease deficient mutant DNA
polymerase of the archaea Thermococcus litoralis (Vent exo�


DNA polymerase), an enzyme from DNA polymerase family B.[5]


First, we evaluated the effects of distal mismatches within
the primer template duplexes on both enzymes. As apparent
in Figure 1B, most mismatches within the primer template
complex significantly diminished nucleotide insertion by Taq
DNA polymerase, whereas under identical conditions matched
complexes were efficiently extended.
Mismatch discrimination seems to be most significant at po-


sition +1, but remained significant for most of the mismatch-
es even when they were located distal to the catalytic center
at positions +2 to +4. As of position +5, no significant dis-
crimination could be detected. Vent exo� DNA polymerase was
also able to detect single nucleotide mismatches remote from
the catalytic center (Figure 1C). In these cases no strong pref-
erence for the location of a respective mismatch in between
position +1 to +4 was observed. Interestingly, although both
enzymes are members of different DNA polymerase families
with little sequence homology,[5] they continue with DNA syn-
thesis at lower efficiency even when mismatches are located
up to four nucleotide moieties distal to the 3’-primer terminus.
The ability of DNA polymerases to distinguish between canoni-
cally and noncanonically paired primer template duplexes fur-
ther adds to overall enzyme fidelity.[1] This additional control
might be caused by intensive contact of the enzymes with the
primer–template stem, which are indicated by several crystal
structures of DNA polymerases bound to the DNA substrate.[2]


The feature of DNA polymerases to transmit the presence of
a single mismatch in the primer template into significantly less
efficient DNA synthesis might be carried forward to new or im-


proved methods for DNA diag-
nosis. Most of the known proce-
dures for the detection of single
nucleotide variations within
genes are applied after PCR am-
plification of the target.[6] Re-
liable direct single nucleotide
analysis (e.g. , through allele-
specific PCR) should supersede
methods that depend on post-
PCR analysis. We have recently
shown that through employ-
ment of 4’-vinylated primer
probes and Vent exo� DNA
polymerase, differentiation be-
tween a match versus single nu-
cleotide mismatches located at
the 3’-terminal primer position
can be achieved.[7,8] Thus,
matched primer–template du-
plexes are amplified with signifi-
cantly higher efficiency com-
pared to mismatched ones; this


can lead to a conclusion about the sequence opposite the 3’-
primer terminus. Based on our findings described herein, we
asked whether remote mismatches within the primer–template
complex are also discriminated with PCR. Such a desired ability
would significantly extend the approach of allele-specific PCR.
First, we conducted primer extension reactions under similar
conditions applied in PCR reactions and compared unmodified
with 4’-vinylated primer probes in their specificity. As shown in
Figure 2, under the conditions applied, unmodified probes are
extended without any significant discrimination between
matched and single mismatched complexes while the intro-
duction of a single 4’-vinyl group at the 3’-primer terminus
causes a significant increase in discrimination.
Thus, even when a single mismatch is located at remote po-


sitions within the primer–template complex, extension selectiv-
ity was significantly enhanced through 4’-vinylated probes.
These effects persist until position +4. Interestingly, the ob-
served effects are independent of the mismatch sequence.
Measured melting curves of unmodified and 4’-vinylated com-
plexes containing mismatches at distal positions indicate that
the modification has no significant impact on thermal stability
(results not shown). Thus, the observed effects are likely to be
caused by differential enzyme–substrate interactions. These re-
sults support the notion that enzyme conformational changes
occur globally, as does checking for correct Watson–Crick base
pairing in the primer–template complex.[1] We believe that the
observed effects of the modified substrates originate from
these global enzyme transitions, which are triggered by mis-
matches at remote positions. These changes are monitored by
the added bulk at the 4’-vinylated primer terminus, which
decreases the propensity of extension of the geometrically
altered, that is, mismatched primer–template, by the enzyme.
Next, we investigated whether we are able to exploit the ob-


served features in an allele-specific PCR system.[9] We studied


Figure 1. A) DNA substrates, B) single nucleotide insertion catalyzed by Taq DNA polymerase, C) single nucleotide inser-
tion catalyzed by Vent exo� DNA polymerase. All reactions contained equal amounts of the respective enzyme, dATP,
and unmodified primer template complex. M: marker. Sequences of primer and templates are indicated in the figure.
Green indicates matched cases, red indicates mismatched cases. N=A, G, C, or T, as indicated in panels B and C.
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PCR product formation in real-time by SYBR Green I detection
of double-stranded DNA.[10] In cases were unmodified primers
were used no significant discrimination was observed and the
formation of nearly congruent amplification curves were de-
tected (Figure 3).
However, under the same reaction conditions significant


differences between the amplification of matched and mis-
matched complexes were observed when 4’-vinylated primers
were used. In these cases, any mismatch located at positions
+1 to +4 resulted in an amplification curve with a threshold
crossing cycle number significantly higher than observed for
matched complexes. Thus, the system composed out of 4’-vi-
nylated primers and Vent exo-DNA polymerase is able to faith-
fully detect single nucleotide variations even when they are


located distal to the 3’-primer
terminus. This is a hitherto un-
recognized DNA polymerase
ability with significant impact
on the development of highly
allele-specific PCR systems
needed for the direct diagnosis
of single nucleotide variations
within genes, like mutations or
polymorphisms.
Taken together, our results


show that DNA polymerases
detect mismatches within the
primer–template complex up to
four positions distal to the cata-
lytic center. This process is be-
lieved to significantly add to
the overall selectivity of enzy-
matic DNA synthesis. The global
enzyme transitions, which are
thought to be responsible for
the observed effects, can be
monitored by 4’-modified


primer strands that act as steric probes. Based on these find-
ings we were able to significantly extend methodology that
allows direct analysis of single nucleotide variations within
genes through allele-specific PCR.


Experimental Section


DNA substrates: Unmodified double-grade HPLC purified DNA
substrates, which were used as templates, were purchased from
IBA GmbH, Gçttingen, Germany. The synthesis of modified primer
strands was carried out as described.[7b] Primer DNA strands were
subsequently purified by preparative electrophoresis on a 12%
polyacrylamide gel that contained 8m urea. The integrity of all
modified oligonucleotides was confirmed by matrix-assisted laser


Figure 2. Primer extension by using A) unmodified or B) 4’-vinylated thymidine moieties at the 3’-terminal position of
the primer. Each reaction contained equal amounts of Vent exo� DNA polymerase and the respective primer–template
as indicated. Sequences are shown in Figure 1, N=A, G, C, or T, as indicated. Conditions: All four dNTPs [0.2 mm


each], and Vent exo� DNA polymerase [0.8 units] . M=marker. Green indicates matched cases, red indicates mis-
matched cases.


Figure 3. Real-time PCR experiments derived from unmodified (TH) and 4’-vinylated (TVi) primers and mismatches located at several positions within the primer tem-
plate complex (+1, +2, +3 or +4 nucleotides away from the reaction center).[11] Green indicates matched cases, red indicates mismatched cases. All experiments
were conducted under identical reaction conditions and contained equal amounts of dNTPs, DNA substrate, and Vent exo� DNA polymerase.
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desorption ionization-time of flight mass spectrometry (MALDI-TOF
MS).


DNA oligonucleotide sequences: Reverse primer for PCR experi-
ments: 5’-CG CGC AGC ACG CGC CGC CGT. Templates for PCR in-
vestigations: 90+1: 5’-CCGTCAGCTGTGCCGTCGCGCAGCACGC-
GCCGTGGACAGAGGACTGCAGAAAATCAACCTNTCCTCCTTCAG-
CAACGTACAGAG;90+2: 5’-CCGTCAGCTGTGCCGTCGCGCAGCA-
CGCGCCGTGGACAGAGGACTGCAGAAAATCAACCTANCCTCCTT-
GACCAACGTACAGAG; 90+3: 5’-CCGTCAGCTGTGCCGTCGCG-
CAGCACGCGCCGTGGACAGAGGACTGCAGAAAATCAACCTATN -
CTCCTTCAGGACCAACGTACAGAG; 90+4: 5’-CCGTCAGCTGTGC-
CGTCGCGCAGCACGCGCCGTGGACAGAGGACTGCAGAAAATCAA-
CCTATCNTCCTTCAGGACCAACGTACAGAG, N=A, G, C, or T.


Primer extension assays: Primer extension assays were conducted
as described before.[7] Reactions were initiated by the addition of a
polymerase solution in 1x reaction buffer and heating to 72 8C. Re-
actions promoted by the Vent DNA polymerase (exo- mutant; New
England Biolabs) were performed in New England Biolabs “Thermo-
Pol” buffer (10 mm KCl, 20 mm Tris-HCl (pH 8.8 at 25 8C), 10 mm


(NH4)2SO4, 2 mm MgSO4, 0.1% Triton X-100). Reactions that were
carried out with Taq DNA polymerase (Amplitaq, Applied Biosys-
tems) were performed in Applied Biosystems “10x PCR Buffer”
buffer (10 mm Tris-HCl (pH 8.3 at 25 8C), 50 mm KCl, 1.5 mm MgCl2,
0.001% (w/v) gelatin). Assays included primer–template complex
(150 nm) and the respective enzyme (0.25 units; units defined by
the supplier). After incubation for 1 min the reaction mixtures were
cooled to 0 8C and the reaction was quenched by the addition of
PAGE-gel loading buffer (60 mL, 80% formamide, 20 mm EDTA)
and subsequently heated to 95 8C for 10 min and analyzed as
described.[7]


Real-time PCR experiments: Real-time PCR was performed by
using ABI PRISM 7700 or iCycler (BIORAD) systems together with
the DNA primer–templates mentioned before. The presented re-
sults are from at least two independently performed measure-
ments that originated from one master-mix as described.[7]
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Structural Modifications Enable
Conserved Peptides to Fit into MHC
Molecules thus Inducing Protection
against Malaria
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Developing a rational methodology for obtaining vaccines
against P. falciparum malaria (the disease’s most lethal form, af-
flicting more than 250 million people around the world per
year and killing about 2 million of them)[1] has become one of
the main objectives of public health authorities around the
world.[2] A multiantigenic vaccine, containing molecules from
the parasite’s different developmental stages, is required due
to the parasite’s remarkable complexity and adaptability.[3] The
first such approach (the SPf66 synthetic vaccine),[4, 5] which
used peptides from molecules from different parasite stages,
conferred limited protective efficacy in Aotus monkey studies
and in field trials carried out on human volunteers around the
world.[6]


[a] Prof. M. E. Patarroyo, G. Cifuentes, L. E. Vargas, J. Rosas
Fundaci�n Instituto de Inmunologia de Colombia (FIDIC)
Cra. 50 No. 26-00 Bogot, (Colombia)
Fax: (+57) 1-4815269
E-mail : mepatarr@mail.com


[b] Prof. M. E. Patarroyo
Universidad Nacional de Colombia
Ciudad Universitaria, Bogot, (Colombia)


1588 7 2004 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim DOI: 10.1002/cbic.200400116 ChemBioChem 2004, 5, 1588 –1593







Since SPf66 was made up of peptides with high red-blood-
cell (RBC) binding ability,[7] the data suggested that amino acid
sequences and peptides from membrane proteins and/or mol-
ecules mediating host-cell invasion (RBCs or hepatocytes) rep-
resented the best targets for inhibiting or destroying the para-
site. Conserved high-activity binding peptides (HABPs) were
identified in an attempt to avoid the parasite’s great genetic
variability/adaptability.
However, conserved HABPs are poorly immunogenic[8] and


poor protection inducers[9] against experimental challenge
with a P. falciparum strain 100% infective for the Aotus monkey
experimental model.
Hundreds of modified HABP analogues (with which thou-


sands of Aotus have been immunised) were synthesised when
searching for this rational methodology. A great number of
these peptide analogues were found to be immunogenic and
protection-inducers when some of the critical residues in RBC
binding had been substituted for amino acids of similar mass
but different polarity. It was these induced conformational,
charge distribution and hydrophobic changes in key positions
in the modified HABPs that rendered them immunogenic and
protection-inducing.[8–16]


It has been suggested that such changes enabled these
modified peptides to fit better into class II major histocompati-
bility complex (MHC) molecules, thus forming the MHC II-pep-
tide–T cell receptor (TCR) (MHC II–peptide-TCR) complex.[8] The
interaction of these HABPs with MHC class II (HLA-DRb1*) puri-
fied molecules was thus analysed in this work to test such a
hypothesis, and correlations were sought between their immu-
nological activity, their ability to bind to these molecules and
their three-dimensional structure as determined by prior
1H NMR studies.[8–16]


The chemical synthesis and molecular characterisation of
native peptides D,[10] E,[11] F,[9] G,[8] H,[12] I,[13] J,[14] L[15] and M[16]


and their analogues as well as their immunogenic and protec-
tion-inducing capacity in the Aotus monkey against experimen-
tal challenge have already been described,[8–16] as have their
three-dimensional structures determined by 1H NMR.[8–16] The
methodology used for isolating HLA-DRb1* 0101, 0301, 0401
and 1101 molecules and the binding of these peptides to
them has also been previously described.[17] The peptide being
studied by this methodology has been shown to be able to
compete or not with a biotinylated peptide for binding to
purified HLA-DRb1* molecules.[18]


The immune responses and HLA-DRb1* molecule-binding
capacity of peptides C, B,[19] and A[21] and their analogues have
also been analysed.
The peptide HLA-DRb1* binding register was modified when


designing the molecules in some of these peptides (i.e. F and
F1,[9] J and its J2 analogue[14] and G and its G2 analogue[8]),
based on the peptide motifs for the HLA-DRb1* alleles to
which they were found to bind experimentally.
Analysing conserved HABP binding to the purified HLA-


DRb1* (0101, 0301, 0401 and 1101) molecules studied in this
work (Table 1), for which there are almost identical molecules
in Aotus,[18] supports our original hypothesis:[8] that most con-
served HABPs’ absence of immunogenicity and/or protection-


inducing capacity could be partly due to their poor ability to
form the MHC II-peptide–TCR complex, thus requiring specific
modification. It was found that 10 out of 13 conserved un-
modified HABPs did not bind to the HLA-DRb1* molecules
studied here (Table 1). Only RESA protein native peptide D[10]


and P. falciparum SERA protein I[12] peptide specifically bound
to HLA-DRb1* 0401 and HLA-DRb1*0301 molecules, respective-
ly. MSP-1 protein native peptide J[14] bound promiscuously,
simultaneously and with high capacity to HLA-DRb1* 0301 and
HLA-DRb1* 1101 molecules.
Certain modifications made to the conserved HABPs, which


allowed them to bind specifically to HLA-DRb1*, made some of
these peptides (i.e. peptides A1, A2, B1, C1, D1, D2, E1, E2, F1,
G1, G2, G3, H1, I1, J1, J2 and K1) immunogenic and protection-
inducing (Table 1). However, some of the peptides that bound
to HLA-DRb1* molecules (i.e. peptides C2, D5, D6, D7, D8, D9,
F2, H2, I2 and K3) became immunogenic but not protection-
inducing; this suggests that additional modifications are re-
quired, probably to those residues theoretically making contact
with the TCR (as shown later).
Some immunogenic and protection-inducing modified


HABPs (D3, D4, E3, K2, L1, L2 and M1) did not bind to any of
the HLA-DRb1* molecules analysed here (Table 1); this sug-
gests that they could be binding to other HLA-DRb1* mole-
cules not included in the present study or to Aotus class II ex-
clusive molecules.[22]


Table 1 confirms a finding from the study,[15] totally the op-
posite of what was expected, in which native peptide J and
modified peptides D10, D11, D12, G4, J3 and J4, which are de-
rived from different HABPs and P. falciparum proteins that bind
promiscuously to several class II molecules, were neither immu-
nogenic nor protection-inducing.
Based on previously described 1H NMR studies,[8–16] Table 2


shows that native nonimmunogenic, non-protection-inducing
conserved HABPs show totally random (A, D, F and K), a-helical
(B, J and G) or classic b-turn (E) structures, perhaps as an
immune evasion mechanism. Their helicity must therefore be
substantially shortened (e.g. B1 and J2), displaced (e.g. A1, D2
and G2) or distorted (b-turn induced; e.g. F1, K1 and E2) in
order to make them become immunogenic and protection-
inducing. These modifications could give them a more appro-
priate configuration for fitting into the MHC II-peptide–TCR
Complex. This was proved when HLA-DRb1* molecule binding
became induced on modifying the HABPs such that some of
them became immunogenic and protection-inducing.
It was also observed (Figure 1, right and Table 2) that in all


immunogenic and/or protection-inducing peptides, the dis-
tance between amino acids that theoretically fit into putative
HLA-DRb1* molecule pockets 1 and 9 is 23.0�3.0 I. The only
exception was the peptide B1 analogue, whose structure was
determined in DMSO due to solubility problems.[19] The dis-
tance between pockets 1 and 9 is much less (17.0�2.5 I) in
native HABPs or their nonimmunogenic and non-protection-
inducing analogues. The exception was peptide F4 (24.29 I),
which has a completely different orientation of residues that fit
into pockets 4 and 6. Peptide D5 was immunogenic but not
protection-inducing (Table 2). The above data allow us to sug-
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gest that 23.0�3.0 I is the
range of distance between
amino acids 1 and 9 required to
fit into the respective pockets of
any HLA-DRb1* molecule in im-
munogenic and protection-in-
ducing modified HABPs. There-
fore, very compact and rigid
peptides that have lesser distan-
ces (i.e. all those with a-helices),
have greater distances (i.e. total-
ly random) or are totally disori-
entated in their configuration
will not fit well into class II mol-
ecules and thus not allow for-
mation of the MHC II-peptide–
TCR complex for properly acti-
vating the immune system. They
must therefore become modi-
fied.[8–16]


Although side-conformation
reliability is limited by relatively
high conformational freedom,
clear differences were observed
in these peptides. The amino
acids that form modified HABP
binding motifs (P1, P4, P6 and
P9, shadowed in Table 1, sug-
gesting that they were fitting
correctly into their respective
pockets) agreed with the biolog-
ical results of these peptides
binding to their respective HLA-
DRb1* molecules.[23,24] If we con-
sider that the bright pink resi-
due fits into pocket 1, the blue
one fits into pocket 4, the
orange one fits into pocket 6
and the green ones fits into
pocket 9 (based on those motifs
experimentally defined as being
specific for HLA-DRb1* 0301,
HLA-DRb1* 0401 and HLA-
DRb1* 1101 alleles,[23,24] which
are similar to those alleles most
frequently found in Aotus),[22]


then differences in location and
orientation of some of these
lateral chains become most
marked between protective and
non-protection-inducing pepti-
des. These differences are clearly
shown in Figure 1, right-hand
side, for peptides A1, D2, F1, E2,
J2 and G2 in pocket 4 (blue)
and pocket 6 (orange) when
compared to their native or


Table 1. These HABPs amino acid sequences, their immunogenic activity (immunofluorescence antibodies against
the P. falciparum parasite �1:160), and their protection-inducing activity (complete absence of parasites in Aotus
blood 15 days after being challenged) have already been described.[8–16] Peptides L and M and their analogues
have not had their peptide-binding motives assigned due to their not binding to specific HLA-DRb1* molecules.


Peptide Peptide sequence IFA No of % of HLA-DRb1* molecule binding Ref.
P1 P4 P6 P9 post 3rd protected 0101 0301 0401 1101


monkeys


A KSKKHKDHDGEKKKSKKHKD 0 0 �1 29 19 7 [21]
A1 KSKKHMDLDGEMMMAKKLKD 3(1280) 1/8 �3 53 34 31
A2 KSKKHMIHDGEKKKIKKLKD 1(160) 1/4 �14 51 17 2
A3 KSKKHMDHDGEKKKIKKLKD 1(160) 0/9 �14 32 21 0
A4 KSKKHMNHDGEKKKVKKLKD 2(320) 0/6 �5 10 �1 5
A5 KSKKHKDHDGEKKKVKKLKD 1(640) 0/6 �22 9 21 0
A6 KSKKHMIHDIEKMKIKKLKD 1(320) 0/8 �11 25 8 20


B YTNQNINISQERDLQKHGFH 0 0 �2 �10 30 �10 [19]
B1 LTNQNINIDQEFNLMKHGFH 1(640) 1/9 �4 51 16 42
B2 LTNQNINIDQEFPLMKHGFH 0 0/5 �9 55 29 42
B3 YTNQNINISMERNLMKHGFH 0 0/6 �2 �2 53 �4


C KMNMLKENVDYIQKNQNLFK 0 0 6 15 4 10
C1 KMNMHLENVPWIMNKQNLFK 1(320) 2/7 �6 50 �9 13
C2 KMNMHMENVPWIVKNQNLFK 3(320) 0/7 0 67 28 20
C3 KMNMHMENVPYIMKNQNLFK 0 0/7 4 64 25 8
C4 KMNMHLEHVPWIMKNQNLFK 1(320) 0/6 �6 32 �10 34
C5 KMNMHMENVAWIMKNQNLFK 1(1280) 0/9 6 23 �10 30
C6 KEMNMHMKNVDYIQKNQN 0 0/10 �23 44 12 1


D MTDVNRYRYSNNYEAIPHIS 0 0 24 45 61 16 [10]
D1 VIRYRYSNNYEAIDHIS 1(640) 1/6 31 12 65 16
D2 MTDVIRYRYSNNYEASDHIS 1(5120) 1/6 �5 33 50 16
D3 MTDVNRYRYSNNYEEQPHIS 1(1280) 2/4 �4 17 24 0
D4 MTDVNRYRYSNNYEQEPHIS 1(1280) 2/9 �15 25 28 22
D5 MTDVIRYRYSNNYEAESHIS 4(5120) 0/2 6 83 32 16
D6 MTDVIRYRYSNNYESESHIS 1(640) 0/4 3 85 30 24
D7 MTDVVFYRYSNNYEGQPHIS 1(320) 0/5 �4 87 43 4
D8 MTDVIRYRYSNNYESNDHIS 1(320) 0/4 �13 85 46 24
D9 TDVNRYRYSNDYESSDK 1(320) 0/8 �14 52 41 2
D10 MTDVIRYRYSNNYESSDHIS 0 0/5 �27 90 57 24
D11 MTDVIRYRYSNNYEGSDHIS 0 0/5 �8 82 52 4
D12 MTDVIRYRYSNNYEGNDHIS 0 0/5 �6 78 52 4


E KNESKYSNTFINNAYNMSIR 0 0 5 0 38 �60 [11]
E1 SKYSNTFNINAYNMVIRRSM 1(5120) 1/8 9 1 53 0
E2 KNESKYSNTFEVNAYNMSIR 1(5120) 1/3 4 23 0 50
E3 KNESKYSNTFEVNAYNMVNR 1(2560) 1/10 �1 2 �12 1


F DAEVAGTQYRLPSGKCPVFG 0 0 6 25 7 27 [9]
F1 DAEVAGTQYFHPSGKSPVFG 1(5120) 1/5 5 20 60 20
F2 DAEVAGTQWFLPSGKSPVFG 2(320) 0/6 �3 47 0 60
F3 DAEVAGTQWFDPSGKSPVFG 2(640) 0/5 1 22 �2 22
F4 DAEVAGTQWFNPSGKSPVFG 0 0/6 0 8 1 44


G EVLYLKPLAGVYRSLKKQLE 0 0 5 18 7 15 [8]
G1 EVLYHVPLAGVYRSLKKQLE 1(640) 2/4 �4 30 �5 61
G2 EVLYHMPLGGVYRALKKQLE 1(2560) 1/6 4 26 �6 63
G3 EVLYLLDLAGVYRSLKKQLE 1(2560) 1/4 �12 47 �8 20
G4 EVLYLMSLAGVYRSLKKQLE 0 0/5 1 83 �1 91


H WGEEKRASHTTPVLMEKPYY 0 0/5 �17 12 �3 �6 [12]
H1 YSEMKRASLTTPVLKEKPYY 1(320) 1/5 4 19 7 52
H2 YSEMKRASLTTPVLKEMPWY 2(320) 0/5 �2 29 �1 53
H3 YSEMKRASMTTPVLMEKPYY 0 0/6 �2 13 �2 46


I YDNILVKMFKTNENNDKSELI 0 0/5 0 79 0 38 [13]
I1 DNIHVKMFKVIENNDKSELI 1(2560) 2/9 �3 4 17 54
I2 DNIHVKMRKVIMNNDKSELI 1(640) 0/5 �3 75 0 38


J QIPYNLKIRANELDVLKKLV 0 0/5 1 88 �3 91 [14]
J1 QIPYNLKIRAGGLDGGKKLV 2(2560) 1/3 �1 16 �14 53
J2 QIPYNLKIRANMLDVDKKLV 1(160) 1/5 �3 43 �3 77
J3 QIPYNLKIRAIMLDAHKMLV 0 0 25 57 0 76
J4 QIPYNLKIRANMLDVNKKLV 0 0 6 53 9 76


K NNNFNNIPSRYNLYDKKLDL 0 0/5 2 33 11 6 [20]
K1 FNNIPSRYNLYDKMLPLDD 2(640) 2/5 45 5 18 69
K2 NNIPSRYNLYDKMLDLD 1(1280) 2/10 0 08 13 24
K3 NNIPSRYNLYDKMLDLDDL 9(320) 0/9 �6 52 15 24
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nonprotection analogues (Figure 1, left-hand side). Profound
structural modifications in conformation, charge distribution,
hydrophobicity and distance were thus observed in modified
conserved HABPs, leading to their residues being suitably
placed to fit into their respective HLA-DRb1* pockets, thus
appropriately activating the immune system. This was proved
by their changed ability to bind to these molecules.
The modifications have also had a great impact on orientat-


ing those residues that putatively come into contact with the
TCR, such as T2 (red), T3 (turquoise), T5 (pale pink), T7 (grey)
and T8 (yellow) as shown in Figure 1. There were marked dif-
ferences in the orientations of residues T3, T7 and T8 in pepti-
des A1 and B1, which specifically bound to HLA-DRb1* 0301
molecules, when compared to A3 and B. The same was seen in
T2, T3, T7 and T8 in peptides D2 and F1, which specifically
bound to HLA-DRb1* 0401, when compared to D5 (immuno-


genic but nonprotective) and F4
(nonimmunogenic and non-pro-
tection-inducing) the same as in
residues T3 and T7 from pepti-
des K1, E2, J2 and G2, which
bound to HLA-DRb1* 1101,
when compared to K4, E, J and
G (nonimmunogenic and non-
protection-inducing).
The above data suggest that,


depending on the HLA-DRb1*
allele to which an immunogenic
and protective peptide binds,
there could be specific selection
for those residues that come
into contact with the TCR. Thus,
when a peptide binds to HLA-
DRb1* 0301, the T3, T7 and T8
residues are allowed to come
into contact with the TCR,
whilst, with the HLA-DRb1* 0401
allele, residues T2, T3, T7 and T8
come into contact with the TCR,
and, with the HLA-DRb1* 1101
allele, residues T3 and T7 are
the TCR contacting residues. In
agreement with our observa-
tions, it has been found that
MHC II alleles influence the T-
cell functions in the mouse
system by restricting TCR access
to specific I-A bound peptide
residues.[25]


The absence of T5 (light pink)
residue interaction (suggested
as being fundamental in peptide
interaction with the TCR)[26] was
most striking; we have not been
able to explain this to date.
As immunity to blood-stage


murine malarial parasites is
MHC II dependent,[27] the immunogenic and protection-induc-
ing structural characteristics and HLA-DRb1* purified molecule
binding capacity of the peptides have to be identified. What
we have described in this manuscript is that profound structur-
al modifications have to be made to key residues in conserved
HABPs so that they can fit properly and form the MHC II-
peptide–TCR complex to induce an appropriate protective
immune response. Based on the number of HLA-DRb1* alleles
and the number of peptides they can bind to, it has been pre-
dicted that a fully protective malaria vaccine, which would pro-
tect >95% of the world’s population, might need up to 44 dif-
ferent epitopes;[28] this therefore represents the minimum
number of immunogenic and protection-inducing modified
HABPs that have to be designed.
This article has thus brought together the data from hun-


dreds of in vivo experiments that made use of the Aotus exper-


Table 1. (Continued)


Peptide Peptide sequence IFA No of % of HLA-DRb1* molecule binding Ref.
P1 P4 P6 P9 post 3rd protected 0101 0301 0401 1101


monkeys


K4 NNIPSRYNLYDKMLPLDL 0 0/8 27 29 10 29
K5 FNNIPSRYNLYDKMLELDD 0 0/7 38 63 23 24


L KSYGTPDNIDKNMSLIHKHN 0 0/6 6 34 5 38 [15]
L MSYGSDDNNDKNKSLNNKHN 2(320) 1/4 7 �4 �6 19
L2 MSYGSDDNDDKNKSLDHKHN 1(320) 2/4 2 0 2 16
L3 MVYGSDDNNDKNKSLNNKHN 2(640) 0/5 4 �10 �4 9
L4 MAYGSDDNDDKNKSLDHKHN 0 0/5 7 �7 5 1


M MLNISQHQCVKKQCPQNS 0 0/5 3 5 �12 10 [16]
M MLNISMLQTVMMMTPQK 1(2560) 2/8 13 3 �13 3
M2 MHNISQLQVVKKMVPQK 1(640) 0/8 �1 0 �11 11
M3 MLNISMLQTVMKMTPQK 0 0/7 �13 4 �16 47


Table 2. Summary of structural, biological, and immunological properties of native and modified HABPs.


Peptide Structural features Distance HLA-DRb1 Putative TCR I[a] P[b]


[I] binding contacts


A random – – – – –
A3 a-helix (E11–K14) 16.44 – – + –
A1 a-helix (D7–G10) and (M13–K16) 20.32 0301 3,7,8 + +


B a-helix (Q4–L14) 17.73 – – – –
B1 a-helix (I6–F12) 19.57 0301 3,7,8 + +


D random – 0401 – – –
D5 a-helix (M1–Y9) 21.28 0301 – + –
D2 a-helix (V4–R8) 24.73 0401 2,3,7,8 + +


F random – – – – –
F4 classical type III b-turn(T7–F10) 24.29 – – – –
F1 distorted type III’ b-turn(T7–F10) 25.04 0401 2,3,7,8 + +


K random – – – – –
K4 a-helix (P8–M17) 19.53 – – – –
K1 classical type III b-turn (S9–N12) and


classical type III b-turn (Y14–M17) 23.55 1101 3,7 + +


E classical type III’ b-turn (S7–F10) 18.97 – – – –
E2 distorted type III’ b-turn Y6–T9 and


distorted type III b-turn (A14–M17) 22.18 1101 3,7 + +


J a-helix (Q1–V20) 16.85 0301,1101 – – –
J2 a-helix (P3–N11) 20.21 1101 3,7 + +


G a-helix (Y4–Y12) 14.26 – – – –
G2 a-helix (L8–K17) 21.85 1101 3,7 + +


[a] Immunogenicity. [b] Protectivity.
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imental model to show how rationally designing a subunit-
based, multicomponent, multistage, chemically synthesised
malaria vaccine is being developed in attempts at controlling
this deadly disease.
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Site-Specific Multivalent
Carbohydrate Labeling of Quantum
Dots and Magnetic Beads


Xue-Long Sun,*[a] Wanxing Cui,[a] Carolyn Haller,[a] and
Elliot L. Chaikof*[b]


Cell-surface carbohydrates act as receptors for a variety of pro-
tein ligands and thereby play a significant role in a wide range
of biological processes, including immune-recognition events[1]


and the interaction of viruses and bacteria with host cells[2] as
well as tissue growth and repair.[3] As such, binding interactions
of carbohydrates and proteins provide a starting point for the
development of novel diagnostic agents and a framework for
new therapies.[4] It is notable that the low affinity and specifici-
ty that are typical of monomeric carbohydrate–protein interac-
tions are dramatically enhanced when the carbohydrate com-
ponent is presented as a multivalent ligand; a phenomenon
referred to as the “cluster-glycoside effect”.[5–7] In response to
this observation, considerable effort has focused on the design
of unique, multivalent carbohydrate ligands in the form
of linear polymers,[8–13] liposomes,[14,15] dendrimers,[16–18]


beads,[19,20] or nanoparticles.[21–23] In this regard, we have re-
cently described a useful route for the synthesis of glycopoly-
mers by a cyanoxyl-mediated free-radical polymerization
scheme that can be performed under aqueous condition and
is tolerant of a wide range of monomer functionalities, includ-
ing �OH, �COOH, �NH2, and �OSO3H groups.[24] Conveniently,
this synthetic approach facilitates selective derivatization of


the polymer-chain terminus.[25] Herein, we report site-specific
multivalent carbohydrate labeling of nanocrystal (quantum-
dot) and magnetic-bead surfaces using a biotin chain-end-
functionalized glycopolymer and demonstrate the potential
value of these multivalent carbohydrate polymers in both
imaging and biocapture applications (Figure 1).


Semiconductor nanocrystals are a new class of size-tunable
optical probe.[26,27] Recently, nanocrystal surfaces have been
functionalized with DNA,[28] peptides,[29] proteins,[30] and other
small ligands[31] with intended applications as biological re-
agents and probes. Nanocrystal–streptavidin conjugates, for
example, have been used to stain tissues, cells, and intracellu-
lar organelles.[32,33] Likewise, nanocrystal–avidin–antibody con-
jugates have improved the sensitivity of conventional fluoroim-
munoassays.[34] To the best of our knowledge, carbohydrate-
conjugated nanocrystals have yet to be explored in bioimaging
applications although a few nanocrystal–carbohydrate conju-
gates have been reported (see also note added in proof).[35,36]


In the present study, nanocrystal–multivalent carbohydrate
conjugates were produced by incubating nanocrystal–strepta-
vidin (50 mL, 120 mgmL�1 streptavidin in phosphate buffered
saline (PBS), QdotTM 565 streptavidin conjugate, Quantum Dot
Corp. , Hayward, CA) with biotin end-terminated glycopolymer
1 (50 mL, 1 mgmL�1 in PBS) bearing ten pendant lactose
groups for one hour at room temperature. RCA120 is a lectin
that binds to terminal b-d-galactose.[37] As a model system,
RCA120-immobilized agarose beads (100 mL, 2 mgmL�1, Sigma)
were incubated with nanocrystal–carbohydrate conjugates in
PBS (100 mL) for 1 h at room temperature and subsequently
washed three times with PBS. Confocal microscopy confirmed
fluorescent staining of the lectin-modified bead surfaces (Fig-
ure 2A). Of particular interest was that staining intensity was
dramatically enhanced by the initial exposure of RCA120 beads
to biotin end-terminated glycopolymer 1 followed by incuba-
tion of the mixture with streptavidin–nanocrystal conjugates
(Figure 2B). The weak-intensity staining observed when using
the first approach might have been due to the presence of
free glycopolymer along with the nanocrystal–carbohydrate
conjugates. As a two-step procedure, the sensitivity of staining
was increased through the formation in situ of nanocrystal–
carbohydrate complexes on the bead surface without the
need to purify the conjugate. The absence of staining on treat-
ment with streptavidin nanocrystals alone or with the use of
nonbiotinylated glycopolymer 2 confirms the necessity and
specificity of both carbohydrate–lectin and streptavidin–biotin
interactions (Figure 2C).


Biotin end-terminated glycopolymers were also used to
extend the versatility of magnetic-bead-based biocapture
assays that have been employed for the rapid isolation of a va-
riety of lectin-bearing cells and biomolecules.[38] Indeed, Rye
and Bovin have demonstrated that glycopolymer-derivatized
magnetic beads provide a useful tool for the selection of cells
expressing a specific carbohydrate-binding phenotype.[39]


Bundy and Fenselau have also reported that glycopolymer-
based affinity capture surfaces are more sensitive than lectin-
based systems for microbial capture.[40] While in both reports
glycopolymers were effectively attached to the bead and
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membrane surface at multiple backbone binding sites, we be-
lieve that immobilization of glycopolymers through a single
chain terminus will increase ligand surface density and accessi-
bility with a concomitant enhancement in biocapture potential
and performance of particle-based biosensors.


Biotin end-terminated glycopolymer 1 was bound onto the
surface of streptavidin-derivatized magnetic beads (MagPrepTM


Streptavidin Beads, EMD Biosciences, Inc. , San Diego, CA) by
incubating 40 mg (4I10�9 mol) of 1 with 5 mg of beads in
0.5 mL of PBS, followed by thorough washing in PBS. To evalu-
ate their lectin-binding capacity, the beads were incubated
with a fluorescein (FITC)-labeled galactose-binding lectin (Pso-
hocarpus tetragonolobus, 164 mg, 4I10�8 mol, Sigma) in 0.5 mL
of PBS. Lectin capture was confirmed by confocal microscopy
with visualization of lectin-induced bead assembly due to in-
teractions with and between multivalent carbohydrate-coated
beads (Figure 3). The lectin-binding capacity was 2.4I10�9 mol
of lectin per mg of magnetic beads, as determined by fluores-
cence-intensity analysis.[41]


In order to assess capture specificity, glycopolymer-coated
magnetic beads were incubated with galactose-specific bind-
ing lectin (Psophocarpus tetragonolobus and RCA120) and glu-
cose/mannose-specific (Concavalin A) lectin (20 mm) in 0.5 mL


Figure 1. Schematic illustration of a streptavidin-derivatized nanocrystal or magnetic bead that presents an oriented, high-density array of surface-bound
glycopolymers.


Figure 2. Glyco-imaging with streptavidin nanocrystals and biotin end-terminated glycopolymers. A) Lectin beads stained with preformed nanocrystal–glycopolymer
conjugates. B) Lectin beads initially exposed to biotin end-terminated glycopolymers followed by staining with streptavidin-nanocrystal conjugates. C) Lectin beads
incubated with streptavidin nanocrystals alone. A similar image was observed when beads were incubated with nonbiotinylated glycopolymer 2. Filter set ex
480�20 nm/em 560�20 nm). Bar: 100 mm.


Figure 3. Glyco-biocapture: A) FITC–lectin captured on glycopolymer-coated
streptavidin magnetic beads. Arrows indicate lectin-induced bead assembly.
B) Minimal nonspecific binding of FITC–lectin to uncoated streptavidin magnet-
ic beads was observed. C) Schematic illustration of glyco-capture and lectin-
induced bead assembly. (Bar: 50 mm).
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of PBS. Subsequent incubation with an excess of free biotin in
combination with gel electrophoresis allowed the release and
identification of the captured lectin. As demonstrated in
Figure 4, capture of galactose-binding lectins was confirmed
(Psophocarpus tetragonolobus : Gel A, lane 8; RCA120: Gel B,
lane 3), while capture did not occur in the absence of immobi-
lized glycopolymer 1 (Gel A, lane 5) or with use of nonbiotiny-
lated glycopolymer 2 (Gel A, lane 6). Likewise, beads coated


with a galactose-based glycopolymer were not able to capture
Concavalin A, a glucose-binding lectin (Gel B, lanes 4, 5).
MALDI mass matrix solution[42] or addition of free carbohydrate
ligand[39] provide alternate approaches for inducing the release
of the captured target. Moreover, dissociation of biotin from
streptavidin can also be achieved by incubating conjugates in
formamide, phenol, or SDS, thereby releasing the captured
lectin from the bead surface. Nevertheless, use of free biotin
yields both the target and biotin-glycopolymer under very
mild conditions and thereby facilitates further analysis of the
releasate, including further structural characterization of carbo-
hydrate-binding sites.[43]


In summary, we have presented a strategy for oriented and
high-density labeling of streptavidin–nanocrystal and magnet-
ic-bead surfaces with biotin end-terminated carbohydrate-
bearing polymers. Through variation of the polymer pendant
group, nanocrystals and magnetic beads can be derivatized
with a range of natural or synthetic carbohydrate ligands. In
the process, the applicability of these important reagents as
fluorescent probes and in biocapture applications has been
extended.


Note added in proof


During manuscript submission, one report about a quantum dot-
conjugated sugar ball and its cellular uptake came out: F. Osaki, T.
Kanamori, S. Sando, T. Sera, Y. Aoyama, J. Am. Chem. Soc. 2004,
126, 6520–6521.
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Common Inhibition of Both b-
Glucosidases and b-Mannosidases
by Isofagomine Lactam Reflects
Different Conformational Itineraries
for Pyranoside Hydrolysis


Florence Vincent,[a] Tracey M. Gloster,[a]


James Macdonald,[b, e] Carl Morland,[c] Robert V. Stick,[b]


Fernando M. V. Dias,[d] Jos� A. M. Prates,[d]


Carlos M. G. A. Fontes,[d] Harry J. Gilbert,[c] and
Gideon J. Davies*[a]


The ninety sequence-based families of glycoside hydrolases
(GHs)[1] and the correspondingly large diversity of protein top-


ologies[2] are a rich framework for studying variations in the
catalytic mechanism of enzymatic glycoside hydrolysis. Such
hydrolysis features oxocarbenium-ion-like transition states in
which the anomeric centre becomes sp2 hybridised and partial
positive charge accumulates, primarily across the endocyclic
O5�C1 bond. For pyranosides, such a species demands planari-
ty of C5, O5, C1 and C2 at or near the transition state; a situa-
tion accommodated only by the 4H3 and


3H4 (half-chair) confor-
mations (or their closely related envelope forms) and 2,5B and
B2,5 boats. Initial assumptions that all glycosidases harness 4H3


conformations are incorrect; indeed, the utilisation of different
transition states for the hydrolysis of glycosides is an emerging
theme in glycobiology (Scheme 1)[3] and one that suggests a
route for specific enzyme inhibition. Isofagomine lactam (1)
displays an “in-plane” carbonyl at C2 and is,
not surprisingly, a reasonable b-glucosidase
inhibitor, with family GH1 b-glucosidases
from Thermotoga maritima (TmGH1) and
sweet almond inhibited with Ki values of
130 nm (this work, Figure 1) and 29 mm,[4] re-
spectively. Compound 1 has previously been
shown to be an equally potent b-mannosi-
dase inhibitor,[4] with the snail b-mannosi-
dase inhibited with a Ki of 9 mm ; this is superficially extremely
counter-intuitive. Here, such Ki values for mannosidases are ra-
tionalised through structural analysis of 1 in complex with
both an exo b-mannanase/b-mannosidase and a b-glucosidase.
This work strongly supports previous proposals that b-manno-
sidases utilise a novel conformational itinerary, featuring a B2,5
transition state. The ground-state axial O2 of mannose is thus
pseudo-equatorial at the transition state in a way that should
be harnessed in future generations of mannosidase inhibitors.
Recently we described the conformational agenda of a re-


taining GH26 b-mannanase.[6] Trapping of the 1S5 conformation
for the “Michaelis” complex of unhydrolysed substrate, togeth-
er with the OS2 conformation for the covalent intermediate,
suggested a novel conformational itinerary for these enzymes
through a B2,5 transition state consistent with earlier proposals,
notably by Sinnott[11] and Horton.[12] Glycoside hydrolases thus
appear to be harnessing the full conformational itinerary in a
way that is both enzyme and substrate dependent (this was
recently reviewed in the context of inhibition by Vasella and
colleagues).[13] Conformational considerations suggest that re-
taining mannosidase transition-state mimics should thus fea-
ture the pseudo-equatorial O2 of the B2,5 conformation of
mannose.
Isofagomine lactam 1, synthesised by both Stick[14] and


Bols,[4] contains an in-plane carbonyl at C2. In elegant work,
Bols reports a Ki of 9 mm for the snail b-mannosidase;[4] this in-
spired us to study the three-dimensional structures of 1 bound
to both TmGH1 and a Cellvibrio mixtus exo b-mannanase
(CmMan5,[15] which is totally specific for manno-configured
substrates). “Dual” inhibition of b-glucosidases and b-mannosi-
dases has also been reported for the hydropyridazone com-
pounds, which show similarity to isofagomine lactam, as dis-
cussed below.[16] The three-dimensional structures of TmGH1
and CmMan5 in complex with 1 were determined by X-ray
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crystallography to resolutions of 2.0 and 1.7 F, respectively,
Figure 2a, b.
Both TmGH1 and CmMan5 are members of glycoside hydro-


lase “clan GH-A” and possess similar glycone (�1) subsites. In
TmGH1, 1 adopts its energetically favoured 4H5 conformation
as independently observed for the xylobiose-derived isofago-
mine lactam bound to two endoxylanases.[17,18] Such a confor-


mation allows close interactions of O2 with Asn165 (2.9 F to
Nd2) and the nucleophile (2.6 F to Oe1). In CmMan5, 1 is dis-
torted away from its favoured 4H5 conformation towards the
B2,5 conformation; C3, C4, N1 and C7 (equivalent to the O5 of
mannose) form a reference plane with C5 and C2 lying 0.72
and 0.18 F below this plane, respectively. Whilst interpretation
of the conformation of 1 should clearly be considered with


Scheme 1. Pyranoside ring interconversion pathways. Potential transition states are shown in shadowed boxes, whilst relevant conformations observed “on-
enzyme” in X-ray crystal structures are indicated in bold.[5, 7–10] The proposed pathway for the hydrolysis of b-mannosides is shown boxed.


Figure 1. Ki determinations for 1 bound to a) TmGH1 and b) CmMan5.


Figure 2. Observed electron density (maximum likelihood/sA weighted 2Fobs�
Fcalc synthesis contoured at 1s) for the binding of isofagomine lactam (1) to
family 1 and 5 glycoside hydrolases. a) Binding of 1 to the Thermotoga mariti-
ma b-glucosidase TmGH. b) Binding of 1 to the Cellvibrio mixtus b-mannosi-
dase CmMan5. The ligand is shown along with the catalytic nucleophile and
an asparagine conserved in this “clan” of enzymes. c) Overlap of TmGH1 (grey)
and CmMan5 (yellow) in complex with 1; the primary residue interacting with
O3 is shown.
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caution (the glycone subsites of CmMan5 cannot be harnessed
by 1, hence it displays a Ki value of ~400 mm[19] (Figure 1b),
binding that is some 50 times weaker than that observed on a
classical b-mannosidase[4]), it is extremely significant that a
“glucose-like” piperidin-2-one, such as 1, is able to inhibit en-
zymes that are totally specific for manno-configured substrates.
The “in-plane” carbonyl of 1 permits the same close interaction
of the nucleophile with O2 for b-mannosides (Scheme 2 and


Figure 2b) as is well described for b-glucosidases and which, in
the latter case, is believed to contribute significantly to cataly-
sis.[20] Vasella and colleagues had previously postulated that
the dual inhibition of b-mannosidases and b-glucosidases by
the related di- and tetrahydropyridazinones might reflect an in-
teraction between the carbonyl of the lactam moiety and the
catalytic acid.[16] Such an interaction has not, so far, been ob-
served in any of the relevant structures determined to date,
and we would propose that the dual inhibition is related to
the structure of the transition-state (either B2,5 and 4H3 ;
Scheme 2) and not an adventitious interaction with the catalyt-
ic acid.
Intriguingly, the overlap of the two structures shows that


the most significant difference between the two potential con-
formational pathways is not at the 2-position, where O2 is
pseudo-equatorial, but at the O3 position, which is pseudo-
axial in the B2,5 conformation (Figure 2c). In this context, the
observations by Davis and colleagues that disruption of the 3-
position interactions of a Sulfolobus family GH1 b-glucosidase
changed its preference at the 2-position for manno versus
gluco-configured substrates by a factor of 15 is extremely im-
portant.[21] Indeed, one may tentatively propose that the posi-
tion of the residue interacting at the 3-position, His121 in
TmGH1 and Trp137 in CmMan5 (Figure 2c), is a good predictor
of transition-state conformation.
The B2,5 and


3H4 conformations now predicted for enzymatic
b-mannoside hydrolysis alleviate the cis 1,2 interaction of man-
nose that bedevils synthetic chemistry, by placing O2 pseudo-
equatorially at the transition state.[22] Intriguingly, the B2,5 con-
formation is also that favoured by many manno-configured


monosaccharide derivatives bearing an sp2 anomeric centre.[12]


Given the therapeutic potential for specific inhibition of vari-
ous glycosidases, the harnessing of the diverse transition
states by different enzymes is evolving into an area of huge
potential. It is clear that future generations of inhibitor will
either feature restraint into the appropriate conformation or
tolerate conformational flexibility at low energetic cost. For the
medically important endoplasmic reticulum/Golgi enzymes,


the conformationally locked
compound kifunensine (1C4 con-
formation and specific for 3H4


transition state inverting a-man-
nosidases) is a flagship example
of what may be achieved if con-
formational insight is harnessed
for enzyme inhibition.[9] Recent
observations of mannosidase in-
hibition by cyclic amidines re-
vealed significantly better inhibi-
tion for compounds that likely
favour the B2,5 conformation;[23]


this further demonstrates the
practical exploitation of the
structural principles described
here. In this context, it will be
important to observe the on-
enzyme conformations and the


role of O2 in the chemically diverse tight-binding mannosidase
inhibitors synthesised by the Vasella group, with recent potent
examples including isoquinuclidines[24,25] and tetrahydroimid-
azopyridines.[26]


Experimental Section


Enzyme kinetics and inhibition : Kinetic studies on TmGH1 were
conducted by monitoring the change in UV/visible absorbance
with a Cintra 10 spectrophotometer, equipped with a Thermocell
Peltier power supply. All experiments were performed at 37 8C,
with a 5 min equilibration period for each sample prior to addition
of TmGH1. TmGH1 activity was measured by using between 0.03
and 2 mm of 2,4-dinitrophenyl b-d-glucopyranoside as substrate
and between 0 and 200 nm of 1. All reactions were carried out in
sodium citrate buffer (50 mm, pH 5.8) that contained BSA
(1 mgmL�1), in a total volume of 1 mL. The reaction was initiated
by addition of TmGH1 (10 mL) at a final concentration of 7 nm. 2,4-
Dinitrophenolate release was monitored continuously at 400 nm
for 300 s. Data for each inhibitor concentration were fitted to the
Michaelis–Menten equation by using GraFit 5.0 (Erithacus Software
Ltd, Horley UK) to obtain KM and Vmax values. The apparent KM
values at different inhibitor concentrations were plotted against
the inhibitor concentration; the �Ki was taken as the value at
which the best-fit line crossed the x axis.


CmMan5 was assayed in a 100 mL reaction volume consisting of
sodium phosphate buffer (50 mm, pH 7.0) containing BSA
(1 mgmL�1) and the substrate 4-methylumbelliferyl b-d-mannopyr-
anoside (5 mm). The reactions were initiated by the addition of
enzyme to a final concentration of 200 nm and incubated for 4 h
at 37 8C. At regular time intervals, 20 mL aliquots were withdrawn,
and the pH was adjusted to 10.4 by the addition of glycine/NaOH


Scheme 2. Different transition states for the enzymatic glucoside and mannoside hydrolyses allow inhibition by glu-
cose-like lactams with “in-plane” carbonyl substituents at C2. The protonation state of the nucleophile shown for the
complex with 1 is that determined experimentally from the 1.1 N structure of the xylobio derivative of 1.[18]
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buffer (2 mL, 50 mm). The fluorescent product, 4-methylumbelli-
fereone, was measured in a Shimadzu RF-150 L spectrofluoropho-
tometer at 365 nm (excitation) and 460 nm (emission). As the con-
centration of substrate is approximately tenfold lower than the KM,
the reaction rate/substrate concentration gives the value of kcat/KM.
Compound 1 was added to the enzyme reactions at concentra-
tions between 100 mm and 1 mm ; the �Ki was taken as the value
where the best-fit line of the plot of KM/kcat against inhibitor con-
centration crossed the x axis.


X-ray structure determination : Crystals of CmMan5, prepared as
in ref. [15] , were incubated for 30 min with powdered 1. Data, to
1.7 F, were collected on beamline ID29 at the European Synchro-
tron Radiation Facility, and the structure was refined as described
for the native enzyme.[15] Crystals of TmGH1 were likewise soaked,
and data were collected on beamline ID14-EH4 at the ESRF and re-
fined as for the native enzyme.[27] All data were processed with the
HKL suite.[28] Structures were refined with REFMAC,[29] and all other
crystallographic computing used the CCP4 suite,[30] unless other-
wise stated. Figures were prepared by using BOBSCRIPT[31] and
MOLSCRIPT.[32]


Data files have been deposited at the Protein Data Base
(www.pdb.org) with accession codes 1uz1 (TmGH1) and 1uz4
(CmMan5).
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